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Summary 
The complexity of eukaryotic cells is facilitated by the energetic capacity provided by 

mitochondria. In cells with high energy demands such as those in cardiac tissue the cells require 

efficiently functioning mitochondria and metabolic substrates to meet their energy needs. To 

maintain a pool of efficiently functioning mitochondria mitophagy, a form for selective 

autophagy, allows cells to remove dysfunctional and excess mitochondria. Individual 

mitochondria can also release mitochondrial derived vesicles as a housekeeping mechanism to 

clear damaged mitochondrial components. The metabolic substrate preferentially utilized by 

cardiac mitochondria to meet the energy needs of their host cell is fatty acids, which cells store 

within cytosolic lipid droplets and transfer to mitochondria in a controlled manner. 

In paper I, mitophagy was investigated in H9c2 cardiomyoblasts expressing a stable mCherry-

EGFP-SYNJ2B-TM double-tag mitochondrial reporter. The pH-sensitive mitochondrial 

reporter allowed detection of lysosomal mitochondrial degradation. This was exploited to 

assess the level of mitophagy under basal growth conditions and in response to elevated 

mitochondrial respiration (OXPHOS) induced by galactose adaptation. OXPHOS induction 

resulted in a higher level of lysosomal degradation of mitochondria. Results from super-

resolution imaging and correlative light and electron microscopy (CLEM) revealed 

mitochondrial fragments or remnants within lysosomes. Both canonical and alternative 

autophagy mediators were involved in OXPHOS induced mitophagy. 

In paper II, mitochondrial derived vesicles (MDVs) were visualized through utilization of the 

advanced optical super-resolution technique three-dimensional structured illumination 

microscopy in the H9c2 cardiomyoblasts expressing a fluorescent outer mitochondrial 

membrane reporter. Ranging in size from 70 to 150 nm, these small vesicles were imaged in 

live and fixed cells, with live cell microscopy capturing the high-speed movements of the small 

vesicles and the formation of dynamic mitochondrial tubules. Quantifications were also 

performed, displaying an increase in mitochondrial derived vesicles in galactose adapted cells. 

In paper III, lipid droplet accumulation, turnover, and crosstalk with mitochondria was 

visualized and assessed. Two cell models, rat H9c2 cardiomyoblasts and human inducible 

pluripotent stem cell derived cardiomyocytes were utilized and treated with excess fatty acids. 

Galactose adaption resulted in decreased accumulation of lipid droplets. Lipid droplet turnover 

and mitochondrial crosstalk was investigated under basal growth conditions.
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Introduction 
The high energy demand placed on cardiomyocytes in cardiac tissue requires efficiently 

functioning mitochondria, whose quality is maintained by multiple quality control mechanisms. 

The continued function of these mechanisms allows the heart to sustain efficient contractions 

and our lives to continue without disruption. The preferred substrates consumed by the heart 

for this ceaseless beating are fatty acids, converted to energy by the mitochondria. Fatty acids 

can be stored within cells in lipid droplets and the role of lipid droplets in heart function has 

not been fully characterized. This thesis explores mitochondrial quality control mechanisms 

and mitochondria-lipid droplet interplay in cardiac cell models. The different topics covered 

below serve as a framework for the papers included in the thesis. 

 

1 Mitochondria 
For most eukaryotic cells the mitochondria are crucial subcellular organelles, with their main 

prominent role being energy production in the form of adenosine triphosphate (ATP). They also 

take part in multiple other cellular functions, such as reactive oxygen species (ROS) production, 

signaling, calcium homeostasis, thermogenesis, synthesis of different metabolites and 

programed cell death (apoptosis) (Bowser et al., 1998; McBride et al., 2006; Ricquier, 2006). 

The study of many of these processes are at the cutting edge of modern science with hopes that 

deeper understanding will allow for medical breakthroughs. The origin of mitochondria 

according to the theory of endosymbiosis was a critical step for the development of eukaryotic 

cells, with heterotrophic anaerobes consuming and forming a symbiotic relationship with 

aerobic prokaryotic microbes (protomitochondria) (Sagan, 1967; Wallin, 1927). This is 

supported by the existence of mitochondrial DNA (mtDNA) within mitochondria capable of 

replicating, transcribing, and translating encoded molecules (Wang et al., 2021). The selective 

pressure that favored this union is presumed to be the atmospheric transition that occurred early 

in the history of Earth, the new highly oxidizing environment being favorable to organisms with 

respiratory capacity (Castresana & Saraste, 1995; Lyons et al., 2014). With such a critical role 

in the function and theorized development of eukaryotic cells it is no wonder that mitochondria 

as organelles are of intense interest. The scientific interest in these organelles now spans more 

than 165 years, from the initial discovery in 1857 by Swiss physiologist Rudolf Albrecht von 

Kölliker who labeled them as “sarcosomes”. Then in 1890 Richard Altmann proposed in a 
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transformative early histological description that they were intracellular parasites with 

metabolic and genetic functions in the cell and named them “bioblasts”. Finally in 1898 the 

term “mitochondrion” was coined by Carl Brenda from the Greek term for thread “mitos” and 

granule “khondros”, the plural term being “mitochondria” (Nair et al., 2022; O'Rourke, 2010). 

The interest in this fascinating organelle has only increased since then alongside our 

understanding of its importance. Furthermore, the development of new imaging techniques has 

revealed the highly dynamic nature of mitochondria and provided detailed structural 

information. 

 

1.1 Mitochondrial structure 
Mitochondria are separated from the cytosol by two phospholipid membranes called the outer 

mitochondrial membrane (OMM) and the inner mitochondrial membrane (IMM), which 

separate the interior of the mitochondria into compartments known as the matrix and the 

intermembrane space (IMS) (Figure 1A). The OMM, separated by the IMS, encapsulates the 

IMM and serves to isolate the workings of the mitochondria from the cytosol. The OMM of a 

mitochondrion can engage in direct contact interactions with other organelles in the cell 

including the endoplasmic reticulum (ER), lipid droplets, lysosomes, and other mitochondria 

(Audano et al., 2020; Ma et al., 2021). These contacts are facilitated by the motility granted 

mitochondria through their interactions with the motor proteins on microtubules and actin 

filaments of the cellular cytoskeleton (Kruppa & Buss, 2021; Moore & Holzbaur, 2018). The 

OMM does not have a maintained membrane potential (see below) relative to the cytosol and 

its pore-forming membrane proteins (porins) allow for free traversal of ions and small 

uncharged molecules. Larger molecules such as proteins are imported through the OMM by 

special translocases. The IMM on the other hand works as a tight diffusion barrier, preventing 

the passage of all ions and molecules, except by the utilization of selective membrane transport 

proteins that only allow the passage of a particular ion or molecule. The ion selectivity of the 

IMM allows for its electrochemical membrane potential. It is the process of oxidative 

phosphorylation (OXPHOS) taking place at the IMM through membrane bound complexes that 

creates the electrochemical gradient between the matrix and IMS, which is utilized for the 

synthesis of ATP (Kuhlbrandt, 2015).  
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Figure 1: Overview of the structure of mitochondria. (A) An illustration of a mitochondrion with mitochondrial 

compartments indicated. (B) A schematic overview of the structure of mitochondrial cristae. Cristae junctions 

function as boundaries for the cristae. The invagination of the IMM into cristae greatly increase the IMM surface 

area and is important for the mitochondrial production of ATP through the electron transport chain (ETC). ETC 

complexes I-IV as well as complex V (ATP synthase) are indicated. Abbreviations: Inner boundary membrane 

(IBM); Inner mitochondrial membrane (IMM); Intermembrane space (IMS); Outer mitochondrial membrane 

(OMM). Image created with BioRender.com. 

The IMM is organized into two morphologically distinct domains, the first of these domains is 

the inner boundary membrane (IBM) which is juxtaposed to the OMM creating the IMS, a ~20 

nm gap between the membranes (Kuhlbrandt, 2015; Perkins et al., 1997). The IMS contains 

only 5% of the mitochondrial proteome but possesses the greatest variety of mechanisms for 

protein import. Mitochondrial proteins are imported into the organelle with numerous and 

varied protein translocases and import complexes that guide each protein to its intended 

compartment in a process governed by internal targeting sequences. Due to 99% of 

mitochondrial proteins being nuclear-encoded their import is crucial for mitochondrial function 

(Edwards et al., 2021; Rath et al., 2021). 

The second IMM domain is the cristae, which is the name for the invaginations of the IMM 

connected to the IBM by narrow, tubular structures known as crista junctions (Figure 1B). The 

crista junctions function as diffusion barriers for membrane and soluble proteins, metabolites 

and even for protons (Kondadi et al., 2020). The junctions serve as a boundary for the cristae 

lumen and are important for the cristae-bound biochemical process of ATP production (Raven, 
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2021). The cristae take the form of multiple invaginations into the mitochondrial matrix with 

tubular or lamellar forms and account for most of the surface area of the IMM (Kuhlbrandt, 

2015). It is within the cristae that the vast majority of electron transport chain (ETC) protein 

complexes necessary for ATP synthesis in the IMM operate. The cristae were for many years 

thought to be mostly static structures, only observed in a fixed state through electron 

microscopy (EM) (Gilkerson et al., 2003; Vogel et al., 2006). Recently, advanced super-

resolution techniques have enabled demonstrating the highly dynamic nature of cristae and their 

ability to remodel on a timescale of seconds (Huang et al., 2018). These advances are promising 

for the continued study of the modulation of mitochondrial structure to meet the functional 

needs of various cell types with vastly different metabolic needs (Glancy et al., 2020). 

The innermost compartment of the mitochondria, located within the confines of the IMM is the 

mitochondrial matrix. This is where the mitochondria perform their mitochondrial DNA 

replication, transcription, protein biosynthesis and a multitude of different enzymatic reactions. 

The pH of the mitochondrial matrix is higher than in the cytosol, between 7.9 to 8, constituting 

the trans-membrane electrochemical gradient necessary for ATP synthesis and the uptake of 

ions and metabolites into the matrix (Llopis et al., 1998; Zorova et al., 2018).  

 

1.1.1 Electron transport chain (ETC) 
The ETC consists of the transmembrane protein complexes I-IV and the two freely mobile 

electron transporters ubiquinone and cytochrome c. In conjunction with complex V, also known 

as ATP synthase, the ETC is responsible for mitochondrial energy production in the form of 

ATP generation by OXPHOS of tricarboxylic acid (TCA) cycle intermediates (Figure 2). 

Within the ETC there are two substrate specific pathways for electron transport that are 

supported by the TCA cycle, with NADH processed by complex I/III/IV and succinate 

processed by complex II/III/IV. The electron transport of these pathways is used to generate 

the proton gradient of the IMM that is utilized by ATP synthase (complex V) to produce ATP 

(Nolfi-Donegan et al., 2020; Zhao et al., 2019). 
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Figure 2: Schematic overview of the electron transport chain (ETC) of the mitochondria. The electron (e-) 

flow used to pump protons (H+) for ATP production is initiated by either NADH binding complex I or succinate 

binding complex II. The proton gradient created by pumping protons out of the matrix is exploited by ATP 

synthase to produce ATP. Image created with biorender.com. 

The activity of the ETC produces mitochondrial ROS as a byproduct. The primary source of 

cellular ROS is the mitochondria, with a small portion of electrons passing through the ETC 

leaking out and interacting with oxygen to produce ROS instead of completing the electron 

transfer of the ETC (Turrens, 2003; Zhao et al., 2019). Excessive ROS can have detrimental 

cellular effects, but ROS can also function as an important second messenger which participates 

in multiple different intracellular pathways (Brand, 2016; D'Autreaux & Toledano, 2007). In 

its role as a signaling molecule, ROS is important in the process of hypoxia adaption, cell 

proliferation, and cell fate determination. ROS is beneficial or damaging to the cellular 

environment dependent on the amount generated (Zhao et al., 2019). Excessive levels of ROS 

can cause irreversible mitochondrial impairment, disruption of ATP generation, DNA damage, 

protein oxidation, lipid peroxidation, and may ultimately lead to cell death through apoptosis 

(Orrenius et al., 2007). Given the crucial role of the ETC for cells, especially those with high 

energy needs, it is important that the necessary metabolic compounds are available for this 

process to operate. 
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1.1.2 Metabolic pathways 
The metabolic substrates that can be processed as carbon sources by cells to take part in the 

TCA cycle are carbohydrates, fatty acids, and amino acids. Through their conversion into 

intermediate metabolites these metabolic substrates are incorporated into the TCA cycle where 

carbon molecules are oxidized into CO2 and water to produce energy through the ETC. Most 

metabolites incorporate into the TCA cycle through acetyl coenzyme A (Acetyl-CoA) via 

specific pathways (Bagheri et al., 2020). The metabolic processing of carbohydrates for the 

TCA cycle involves the process of glycolysis in the cytosol to convert glucose into pyruvate, 

which is then subsequently imported into the mitochondrial matrix where it is converted to 

Acetyl-CoA (Arnold & Finley, 2023; Chandel, 2021b). Another carbohydrate, galactose, can 

also be converted into pyruvate through glycolysis, but must first be converted into the 

glycolysis intermediary glucose 1-phosphate through the Leloir pathway (Frey, 1996; Williams, 

2003). A key difference between these two carbohydrates is that the production of pyruvate 

through glycolysis with glucose results in 2 net ATP being generated, while producing pyruvate 

through glycolysis with galactose results in no net ATP generation. This lack of ATP generation 

through pyruvate production with galactose adapted cells forces a heavier reliance on OXPHOS 

for energy production (Aguer et al., 2011). Galactose conversion to glucose 6-phosphate 

through the Leloir pathway is however performed at a slower rate compared to the conversion 

of glucose into glucose 6-phosphate. Another restriction on galactose as an energy source is 

that when galactose is used to replace glucose in proliferating cells the galactose will 

preferentially be used for the Pentose Phosphate Pathway (PPP) to provide ribose 5-phosphate 

which is important for cell proliferation (Chandel, 2021a). Thus, the cells instead gain ATP 

through OXPHOS of other metabolic substrates such as fatty acids and amino acids. For fatty 

acids to take part in the TCA cycle they must be imported into the mitochondria as long-chain 

fatty acids through the mitochondrial carnitine system. This process involves carnitine 

palmitoyltransferase I (CPT I) located in the OMM, carnitine-acylcarnitine translocase on the 

IMM, and carnitine palmitoyltransferase II (CPT II) located on the matrix side of the IMM and 

results in long-chain fatty acyl-CoA entering the matrix (Kerner & Hoppel, 2000). Upon β-

oxidation, these long-chain fatty acyl-CoA are metabolized in multiple stages with each stage 

producing an acetyl-CoA which can then take part in the TCA cycle (Adeva-Andany et al., 

2019). The metabolism of amino acids for the TCA cycle requires the catabolism of glutamine 

to produce glutamate, which can subsequently become α-ketoglutarate, a key intermediate in 

the TCA cycle (Wu et al., 2016). 
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Figure 3: Overview of mitochondrial metabolic pathways. Through their involvement in the production of ATP 

and molecular biosynthesis, the metabolic pathways of mitochondria have a crucial role in cellular metabolism. 

Within mitochondria electrons are directed to the ETC (complex I-IV) through oxidation of pyruvate, fatty acids, 

and amino acids (glutamine). The placement of illustrated ETC components is not representative of their actual 

localization in mitochondria. Abbreviations: Carnitine palmitoyltransferase I, II (CPT1, CPT2), Cytochrome c 

(CytC), Flavin adenine dinucleotide (FADH), Nicotinamide adenine dinucleotide (NADH), and Uncoupling 

proteins (UCPs). Figure adapted from (Bagheri et al., 2020) using BioRender. Used with permission according to 

Creative Commons Attribution 4.0 International License (http://creativecommons.org/licenses/by/4.0/). 

In addition to its role in generating energy for the cell through ATP production, the TCA cycle 

serves an important role in biosynthesis with several of its intermediate products serving as 

critical precursors for macromolecule biosynthesis. An example of this is α-ketoglutarate which 

can be converted to glutamate and diverted from the TCA cycle to take part in synthesis of 

amino acids and nucleotides (Arnold & Finley, 2023). To meet their metabolic needs, cells 

require a carbon source, both as an energy source and for biosynthesis (Kurniawan et al., 2021). 

Cultured mammalian cells often utilize glucose as their primary carbon source, and this causes 

many cell lines to become highly glycolytic and less reliant on OXPHOS for energy production. 

Using galactose as a primary carbon source forces cells to rely on OXPHOS for energy 

production. Increasing mitochondrial activity by OXPHOS induction enhances their 

http://creativecommons.org/licenses/by/4.0/
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susceptibility to damage and facilitates the study of mitochondrial dysfunction (Aguer et al., 

2011; Hossler et al., 2017). 

 

2 Mitochondrial quality control 
The crucial nature of mitochondria for the health of the individual cell and organism has 

resulted in the evolution of interconnected quality control mechanisms that ensure their function 

(Figure 4). For mitochondria there are three mechanisms that serve as protein quality control 

checkpoints (Figure 4, A-C); the ubiquitin (Ub)-proteasome system (UPS), precursor-

associated degradation, and the mitochondrial proteases. The mitochondria can also initiate a 

nuclear transcriptional response (Figure 4, D) through the signaling cascade of the 

mitochondrial unfolded protein response (UPR) which induces chaperone and protease gene 

expression to reduce the mitochondrial protein burden in response to accumulation of aberrant 

proteins. The mitochondrial organellar quality control checkpoints (Figure 4, E-G) encompass 

mitochondrial fusion/fission, mitophagy, and mitochondria derived vesicles (Ng et al., 2021). 
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Figure 4: Mitochondrial protein and organelle quality control mechanisms. (A) The Ubiquitin proteosome 

system (UPS) uses E3 ubiquitin ligases (such as MARCH5) to conjugate mitochondrial proteins with polyubiquitin 

chains (purple) that target those to degradation by the proteasome. (B) Aberrant proteins on the OMM are removed 

and delivered for proteasomal degradation. (C) The proteases of the mitochondria are involved in regulatory 

functions and quality control within the mitochondrial compartments. (D) Transcription factors, such as ATFS-1, 

can be activated by mitochondrial UPR as a response to mitochondrial stress for the induction of chaperone and 

protease gene expression. (E) Fusion and fission (green dots) events regulate mitochondrial morphology. (F) The 

process of mitophagy involves engulfment of mitochondrial fragments targeted for degradation into 

autophagosomes which subsequently fuse with lysosomes to degrade their cargo. (G) Mitochondria derived 

vesicles can form from the OMM, or the OMM and IMM, and contain selected mitochondrial cargo targeted to 

lysosomes for degradation or to other organelles for different purposes. Abbreviations: Stress activated 

transcription factor atfs-1 (ATFS-1). Adapted from (Ng et al., 2021) with permission. 

Due to the importance of mitochondrial quality control mechanisms for maintaining a healthy 

pool of mitochondria there can be severe consequences for the organism when these 

mechanisms are dysfunctional. The focus below will be on the organellar quality control 

checkpoints, with the primary focus on mitophagy.  
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2.1 Regulation of mitochondrial morphology 
The morphology of mitochondria is highly dynamic and varies greatly between different cell 

types, reflecting the metabolic demands of the cell type or tissue. The inter-connected nature of 

the functions and dynamics of mitochondria is reflected by morphology changes resulting from 

activity such as ongoing mitochondrial respiration or the induction of apoptosis. The effects of 

mitochondrial dynamics play an important role in the ability of cells to respond and adapt to 

physiological changes (Serasinghe & Chipuk, 2017; Vafai & Mootha, 2012). Changes in 

mitochondrial morphology occur when there is a shift in the balance between the two highly 

regulated and opposing processes of mitochondrial fission and fusion (Figure 5A). Fission 

refers to a process where a mitochondrion is divided into two mitochondria, and fusion 

implicates two mitochondria merging to form a single mitochondrion. These two processes and 

the ability of mitochondria to move throughout the cell is collectively referred to as 

mitochondrial dynamics (Serasinghe & Chipuk, 2017). The dynamic nature of mitochondrial 

morphology is further highlighted by another means of mitochondria-to-mitochondria 

communication called mitochondrial nanotunnels. These thin tubular structures have a diameter 

between 40 and 200 nm and can extend in length up to 30 µm from a mitochondrion, allowing 

connections to be formed with other mitochondria. The process involves both the IMM and 

OMM and contributes to the transfer of mitochondrial matrix contents (Lavorato et al., 2017; 

Vincent et al., 2017). Interestingly, dynamic mitochondrial tubules with similarities to 

nanotunnels have been reported in several cell lines (Qin et al., 2020; Wang et al., 2015). 

Fusion and fission events also allow for the exchange and mixing of both mtDNA and 

mitochondrial proteins. Removal of damaged mitochondria components through degradation 

by mitophagy (see below) is often preceded by fission of the damaged components from the 

rest of the mitochondria network. The biogenesis of mitochondria, as well as their distribution 

to daughter cells when cells undergo cell division, is also tied to mitochondrial fission. 

Abnormalities and disruptions to the coordination of mitochondrial dynamics can negatively 

affect cellular functions and stress responses and act as a key element in the manifestation of 

diseases such as cancer, cardiomyopathies, metabolic disorders and neuro-degenerative 

diseases (Serasinghe & Chipuk, 2017). 
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2.1.1 Fusion 
The process of mitochondrial fusion is coordinated by the three large dynamin-related GTPases, 

termed mitofusin 1 (Mfn1), mitofusin 2 (Mfn2) and optic atrophy 1 (OPA1) (Figure 5B). 

Mitochondrial fusion proceeds through the activation of these proteins in three stages (Yu et 

al., 2020). The first stage of this process is the tethering of two mitochondria with guanosine 

triphosphate (GTP) hydrolysis acting as the driving force of the conformational change that 

brings the two membranes into contact. Cycles of GTP hydrolysis induce positioning of a linear 

arrangement of proteins referred to as a docking ring around the contact point where the OMM 

of the two mitochondria meet. During the second stage the two membranes are fused together 

from the periphery of their contact point, triggered by further GTP hydrolysis of Mfn1/Mfn2 

(Brandt et al., 2016). In the final stage, fusion of the IMM is mediated by OPA1 (Yu et al., 

2020). Cells suffering from a deficiency or loss of fusion proteins have increased mitochondrial 

fragmentation (Ichishita et al., 2008). 

 

2.1.2 Fission 
The process of mitochondrial fission can be divided into two types, midzone and periphery, 

with distinct functions and molecular machineries for each. Midzone fission, where a fission 

event occurs in the middle of a mitochondrion which is defined as corresponding to a central 

point within 50% of its total length, is associated with mitochondrial proliferation. Conversely, 

periphery fission is a fission event that occurs at a point that is less than 25% by length from 

the tip of a mitochondrion and is associated with mitochondrial degradation. Both types of 

fission are mediated by dynamin-related protein 1 (DRP1) (Kleele et al., 2021). DRP1 

recruitment to the mitochondria is aided by the mitochondria-bound proteins mitochondrial 

fission factor (MFF) and mitochondrial dynamics protein 49 and 51 kDa (MiD49 and MiD51, 

respectively), some of which have overlapping functions (Loson et al., 2013). The specific 

mechanisms determining if a mitochondrial fission event will be midzone or periphery are not 

fully known but there are distinct differences. Midzone mitochondrial fission in the human 

osteosarcoma cell line (U2OS) begins with the fission site having contacts with the ER and 

coordinated actin polymerization (Korobova et al., 2013), the location where this occurs is also 

the site of concurrent mtDNA replication in the matrix (Lewis et al., 2016). The recruitment of 

actin filaments at the fission site is linked to DRP1 accumulation (Ji et al., 2015), which begins 

after constriction of the OMM initiates. In African green monkey Cos-7 cells and mouse 
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cardiomyocytes the adaptor protein MFF is primarily associated with midzone mitochondrial 

fission, accumulating at sites for midzone constriction (Kleele et al., 2021).  

In most periphery mitochondrial fission events, before the recruitment of DRP1, an internal 

gradient within the mitochondria forms. There is a decrease in membrane potential and proton 

motive force alongside an increase in ROS and Ca2+ levels constituting the gradient towards 

the tip of the mitochondrion. This is speculated to function as a positioning cue for the fission 

event, allowing labeling of a division site without the mitochondria interacting with other 

organelles. There are also lysosomal contacts with the OMM in the area preceding the fission 

event, but in most cases, there are no ER contacts and no actin polymerization. The OMM 

protein fission mitochondrial 1 (FIS1) appears to play a still elusive regulatory role in periphery 

mitochondrial fission. FIS1 does not accumulate at fission sites but is rather evenly distributed 

on mitochondria, with the smaller daughter mitochondria resulting from periphery fission 

enriched with FIS1 (Kleele et al., 2021). The above findings reveal the complex mechanisms 

and regulatory events involved in mitochondrial fusion and fission events. These intricate 

mechanisms also impact on the degradation of dysfunctional mitochondria by mitophagy. 
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Figure 5: Regulation of mitochondrial morphology. (A) Shifts in the balance between fusion and fission events 

in response to stimuli results in dynamic changes to mitochondrial morphology. (B) Schematic overview of 

mitochondrial fusion. OMM and IMM fusion is mediated by the dynamin-like GTPases MFN1/2 and L-OPA1, 

respectively. Mitochondrial fusion is regulated by ubiquitination, undergoing post-translational modification 

(MARCH5, p97, PARKIN), deubiquitination by USP30, or phosphorylation by PINK1. The mitoproteases OMA1 

and YME1L can also take part in regulation through proteolytic cleavage. OMM fusion is inhibited by FIS1. (C) 

Schematic overview of mitochondrial fission. Where the OMM is in contact with the ER and actin, DRP1 binds 

to MFF or MiD49/51. Downstream of DRP1 the Trans-Golgi network (TGN) completes mitochondrial fission. As 

part of IMM fission TFAM and POLG2 mediate mtDNA replication. OMA1 generates an accumulation of S-

OPA1 which accelerates fission. Abbreviations: mitochondrial fission process 1 (MTP18), DNA polymerase 

gamma 2 accessory subunit (POLG2), valosin containing protein (p97), transcription factor A mitochondrial 

(TFAM), trans-Golgi network (TGN), short isoform OPA1 (S-OPA1), long isoform OPA1 (L-OPA1). Adapted 

from (Ng et al., 2021) with permission. 

 

2.2 Mitophagy 
The process of selective degradation of mitochondria by autophagy is termed mitophagy. It 

serves as the mechanism of mitochondrial quality control where dysfunctional or surplus 

mitochondria undergo lysosomal degradation. Despite the many quality control measures 

available to cells for maintaining the health of their mitochondrial population, the mitochondria 

gradually develop dysfunction (Ashrafi & Schwarz, 2013). Conditions of cellular stress 
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affecting the mitochondria, such as oxidative stress or starvation, increase the prevalence of 

dysfunctional mitochondria (De Gaetano et al., 2021). The initiation of mitophagy is regulated 

with complex mechanisms that designate persistently dysfunctional mitochondria or parts of 

mitochondria to proceed with the process and undergo lysosomal degradation (Ashrafi & 

Schwarz, 2013). Their degradation avoids the accumulation of damaged mitochondria and 

protects the cell from pro-apoptotic signaling (Kubli & Gustafsson, 2012). The components of 

the dysfunctional organelle also get recycled through the acidic hydrolase enzymes of the 

lysosome resulting in e.g. amino acids and fatty acids available for the cell to reuse 

(Kriegenburg et al., 2018). 

Macroautophagy, henceforth referred to simply as autophagy, is a highly conserved cellular 

process that serves to degrade organelles and cellular components in lysosomes and recycles 

their macromolecules. This is accomplished through sequestration by double-membrane 

vesicles called autophagosomes that subsequently deliver their cargo to lysosomes. There are 

various types of autophagy, and autophagy can be categorized as nonselective or selective. 

Nonselective autophagy is an engulfment of random portions of the cytoplasm into 

autophagosomes and their subsequent degradation. Selective autophagy differs in that it targets 

and sequesters a specific cargo, such as a protein complex, an organelle, or an invasive microbe. 

The double membrane sequestering compartment that arises during the engulfment process is 

referred to as a phagophore which then expands and closes into an autophagosome (Jin et al., 

2013). Autophagy serves as a method to relieve various forms for cellular stress and plays a 

key role in many processes, including cellular development and differentiation (Yang & 

Klionsky, 2009).  

The study of autophagy has advanced significantly since Christian de Duve’s 1963 use of the 

term autophagy with its current definition of self-eating damaged or redundant cellular 

components within a cell, eight years after de Duve’s discovery of the lysosome in 1955 

(Klionsky, 2008). Work by Yoshinori Ohsumi and others resulting in the identification of 

autophagy genes in yeast during nitrogen starvation in the 1990s serves as a breakthrough 

(Mizushima et al., 1998; Tsukada & Ohsumi, 1993) that functions as a foundation for autophagy 

research to this day (Mizushima, 2018; Ohsumi, 2014). This breakthrough led to the 

identification of the mammalian counterparts to the yeast autophagy genes, which are now 

known to encode core autophagy machinery. This includes the core autophagy protein 

identified as ATG1 in yeast, with the mammalian ortholog later being identified as unc-51 like 

autophagy activating kinase 1 (ULK1) (Chan et al., 2007). ULK1 forms a complex with 
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ATG13, ATG101 and FAK family-interacting protein of 200 kDa (FIP200), termed the ULK1 

complex (Figure 6A), which plays a central role in initiating the autophagy process and 

integrating signals for starvation-induced autophagy (Jung et al., 2009). Upstream signals are 

transduced by the ULK1 complex from sensors such as mammalian target of rapamycin 

(mTOR) and adenosine monophosphate activated protein kinase (AMPK) to regulate the 

autophagy pathway (Kim et al., 2011). When the ULK1 complex is activated and translocated 

to the phagophore formation sites at the ER it recruits ATG9, a lipid scramblase essential for 

phagophore growth, and the phosphatidylinositol 3-kinase (PtdIns3K) complex (Brier et al., 

2019; van Vliet et al., 2022). The autophagy specific Complex I (C1) variant of the PtdIns3K 

(Figure 6B) consists of kinase subunit vacuolar protein sorting 34 (VPS34), phosphoinositide-

3-kinase regulatory subunit 4 (PIK3R4, also known as VPS15), Beclin-1 and ATG14L. 

PtdIns3K-C1 is involved in the nucleation of the phagophore through inducing production of 

phosphatidylinositol-3-phosphate (PI3P) at the phagophore formation site, which is critical for 

autophagosome biogenesis and maturation (Choi et al., 2018; Mizushima et al., 2011). The 

phagophore membranes are elongated in this process and further formation of the 

autophagosome involves the ATG8 proteins and is dependent on two ubiquitin-like conjugation 

processes. The first involves ATG12-conjugation to ATG5, resulting in the ATG12-

ATG5:ATG16L complex (Figure 6C). The second involves ATG8 conjugation to 

phosphatidylethanolamine (PE) dependent on protease cleavage of ATG8 (Figure 6D and 6E) 

(Choi et al., 2018; Tanida et al., 2004). The ATG8 protein family are ubiquitin-like proteins 

with seven functional ATG8 genes in the human genome further divided into two subfamilies; 

microtubule-associated proteins 1A/1B light chain 3 (LC3) subfamily (LC3A, LC3B, LC3B2, 

LC3C) and the gamma-aminobutyric acid receptor associated protein (GABARAP) subfamily 

(GABARAP, GABARAPL1, and GABARAPL2) (Shpilka et al., 2011). Unlike ubiquitin which 

conjugates to a target protein’s lysine residue, ATG8 proteins conjugate to the membrane lipid 

headgroup of PE. This process, termed ATG8-lipidation, is a major hallmark of the autophagy 

process and has important roles in phagophore elongation and both cargo selection and 

recruitment (Ichimura et al., 2000; Martens & Fracchiolla, 2020). The ATG12-

ATG5:ATG16L1 complex enables conjugation of ATG8 family proteins to PE, incorporating 

them into the growing phagophore membrane (Bento et al., 2016). The ATG8-protein has to 

undergo cleavage by protease (ATG4) to attach to PE and both ATG12-conjugation and ATG8-

processing work in tandem to mediate ATG8 conjugation to PE (Figure 6E) (Tanida et al., 

2004). PE-conjugated LC3 plays a critical role in autophagic membrane expansion and 

lysosomal fusion through its oligomerization and ability to tether membranes (Choi et al., 2018; 
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Nakatogawa et al., 2009). An important member of the autophagy machinery taking part in both 

the ATG12-conjugation and ATG-8 conjugation pathways is ATG7, an E1 activating enzyme 

(Lystad & Simonsen, 2019). Further autophagy-related functions of ATG7 involve membrane 

trafficking events dependent on ATG8 lipidation (Collier et al., 2021). Cargo selection and 

recruitment to autophagosomes involves ubiquitinated substrates being recognized by 

autophagy receptors such as sequestosome 1 (SQSTM1, also known as p62) (Figure 6F) which 

can bind to PE-conjugated LC3. Finally, autophagosome maturation and lysosomal fusion 

involves the Complex II (C2) variant of the PtdIns3K (Figure 6G), which contains VPS34, 

VPS15, Beclin-1, and UV radiation resistance-associated gene product (UVRAG) (Luo et al., 

2020). 
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Figure 6: Overview of autophagosome formation process. (A) The ULK1 complex initiates induction of 

autophagy and activates (B) the PtdIns3K-C1 complex resulting in the formation of the phagophore. The 

elongation and closure of the autophagosome is mediated by the two ubiquitin-like conjugation systems (C-E). 

Cargo selection and recruitment (F) involves autophagy receptors such as p62 that recognize ubiquitinated 

substrates. (G) The PtdIns3K-C2 complex then mediates autophagosome maturation and lysosomal fusion. Post-

translational modifications applied to ATG proteins are also displayed, green for positive regulation of the 

autophagy process and red for inhibition of the autophagy process. Abbreviations for post-translational 

modifications are phosphorylation (P), acetylation (Ac), ubiquitination (Ub), and sumoylation (SUMO). Figure 

adapted from (Luo et al., 2020). Used with permission according to Creative Commons Attribution 4.0 

International License (http://creativecommons.org/licenses/by/4.0/). 

 

The term mitophagy was first defined as a selective form of autophagy targeting mitochondria 

by Lemasters in 2005 (Lemasters, 2005), after first being used in 1998 (Scott & Klionsky, 1998) 

and has since become a research subject of great interest. Its implication in ageing and human 

pathologies, such as neurodegenerative disorders, cardiovascular diseases, and cancer, are the 

reason mitophagy is studied with an eye toward potential long-term advances in medicine. 

Current research focuses on uncovering the specific pathways regulating mitophagy, cell type 

http://creativecommons.org/licenses/by/4.0/


 

18 

variations, potential therapeutic approaches, and the specifics of its initiation under different 

physiological conditions (Chen et al., 2020; Palikaras et al., 2018). 

Based on the physiological context mitophagy can be subdivided into three categories as basal, 

stress-induced, and programmed mitophagy (Palikaras et al., 2018). The first of these, basal 

mitophagy, is the mitophagy cells undergo under normal conditions. It is a continuous process, 

sometimes called mitochondrial housekeeping, that ensures a healthy mitochondrial population 

through the recycling of damaged and old organelles (McWilliams et al., 2016; Sun et al., 

2015). Basal mitophagy will be discussed in greater depth in a separate section below. The 

second category is stress-induced mitophagy, occurring when extracellular stress affects the 

mitochondrial physiology. If this extracellular stress places significant strain on the 

mitochondria to the point where first in line quality control mechanisms are insufficient, the 

induction of stress-induced mitophagy allows for enhanced mitochondrial clearance. This 

enhanced process is crucial for adjusting the cell’s metabolic state to meet external challenges. 

Stress-induced mitophagy is the most studied form of mitophagy. Elevated mitophagy produced 

through induction of cellular stress is a key methodology for studying mitochondria degradation 

and imperative to past and present investigations (Palikaras et al., 2018). Sources of stimuli that 

cause stress-induced mitophagy include oxidative stress, hypoxia, nutrient starvation, and loss 

of mitochondrial membrane potential (Panigrahi et al., 2020). These forms for stimuli can be 

induced through controlled treatments in a laboratory setting. Oxidative stress can be induced 

through a metabolic switch forcing cells to rely on OXPHOS for their ATP production (Allen 

et al., 2013). Oxidative stress will also be induced as a byproduct of other forms of stress such 

as hypoxia, nutrient availability, and changes to mitochondrial membrane potential (Kowalczyk 

et al., 2021). Hypoxia-like conditions can be induced through oxygen deprivation, causing the 

stabilization of the protein hypoxia-inducible factor 1-alpha (HIF1α) which drives the 

transcriptional response for low oxygen adaption. Loss of iron through iron chelator deferiprone 

(DFP) treatment almost abolishes oxygen consumption within 24 hours and stabilizes the 

HIF1α protein through disruption of its degradation (Allen et al., 2013; Bellot et al., 2009; Pugh, 

2016). Nutrient starvation is induced by placing cells in a nutrient deprived environment, 

forcing their reliance on non-selective autophagy as a source of essential amino acids and 

nutrients as well as inducing selective autophagy for damaged or excessive organelles (Ding & 

Yin, 2012). Finally, inducing loss of mitochondrial membrane potential can be done chemically 

with substances such as carbonyl cyanide m-chlorophenyl hydrazine (CCCP) which opens the 

permeability transition pore in the IMM (Miyazono et al., 2018) or Antimycin A which inhibits 
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complex III of the ETC (Hytti et al., 2019). The third category is programmed mitophagy which 

different cell types activate during their development (Palikaras et al., 2018). Examples of this 

include erythrocytes, which completely remove their mitochondria during maturation 

(Sandoval et al., 2008), and the fertilization triggered degradation of sperm-derived 

mitochondria in oocytes (Sato & Sato, 2011). Also cardiomyocyte maturation involves 

programmed mitophagy. During cardiomyocyte maturation, fetal mitochondria using glucose 

as their primary energy source for ATP production are removed by mitophagy and replaced 

with new reformed mitochondria that preferentially use fatty acids for their energy needs. This 

process allows for a functional and morphological transition that enables the cardiomyocytes 

to meet the adult heart’s energy demands (Gong et al., 2015). Programmed mitophagy also 

plays a key part in the metabolic rewiring necessary for induced pluripotent stem cell generation 

by somatic cell reprogramming and subsequent cellular differentiation (Xiang et al., 2017; 

Yang et al., 2022). Advances in human pluripotent stem cell generation and differentiation, 

with their great potential for therapeutic use, have boosted interest in programmed mitophagy 

(Cairns et al., 2020; Krantz et al., 2021; Mostafavi et al., 2021). 

New microscopy assays allow for both in vitro and in vivo visualization of mitophagy by 

different means, facilitating live cell experiments and observations (Kobayashi et al., 2020a; 

Sun et al., 2017). Central to one of these mitophagy assays is mt-Keima, which works by 

utilizing the expression of a pH-dependent dual-excitation ratiometric fluorescence protein 

located to the mitochondrial matrix. The dual-excitation predominantly favors the shorter of its 

two wavelengths at physiological pH and will gradually shift to the longer wavelength when 

exposed to the lower pH of an acidic environment such as within a lysosome. However, due to 

its pH-dependent nature the protein is limited to use in live cells and fresh tissues as an acidic 

environment is required to maintain its longer wavelength state (Sun et al., 2017). Another 

approach is characterized by the application of two tandem fluorescent tags to a target protein, 

with one tag being sensitive and the other insensitive to pH changes. The use of a fused 

enhanced green fluorescent protein (EGFP) and mCherry tag is one method for this, with the 

pH-sensitive EGFP tag being quenched in acidic environments and the mCherry tag remaining 

fluorescent. This enables a clear distinction for the target protein’s localization between acidic 

and non-acidic environments (Hundeshagen et al., 2011; Shaner et al., 2005). The most 

prominent double-tag reporters in use for mitophagy assays are Mito-QC and mt-Rosella, used 

to assess both in vivo and in vitro mitophagy (Fang et al., 2017; Palikaras & Tavernarakis, 2017; 

Rosignol et al., 2020). Mito-QC utilizes the above described mCherry-EGFP model to detect 
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mitochondrial degradation through the expression of a functionally inert mitochondrial 

targeting sequence of the OMM protein FIS1 with a fused fluorescent double-tag (McWilliams 

et al., 2016). Meanwhile, mt-Rosella consists of the pH-insensitive DsRed fused with the pH-

sensitive GFP, locating to the mitochondrial matrix when used with its mitochondrial targeting 

sequence (Kobayashi et al., 2020a). The double-tag reporters are usable with both live and fixed 

cells, giving the approach greatly increased flexibility with experimental planning and 

quantitative imaging (Hobro & Smith, 2017) compared to mt-Keima.  

 

2.2.1 Mitophagy Pathways 
Through multiple signaling cascades activated by different promoting stimuli in distinct cellular 

contexts, mitophagy can be initiated through multiple mechanisms (Palikaras et al., 2017). 

Mitophagy regulatory pathways engage in complex crosstalk to meet the needs of the cell 

encountering different sources of mitochondrial stress (Pickles et al., 2018). Our still limited 

mechanistic knowledge of mitophagy complicates the process of separating distinct pathways. 

However, there exists distinctions by which they may be categorized, with one such distinction 

being if initiation of mitophagy requires the soluble sequestosome-like receptor (SLR) proteins 

or the OMM localized mitophagy receptors (Ganley & Simonsen, 2022). The best characterized 

mitophagy pathway is the SLR-dependent PINK1-PARKIN pathway (Iorio et al., 2021). There 

are however other SLR-dependent pathways that are independent of PINK1-PARKIN which 

will be presented separately below. The SLR-independent pathways will then be presented 

before finally looking at the still largely unknown, ATG8-lipidation independent, alternative 

mitophagy pathway. 

 

2.2.1.1 SLR-dependent mitophagy – PINK1-PARKIN dependent 
In healthy mitochondria PTEN-induced putative kinase 1 (PINK1) is imported and cleaved by 

mitochondrial proteases before undergoing proteasomal degradation (Figure 7A). This process 

is dependent on the membrane potential of the mitochondria, as upon depolarization PINK1 

accumulates on the OMM (Greene et al., 2012; Jin et al., 2010; Yamano & Youle, 2013). The 

PINK1 accumulating on the OMM is in a stabilized form that mediates phosphorylation of 

ubiquitin conjugated to OMM proteins, leading to parkin RBR E3 ubiquitin protein ligase 

(PRKN, also known as PARKIN) recruitment and activation (Figure 7B) (Ganley & Simonsen, 
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2022; Wauer et al., 2015). Polyubiquitylation of OMM proteins is then primarily performed by 

PARKIN, with several other E3 ubiquitin ligases also able to contribute with polyubiquitylation 

of OMM proteins. This includes membrane-associated ring-CH-type finger 5 (MARCHF5) 

which is proposed to assist PARKIN recruitment and activation by performing protein 

ubiquitylation prior to phosphorylation by PINK1 (Koyano et al., 2019). 

Ubiquitylated OMM proteins can then interact with SLR receptors through specific ubiquitin-

binding domains within the SLRs. By binding to ubiquitin and ATG8s the SLRs connect 

polyubiquitylated mitochondria to the phagophore membrane (Ganley & Simonsen, 2022). 

Members of this family of proteins implicated in mitophagy include SQSTM1/p62, calcium-

binding and coiled-coil domain 2 (CALCOCO2; also known as NDP52), and optineurin 

(OPTN) (Dikic & Elazar, 2018). The first of these, p62, has been shown to be involved in 

mitophagy in leukemia cells and macrophages (Nguyen et al., 2019; Zhong et al., 2016). The 

two others, NDP52 and OPTN, are recruited by PINK1 in HeLa cells as autophagy receptors 

for PINK1-PARKIN dependent mitophagy, where they recruit autophagy factors including 

ULK1 (Lazarou et al., 2015). The ability of these SLRs to interact with ATG8 proteins on 

autophagosome membranes is facilitated by their LC3-interacting region (LIR) (Johansen & 

Lamark, 2020). LIR motifs, a conserved feature of the autophagy pathway, are short peptide 

motifs which interact with LC3/GABARAB through hydrophobic interactions (Farnung et al., 

2023). Through phosphorylation of residues surrounding and within the LIR motif their 

interactions can be modulated, as is the case with OPTN which is regulated in this manner by 

ULK1 and TANK-binding kinase 1 (TBK1) for PARKIN-dependent mitophagy (Harding et 

al., 2021). The process of binding to ubiquitylated OMM proteins on damaged mitochondria 

can further modulate autophagy receptors and take part in their recruitment. This includes 

externalized matrix proteins in depolarized mitochondria such as 4-Nitrophenylphosphatase 

domain and non-neuronal SNAP25-like protein homolog 1 (NIPSNAP1) and NIPSNAP2. 

These externalized matrix proteins stabilize on the OMM where they serve as degradation 

signals and are involved in the recruitment of p62 and NDP52 (as well as other SLRs) (Princely 

Abudu et al., 2019). 

For dysfunctional or damaged mitochondria, the coordinated actions of SLRs and ATG8s in 

their complex interactions with mitochondrial membrane proteins and lipids underlie the 

resulting mitophagosome membrane biogenesis around the organelle (Ganley & Simonsen, 

2022). However as shown in HeLa cells by Nguyen in 2016, PINK1-PARKIN dependent 

mitophagy is not vitally dependent on ATG8s for cargo selection and autophagosome 
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formation, although they are needed for fusion between the autophagosome and lysosome 

(Figure 7C). The complete loss of the ATG8s did however result in both a reduction in 

autophagosome formation rate and the resulting autophagosomes were smaller (Nguyen et al., 

2016). Another finding indicates that ATG8s form a ATG8-dependent positive feedback loop 

through their recruitment of the SLRs OPTN and NDP52. By recruiting these SLRs via their 

LIR motifs to growing phagophore membranes in a ubiquitin-independent manner, 

autophagosome growth is increased and it enhances selective autophagy following 

autophagosome initiation. This enhancement is accomplished in part by the SLRs recruiting 

additional ULK1 complexes which further amplify autophagosome biogenesis and mitophagy 

(Padman et al., 2019). Another connection between NDP52 and ULK1 is seen during PINK1-

PARKIN dependent mitophagy where the ULK1 complex has enhanced membrane binding 

triggered through the promotion of FIP200 recruitment to the mitochondrial membrane by 

NDP52 (Shi et al., 2020; Vargas et al., 2019). The SLR’s recruitment of the ULK1 kinase 

complex shows their involvement in de novo biogenesis of phagophore membranes, expanding 

their known roles in autophagy (Ravenhill et al., 2019; Turco et al., 2019; Vargas et al., 2019).  
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Figure 7: Overview of mitophagy pathways. (A) Healthy mitochondria import PINK1, it is cleaved by 

mitochondrial proteases, released to the cytosol, and undergoes proteasomal degradation. (B) SLR-dependent 

PINK1-PARKIN dependent mitophagy. (C) Engulfment of mitochondria in double-membrane autophagosomes 

precede lysosomal fusion and mitochondrial degradation. (D) SLR-independent mitophagy. Abbreviations: WD 

repeat and FYVE domain containing 3 (ALFY), BCL2 interacting protein 3 (BNIP3), BCL2 interacting protein 3 

like (BNIP3L), cardiolipin (CL), FKBP prolyl isomerase 8 (FKBP8), kelch like ECH associated protein 1 

(KEAP1), presenilin associated rhomboid like (PARL), prohibitin 2 (PHB2), ring-box 1 (RBX1). Adapted from 

(Ng et al., 2021) with permission. 

 

2.2.1.2 SLR-dependent mitophagy – PINK1-PARKIN-independent 
SLR-dependent mitophagy appears to have redundancies in the form of several E3 ubiquitin 

ligases with similar function to PARKIN. Included among these is mitochondrial E3 ubiquitin–

protein ligase 1 (MUL1) which is anchored to the OMM and together with PINK1 

synergistically promotes mitophagy (Calle et al., 2022). MUL1 is shown in Drosophila to help 

maintain mitochondrial integrity and quality by suppressing PINK1 or PARKIN loss of 

function mutant-phenotypes and also to be important for the elimination of paternal 

mitochondria in mice (Rojansky et al., 2016; Yun et al., 2014). The ariadne RBR E3 ubiquitin–
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protein ligase 1 (ARIH1) is identified as a trigger for mitophagy in cancer cells and potential 

promoter of therapeutic resistance (Villa et al., 2017). There is also the E3 ubiquitin ligase 

Tumor necrosis factor Receptor-Associated Factor 2 (TRAF2), which in neonatal rat 

cardiomyocytes colocalizes with ubiquitin, the SLR p62, and mitochondria in autophagosomes 

decorated with the ATG8 protein LC3. TRAF2 both colocalizes and interacts with PARKIN, 

and the expression of exogenous TRAF2 can partially restore mitophagy with a PARKIN 

knockdown (KD). In addition, KD of TRAF2 results in accumulation of depolarized 

mitochondria under stress-induction by mitochondrial depolarization agents. Together these 

results indicate that TRAF2 has a role as a mitophagy effector in joint action with PARKIN 

(Yang et al., 2015). HEK-293 cells with mitophagy induction, using the mitochondrial 

fragmentation inducing anti-parasitic compound lactone ivermectin, display two other E3 

ubiquitin ligases involved in PINK1-PARKIN-independent mitophagy, cIAP1 and cIAP2, 

which function with TRAF2 in a pathway involving the SLR OPTN (Zachari et al., 2019). 

There is also the α isoform of tripartite motif-containing protein 5 (TRIM5α) which is involved 

in recruitment of autophagy regulators to damaged mitochondria in mitophagy pathways both 

dependent and independent of PARKIN (Saha et al., 2022). TRIM5α is known to interact with 

the SLR p62 and mitochondria associated ATG8 proteins (Mandell et al., 2014). Together these 

E3 ubiquitin ligases hint at the variety and complexity of SLR-dependent mitophagy pathways. 

 

2.2.1.3 SLR-independent mitophagy 
In response to cellular or environmental sources of stress such as iron depletion or hypoxia, the 

pathways used for initiating mitophagy appear to not rely on SLRs or OMM protein 

ubiquitinylation. These pathways are complex and there remain unknowns in their interplay. 

However, direct interaction between ATG8 proteins of the phagophore membrane and 

mitochondrial proteins containing a LIR motif does appear to be required. These mitochondrial 

proteins function as mitophagy receptors and are normally located on the OMM facing the 

cytosol (Figure 7D) (Ganley & Simonsen, 2022).  

The mitophagy receptors known to take part in SLR-independent mitophagy in humans include 

BCL2 interacting protein 3 (BNIP3) (Quinsay et al., 2010), BCL2 interacting protein 3 like 

(BNIP3L, also known as NIX) (Novak et al., 2010; Sandoval et al., 2008; Schwarten et al., 

2009), FUN14 domain containing 1 (FUNDC1) (Liu et al., 2012), FKBP prolyl isomerase 8 

(FKBP8) (Bhujabal et al., 2017), Bcl-2-like 13 (Bcl2-L-13) (Murakawa et al., 2015), and NLR 
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family member X1 (NLRX1) (Zhang et al., 2019). BNIP3 and BNIP3L are highly homologous 

to each other, and both belong to the Bcl-2 protein family (Wang et al., 2023). BNIP3 is a OMM 

protein which in the absence of cellular-stress signals such as those produced by hypoxia is an 

inactive monomer. For stabilization, BNIP3 undergoes homodimerization (Hanna et al., 2012) 

and the disruption of this dimer formation results in defective mitophagy, indicating it is crucial 

for BNIP3 mediated mitophagy (Chinnadurai et al., 2008; Wang et al., 2023). Regulation of 

BNIP3-mediated mitophagy levels is achieved through stabilization and destabilization of 

BNIP3 through the ubiquitin-proteasome pathway (He et al., 2022; Poole et al., 2021). The 

phosphorylation of specific amino acids enclosing the LIR motif of BNIP3 are essential for its 

binding to ATG8 proteins and positive regulation of mitophagy (Zhu et al., 2013). BNIP3L is 

also a OMM protein, which serves as a mitophagy receptor (Li et al., 2021). It mediates 

mitophagy which can be categorized as programmed mitophagy, including the mitochondrial 

clearance from reticulocytes in their transition to mature erythrocytes (Sandoval et al., 2008; 

Zhang et al., 2012). It is also involved in the differentiation of retinal ganglion cells and the 

induction of pluripotent stem cells through somatic cell reprogramming (Esteban-Martinez & 

Boya, 2018; Esteban-Martinez et al., 2017). Clearance of mitochondria by mitophagy through 

this pathway involves ATG7 but is not totally dependent on it as BNIP3L mediated mitophagy 

is reduced but not completely blocked in the absence of ATG7 (Zhang et al., 2009). This 

indicates the existence of a LC3-independent pathway of BNIP3L-mediated mitophagy (Wang 

et al., 2023). Phosphorylation of specific residues in the LIR motif of BNIP3L amplifies its 

affinity for LC3A and thereby increases autophagosome recruitment (Rogov et al., 2017). 

BNIP3L-mediated mitophagy is also associated with a variety of diseases, including cancer, 

cardiovascular, neurological, and metabolic disorders (Li et al., 2021). While both BNIP3 and 

BNIP3L are involved in eliminating mitochondria in response to hypoxia or iron depletion they 

do not appear to be important for the removal of depolarized mitochondria, unlike PARKIN 

(He et al., 2022; Leermakers et al., 2020; Wang et al., 2023). The complex interplay between 

mitophagy pathways can be observed here as BNIP3 and BNIP3L can both improve PARKIN-

mediated mitophagy and help cells compensate for a lack of functional PARKIN (Y. Lee et al., 

2011).  

FUNDC1 is a ubiquitously expressed OMM protein which interacts with LC3B with its LIR 

motif to initiate mitophagy. The absence of the FUNDC1 LIR motif impairs mitophagy, with 

this mitophagy pathway appearing to be dependent on ATG5 (Liu et al., 2012; Lv et al., 2017). 

FUNDC1-mediated mitophagy is regulated through conformational changes induced on 
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FUNDC1 by phosphorylation and dephosphorylation which control its interplay with LC3B 

(Kuang et al., 2016; Lv et al., 2017; Wu et al., 2014). Different residues of FUNDC1 are 

phosphorylated by different kinases, with ULK1 phosphorylation promoting the FUNDC1-

LC3B interaction and phosphorylation by Src kinase disrupting it (Kuang et al., 2016; Lv et al., 

2017). Dephosphorylation is also involved in enhancing the FUNDC1-LC3B binding affinity, 

with PGAM family member 5 (PGAM5) positively regulating this while phosphorylation of 

the same residue by casein kinase 2 completely blocks their interaction (Chen et al., 2014). 

Another interacting partner of FUNDC1 during hypoxic stress is the OMM protein and 

mitophagy receptor FKBP8, although the function of this interaction is yet to be elucidated 

(Wang et al., 2023). As a mitophagy receptor FKBP8 promotes Parkin-independent mitophagy 

through its LIR motif which recruits lipidated LC3A to damaged mitochondria. Interestingly 

the interactions of FKBP8 with LC3A are not regulated by the LIR motif undergoing 

phosphorylation or dephosphorylation. The sources of cellular stress that can induce FKBP8-

mediated mitophagy include depolarization, hypoxia, and iron depletion (Bhujabal et al., 2017). 

FKBP8 avoids being degraded by the autophagosomes through translocating to the ER from 

the mitochondria after its recruitment of LC3A (Bhujabal et al., 2017; Saita et al., 2013). The 

mitophagy receptor Bcl2-L-13, a homologue of ATG32, is capable of binding to LC3 with its 

LIR motif and participates in the induction of PARKIN-independent mitophagy (Murakawa et 

al., 2015). In addition, there is NLRX1, which is the only protein with a mitochondrial targeting 

sequence in the Nod-like receptor (NLR) family. This mitophagy receptor uses its LIR motif to 

interact with LC3 and is essential for a variant of mitophagy induced by the pathogen L. 

monocytogenes to enhance its survivability in macrophages by reducing the production of ROS 

(Zhang et al., 2019). Finally, the inner mitochondrial protein Prohibitin 2 (PHB2) can function 

as a receptor during Parkin-dependent mitophagy. Here rupture of the outer membrane allows 

LC3 on a phagophore to bind PHB2 resulting in mitophagy (Wei et al., 2017). 

In addition to these mitophagy receptor proteins, membrane lipids can serve a similar role, with 

a prominent example being the lipid cardiolipin which is primarily located in the IMM of 

healthy mitochondria. This lipid, upon mitochondrial depolarization, is translocated from the 

IMM and externalized upon the OMM increasing the OMM cardiolipin content substantially 

(Chu et al., 2013; de la Ballina et al., 2020; Kagan et al., 2016). This externalized cardiolipin is 

then able to bind both LC3A and LC3B through electrostatic interaction, giving rise to 

cardiolipin mediated mitophagy (de la Ballina et al., 2020; Iriondo et al., 2022). 
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2.2.1.4 Alternative mitophagy 
Both SLR-dependent and SLR-independent mitophagy rely on the ubiquitin-like ATG8 

conjugation system critical for conventional macroautophagy, yet mitophagy is possible in cells 

where ATG5 or ATG7 is lost. This alternative form for mitophagy is less comprehensively 

characterized than conventional mitophagy but is known to involve ULK1 and the PtdIns3K-

complex in its regulation. The generation of autophagosomes for this form of autophagy is 

dependent on the small GTPase RAB9A member RAS oncogene family (RAB9A) and fusion 

of isolation membranes with late endosomes and vesicles originating from the trans-Golgi 

network (Nishida et al., 2009). Signaling pathways involving mitogen-activated protein kinase 

1 (MAPK1) and mitogen-activated protein kinase 14 (MAPK14) have also been identified as 

important for alternative mitophagy (Hirota et al., 2015). In terms of which forms of cellular 

stress this mitophagy pathway is known to apply to there are certain types of physiological and 

pathophysiological conditions such as reticulocyte development (Honda et al., 2014; Nishida 

et al., 2009) and ischemic stress in the heart (Saito et al., 2019). 

 

2.2.2 Basal Mitophagy 
The three categories of mitophagy serve different purposes in the cell, as described briefly 

above. Basal mitophagy is the least studied among these categories due to technical challenges. 

These include the low activity level of basal mitophagy relative to stress-induced mitophagy, 

the difficulties in measuring low level mitophagy and the substantial variation that can occur in 

basal mitophagy levels which can mask the effects of tested experimental parameters (Klionsky 

et al., 2021). The creation of two transgenic mouse models, one expressing the Mito-QC 

double-tag mitochondrial reporter and the other expressing mt-Keima targeting the 

mitochondria, enabled assessment of basal mitophagy in vivo. This revealed that most cell types 

perform basal mitophagy as part of their mitochondrial quality control (McWilliams et al., 

2016; Sun et al., 2015). Basal mitophagy operates in most cell types at a low intensity, with the 

spleen and thymus having relatively lower levels of basal mitophagy compared with the 

elevated levels seen in tissues including the heart, nervous system, skeletal muscle, hepatic and 

renal tissue (Palikaras et al., 2018; Sun et al., 2015). 

While still much is unknown about the specific mechanisms of basal mitophagy there are 

indications that its regulation is tissue-specific, with variable expression patterns of regulatory 

factors (Glick et al., 2012; Palikaras et al., 2018; Yasuda et al., 1999). A major finding is that 
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metabolically active tissues undergo PINK1-independent basal mitophagy (McWilliams et al., 

2018), further confirmed by studies showing the non-essential role of the PINK1-PARKIN 

pathway for basal mitophagy in both Drosophilia and mammalian cells (Le Guerroue et al., 

2017; Lee et al., 2018). With the best characterized mitophagy pathway, PINK1-PARKIN, 

found dispensable for basal mitophagy in some cell types the importance of PINK1-PARKIN-

independent pathways during basal mitophagy is highlighted. The SLR-dependent but PINK1-

PARKIN-independent pathways and the SLR-independent pathways are prime candidates for 

investigations into the molecular mechanisms of basal mitophagy. This also includes proteins 

such as MUL1, which appears to function in a parallel pathway to PINK1-PARKIN mediated 

mitophagy (Yun et al., 2014). There are still many unanswered questions regarding the 

molecular mechanisms of basal mitophagy. However, KD of the phosphatase USP30 induces 

basal mitophagy in U2OS and RPE-1 cells (Marcassa et al., 2018), knockout (KO) of the protein 

kinase leucine-rich repeat kinase 2 (LRRK2) leads to increased basal mitophagy in mice (Singh 

et al., 2021) and depletion of the mitochondrial protein TMEM11 increases BNIP3/BNIP3L-

mediated basal mitophagy in HeLa and U2OS cells (Gok et al., 2023). Conversely, KD of the 

small GTPase Rheb reduces basal mitophagy in Hela cells (Melser et al., 2013). Furthermore, 

the inactivation of FUNDC1-mediated mitophagy in HeLa cells under physiological conditions 

indicates that FUNDC1 does not engage in basal mitophagy (Liu et al., 2012). Meanwhile, the 

observation that there is a dramatic reduction in basal mitophagy in the embryonic brains of 

mice lacking ATG7 indicates a dependance on LC3 (Sun et al., 2015). The reports on the role 

of FBXL4 in negative regulation of basal mitophagy through mediating proteasomal turnover 

of the SLR-independent autophagy receptors BNIP3 and BNIP3L showcase the cellular 

mechanisms for maintaining an optimal mitochondrial pool (Nguyen-Dien et al., 2023). A 

comprehensive understanding of basal mitophagy is still distant, however the past decade has 

brought findings that promise an even deeper understanding with further research. 

 

2.3 Mitochondrial derived vesicles 
First observed by electron microscopy, mitochondrial derived vesicles (MDVs) have a diameter 

of 70 to 150 nm and are produced from mitochondria during both basal and stress-related 

conditions (Soubannier et al., 2012a). MDVs consist of either a single or double membrane, 

depending on if they formed from just the OMM or the IMM and the OMM. The ability of 

mitochondria to form vesicles loaded with selective content is an evolutionary conserved 
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process integral to many of their functions (Andrade-Navarro et al., 2009). Their most 

prominent role is in quality control of mitochondria, as a baseline first layer of defense for 

removal of damaged mitochondrial components destined for degradation in peroxisomes or 

lysosomes. This hinders the accumulation of damaged mitochondrial components that 

eventually would cause dysfunction and necessitate the degradation of the whole organelle 

through mitophagy (Cadete et al., 2016; Lv et al., 2020). Turnover of damaged mitochondrial 

components, including fully assembled protein complexes, by MDVs ensures mitochondrial 

integrity. Other roles ascribed to MDVs are inter-organellar communication, mitochondrial 

antigen presentation, peroxisome biogenesis and antimicrobial defense. MDVs target to 

lysosomes, peroxisomes, bacterial phagosomes, or extracellular vesicles based on different 

cellular stimuli (Popov, 2022). 

The formation of an MDV visually appears as a budding off a mitochondrion and was first 

observed in a cell in 2008 (Neuspiel et al., 2008). The initiation of MDV formation involves 

thin membrane protrusions being pulled in a microtubule-mediated process dependent on ras 

homolog family member T1/2 (RHOT1/2, also known as MIRO1/2). The second step of their 

formation involves the assembly of a small foci of DRP1 near the tip of the membrane 

protrusion. Recruitment of DRP1 is mediated by MID49, MID51, and MFF which are 

redundant DRP1 receptors. The MDV formation is finalized through DRP1 mediated scission, 

subsequently the MDVs undergo transport to their targeted destinations. The exact mechanisms 

of MDV transport are not known but may involve transport along the cytoskeleton with MIRO-

motor complexes or other transport machinery (König et al., 2021). 

The role of DRP1 in MDV formation has been a subject of dispute, first found to be non-

essential through siRNA and dominant negative mutant experiments (McLelland et al., 2014; 

Neuspiel et al., 2008; Soubannier et al., 2012a). However, more recent work utilizing CRISPR–

Cas9 for KO of DRP1 or all its receptors (MID49, MID51, and MFF) showed complete loss of 

MDV formation (König et al., 2021). The recent findings on the membrane-constricting and -

severing capabilities of DRP1 for mediating efficient scission of membrane tubules with a 

thickness between 25 nm to 250 nm (Kamerkar et al., 2018) further support its capacity to be 

involved in scission of MDVs as well as taking part in organellar division processes (König et 

al., 2021). 

The heterogenous nature of the MDV population and the cargo is an interesting recent finding 

(Ryan & Tumbarello, 2021). For MDVs destined for lysosomal degradation the cargo can be 
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divided into two categories based on if the MDV is a single or double membrane. As the 

generation of vesicles is compartment specific the single membrane MDVs round up OMM 

proteins including the translocase of the outer membrane 20 (TOM20) and β-Barrel proteins 

(König et al., 2021; Ryan et al., 2020). MDVs with a double membrane are formed from the 

OMM and IMM and can therefore contain proteins from both membranes as well as matrix 

proteins. IMM components that have been found in MDVs include the OXPHOS complexes II, 

III and IV, but not complexes I and V. Cargo identified from the matrix include pyruvate 

dehydrogenase (Soubannier et al., 2012b), proteins from the TCA cycle and fatty acid β-

oxidation (Vasam et al., 2021), and mtDNA (Picca et al., 2020).  

The regulation of MDVs appears to be different for the continuous production of basal steady-

state MDVs and those induced through heightened cellular stress. This indicates the presence 

of multiple mechanisms providing different levels of specificity in the signaling for vesicle 

generation. Showcasing this is PARKIN, which does not appear to have a role in the generation 

of basal steady-state MDVs (König et al., 2021). However, for a subset of MDVs induced by 

oxidative stress, PINK1 and PARKIN are documented to function as positive regulators 

(McLelland et al., 2014). Furthermore, PINK1/PARKIN negatively regulates mitochondrial 

antigen presentation from inflammation induced MDVs (Matheoud et al., 2016). 

As a mitochondrial quality control pathway, MDVs contribute significantly to mitochondrial 

protein turnover with a cargo specific turnover rate per hour of 1-4% (Soubannier et al., 2012b), 

comparable to mitochondrial proteases in yeast which have a turnover rate of 6-12% per hour 

(Augustin et al., 2005). Alongside the findings that MDVs form in a manner independent of the 

autophagy machinery (König et al., 2021; McLelland et al., 2014) the role of MDVs as a 

mitochondrial quality control pathway emerges. MDVs act as a selective means to remove fully 

assembled protein complexes and thus provide cells with another protective layer of 

mitochondrial quality control. 
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3 Lipid Droplets 
Fatty acids and other lipids serve vital roles in many cellular processes. Fatty acids are crucial 

for energy metabolism as discussed previously but also serve as a form for energy storage 

within cells. Identified roles include membrane biosynthesis, signaling mediators, and 

regulation of gene transcription (de Carvalho & Caramujo, 2018; Jump et al., 2013). These 

crucial molecules and their interactions with other cellular constituents must be regulated as 

excess free fatty acids beyond the anabolic and catabolic needs of a cell cause lipotoxicity, a 

variant of cellular toxicity caused by lipid overload (Schaffer, 2003). This can result in the 

activation of the UPR, with excessive or prolonged activation culminating in apoptosis (Han & 

Kaufman, 2016). A primary method in regulating lipids such as fatty acids and their interactions 

is through their storage in the form of lipid droplets. Any excess fatty acids can undergo 

esterification and be stored as neutral lipids such as triacylglycerol (TAG) and sterol esters 

within lipid droplets, isolating the contained neutral lipids and restricting them to regulated 

interactions (Figure 8) (Schaffer, 2003; Zadoorian et al., 2023). 
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Figure 8: Overview of Lipid Droplet Biogenesis. A schematic overview of the process of lipid droplet formation 

and the structure of lipid droplets. The first step of lipid droplet biogenesis is neutral lipids being deposited between 

the ER bilayer leaflets by enzymes that synthesize TAG and cholesterol esters. At sufficient concentration these 

coalesce into a neutral lipid lens. The second step involves recruitment of lipid droplet biogenesis factors, such as 

seipin, to the lens structure where they participate in growing the nascent lipid droplet. The third step is lipid 

droplet budding and growth. Lipid droplets in some mammalian cells grow through fusion with other lipid droplets 

or through local lipid synthesis. Abbreviations: fat storage inducing transmembrane protein 1/2 (FIT1/FIT2). 

Adapted from (Olzmann & Carvalho, 2019) with permission. 

 

Lipid droplets serve central roles in lipid homeostasis and energy metabolism. In most 

mammalian cells lipid droplets are pervasive with variations depending on the cell type. For 

instance, in adipocytes their major function is lipid storage while in cardiomyocytes they are 

more involved with energy metabolism and lipid homeostasis (Fujimoto & Parton, 2011; Wang 

et al., 2013). Being tightly tied to cellular metabolism and nutrient availability, lipid droplets 

dynamically switch between growth and depletion reflecting cellular needs. The neutral lipids 
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within lipid droplets can be utilized by the cell through the process of lipolysis or the selective 

variant of autophagy termed lipophagy (Olzmann & Carvalho, 2019). 

As lipid repositories involved in interactions with different organelles, lipid droplet dysfunction 

can disrupt their cellular functions and be a contributing factor to disease (Gandotra et al., 2011; 

Greenberg et al., 2011). The molecular basis for many of their interactions with other organelles 

is still poorly understood. Their spatial positioning relative to other organelles is however 

thought to be a key factor for their interactions, many of which involve tethering or membrane 

fusion between the interacting organelles (Olzmann & Carvalho, 2019). Lipid droplets 

associate with numerous organelles including the ER, Golgi, lysosomes, mitochondria, and 

peroxisomes depending on the nutrient status of the cell (Valm et al., 2017). Among these 

organelle interactions, the most crucial interaction is with the ER, as this is the site of lipid 

droplet biogenesis. The ER also plays a key role in lipid droplet expansion by transferring the 

neutral lipid TAG through ER membrane bridges, one of three known methods of lipid droplet 

expansion. The other two methods of lipid droplet expansion include fusion of lipid droplets 

(Olzmann & Carvalho, 2019), and TAG synthesis on the lipid droplet surface dependent on the 

necessary proteins relocating from the ER to the lipid droplet (Wilfling et al., 2013). 

Mitochondria and their interactions with lipid droplets are crucial for both lipid droplet function 

in energy metabolism and lipid homeostasis. For energy metabolism the supply of fatty acids 

to mitochondria is carefully regulated. The lipid droplets store the fatty acids fueling the 

mitochondria for β-oxidation depending on the nutrient status of the cell. The balance must be 

carefully maintained as too much fatty acid availability will disrupt lipid homeostasis in the 

mitochondria and cause lipotoxicity. Failure to sequester fatty acids in lipid droplets results in 

acylcarnitine accumulation within the mitochondria (Nguyen et al., 2017). This fatty acid 

intermediate is catalyzed at the OMM for transport into the mitochondria (K. Lee et al., 2011) 

through the mitochondrial membranes and into the matrix (Murthy & Pande, 1984) for the 

purpose of β-oxidation (Tarasenko et al., 2018). Acylcarnitine accumulation is proposed to take 

part in disrupting mitochondria membrane composition thereby reducing its effectiveness as a 

tight diffusion barrier. The failing mitochondrial membrane potential then causes an increase 

in cell death (Nguyen et al., 2017).  
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3.1 Structure of lipid droplets 
The functions of lipid droplets are dictated by their structure, including membrane lipid and 

protein composition. Lipid droplets have a unique structure consisting of a phospholipid 

monolayer with specific proteins surrounding a hydrophobic core of neutral lipids. In this 

phospholipid monolayer the cytosol encounters the phospholipid polar head groups while the 

acyl chains are in contact with the internal store of neutral lipids. While the structural 

organization of all lipid droplets is similar there is a morphological diversity among lipid 

droplets. Variations in lipid droplet morphology can exist between cells and within a cell as a 

reflection of their metabolic status. Thus, the number of lipid droplets within a cell, their size 

and their composition are all dependent on the metabolic state of the cell (Olzmann & Carvalho, 

2019). 

The lipid droplet proteome is composed of a variable number of integral and peripheral proteins, 

differing between cell types. There are currently 100-150 known lipid droplet associated 

proteins in a typical mammalian cell (Bersuker et al., 2018). Proteins with functions such as 

membrane trafficking and protein degradation have a significant representation in the lipid 

droplet proteome. The predominant members of the lipid droplet proteosome are however, 

regardless of cell type, enzymes involved in lipid metabolism including representatives of the 

perilipin (PLIN) family (Olzmann & Carvalho, 2019). The PLIN proteins take part in 

sequestering lipids through their protection of lipid droplets from lipase action. Different cell 

types have variations in the relative expression of PLINs, with their protective capability 

adapted to balance the need of the cell type between lipid storage and utilization. For most cell 

types PLIN 2 and 3 are predominantly expressed on the surface of lipid droplets, while cells 

specialized in lipid-storage usually have larger lipid droplets expressing PLIN 1, 4, and/or 5 

(Sztalryd & Brasaemle, 2017). For lipid droplet-mitochondria interactions, which facilitate 

fatty acid trafficking, PLIN5 is of particular importance as it takes part in tethering lipid droplets 

to mitochondria (Miner et al., 2023). 

 

3.2 Lipid droplet turnover 
The key enzymes taking part in intracellular lipolysis to release free fatty acids during lipid 

droplet turnover are called lipases. The process of lipolysis can be divided into neutral and acid 

lipolysis based on if the lipases function at a physiological or acidic pH. Neutral lipolysis occurs 

in the cytosol by patatin like phospholipase domain containing 2 (PNPLA2, also known as 
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ATGL), hormone-sensitive lipase, and monoacylglycerol lipase (Zechner et al., 2017). In the 

heart ATGL mediated neutral lipolysis is crucial, as shown with Atgl-KO mice which display 

excessive lipid droplet accumulation and a severe functional decline with mitochondrial 

defects, abnormal heart function and premature death (Haemmerle et al., 2011). Acid lipolysis 

occurs in the lysosome by lysosomal acid lipase (LAL), which facilitates lipophagy (Zechner 

et al., 2017). Lipophagy is a form of selective autophagy for the lysosomal degradation of 

cytosolic lipid droplets, including their components such as lipid droplet associated proteins or 

TAG (Zhang et al., 2022). Until the discovery of lipophagy in 2009, neutral and acid lipolysis 

were considered distinct pathways that did not have much functional overlap (Singh et al., 

2009). Acid lipolysis was previously only known to take part in the catabolism of endocytosed 

lipo-proteins. Thus, its involvement in hydrolysis of TAG stored in cytosolic lipid droplets 

expanded its known roles as this was previously thought to be the exclusive domain of neutral 

lipolysis. It remains unknown what the overall contribution of each of these lipolytic pathways 

is to lipid catabolism and it may be highly variable between cell types. 

During lipophagy, lipid droplets can be degraded in their entirety or in smaller fragments. This 

capability to degrade smaller lipid droplet fragments is important as some lipid droplets can 

reach sizes which impede their recruitment to the autophagosomes. Subsequent fusion with late 

endosomes or lysosomes degrade the lipid droplet containing autophagosomes (Zechner et al., 

2017). Lipophagy can provide a release valve for lipid droplet accumulation as through its 

lysosomal processing of lipid droplets it can produce an extracellular efflux of fatty acids by 

lysosomal fusion with the plasma membrane. These expelled fatty acids may be taken up anew 

by the cell or undergo extracellular trafficking (Cui et al., 2021). Much remains unknown of 

the molecular mechanisms involved in selection of lipid droplets for lipophagy, however 

oxysterol binding protein like 8 (OSBPL8, also known as ORP8) and spartin have both been 

identified as lipophagy receptors which interact with members of the core autophagy machinery 

(Chung et al., 2023; Pu et al., 2023). In HeLa cells the lipid transfer protein ORP8, independent 

of its lipid transporter activity, has greater localization to lipid droplets during lipophagy 

induction and gains increased affinity for the phagophore-anchored ATG8 proteins 

LC3/GABARAPs with its LIR motifs. Phosphorylation by AMPK bestows this increased 

affinity and mediates lipid droplet encapsulation by autophagosomal membranes (Pu et al., 

2023). In SUM159 and HEK293T cells, a protein termed spartin localized to lipid droplets and 

is required for delivering lipid droplets to lysosomes. Spartin interacts with the ATG8 proteins 

LC3A and LC3C through its LIR motif. In humans, loss of function mutation to the gene 
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encoding spartin causes the nervous system disorder Troyer syndrome. Accumulation of lipid 

droplets and TAG has been demonstrated in cultured human neurons and murine brain neurons 

if the function of spartin is disrupted (Chung et al., 2023). With lipid droplets serving as 

important organelles affecting health from the cellular to whole organism level there has been 

significant efforts directed towards their study. 

 

4 Mitochondria and lipid droplets in the heart 
The importance of the mitochondria for energy generation is greatly enhanced in tissues with 

high energy demands. Cardiac tissue is an excellent example of this, requiring a ceaseless 

supply of energy to maintain its specialized cellular processes such as ion transport, intracellular 

Ca2+ homeostasis and sarcomere function (Huss & Kelly, 2005). All of this is required to keep 

operating the healthy adult human heart as a highly efficient pump which will under resting 

conditions pump around 5 liters of blood per minute. Over the course of a day this will exceed 

7000 liters, which adds up to more than 2.6 million liters per year (Taegtmeyer, 2004). The 

heart will beat from its early stage as an embryonic heart throughout the entirety of a human 

life (Manner, 2022). The cardiomyocytes of the heart perform the contractions necessary for 

this continuous pumping and thus have high energy needs met by their mitochondria which take 

up more than 30% of the cell by volume (Saks et al., 2001). The mitochondria produce 90% of 

the cells adenosine triphosphate (ATP), with the heart containing approximately 0.7 grams of 

ATP. This may not sound particularly remarkable until one takes into consideration that 

maintaining normal cardiac function and workload uses around 6000 grams of ATP per day. 

The low storage of ATP relative to daily consumption speaks to the truly tremendous workload 

and throughput of the mitochondria in cardiac cells and helps explain why disruptions and 

failures in this energy producing machinery can cause disease (Ingwall, 2002). 

More than 50% of mitochondrial ATP production in the adult heart is derived from the 

oxidation of fatty acids (Lopaschuk et al., 2010) and altered fatty acid metabolism can 

contribute to cardiac pathology. Lipid droplets have been primarily studied in adipose tissue 

and the liver. Less work has focused on their role in the heart and cardiovascular disease, despite 

lipid droplet overabundance in cardiac cells during hyperlipidemic conditions such as obesity 

and diabetes (Goldberg et al., 2018). The continued study of lipid droplets in cardiac cells could 
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shed light on their role in pathogenesis as well as give deeper insights into their role in energy 

generation and storage in the heart. 

The crucial function of the heart means that any disease affecting it can have severe effects on 

lifespan and quality of life. Disease that affects the heart is a form for cardiovascular disease 

(CVD), with this categorization including any disease of the cardiovascular system. CVD is the 

leading cause of disease burden in the world, it is a major contributor to disability and globally 

the leading cause of mortality. For 2019 the number of deaths attributed to CVD globally was 

approximately 18.6 million and of these about 49% were caused by ischemic heart disease 

(~9.14 million). It is a growing problem globally with the number of cases of CVD nearly 

doubling from 1990 to 2019, increasing from 271 million to 523 million (Roth et al., 2020). 

There is no single solution that will remove CVD as a threat to humanity, but rather a myriad 

of them that need to be implemented. This includes preventative measures to avoid the 

development of CVD and improved treatment options. Many such solutions are already known 

but not universally implemented, there is however still much that is unknown. The many varied 

diseases that are categorized as CVD are not yet fully understood and further basic research is 

required to better understand the conditions and reveal new treatment options. Mitochondrial 

dysfunction plays a key role in numerous CVD types (Poznyak et al., 2020).  

Improving our understanding of the mechanisms involved in pathological developments at a 

cellular level promises the possibility of target-based drug design aimed at halting the 

pathological progression of CVD and even reversing the process. The use of human induced 

pluripotent stem cell derived cardiomyocytes as a model for these purposes is a promising 

opportunity to further advance such studies. Mitochondria and lipid droplets are involved in 

many human pathologies and a comprehensive understanding of these organelles may serve as 

a gateway to greatly improved human health. 
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Methodological Considerations 
Numerous molecular biology methods were utilized for the work in the papers of this thesis, 

the specifics of which are detailed in the paper’s respective materials and methods sections. As 

microscopy and image analysis served as principal tools of investigation for the papers of this 

thesis a selection of imaging related methodological considerations will be discussed in greater 

depth below.  

 

Double-Tag Mitophagy Reporter 
Stable cell lines with a fluorescent mitochondrial reporter are a versatile tool for mitochondrial 

studies and were utilized in all the papers included in this thesis. Their use presents 

opportunities for live cell imaging and greatly simplifies sample preparation for fluorescent 

microscopy. The capability to observe labeled mitochondria in both live and fixed cells through 

fluorescent microscopy allows for great flexibility in experimental planning. The double-tag 

reporter utilizes an acid stable and an acid sensitive fluorescent tag to visualize the labeled 

target and differentiate its localization between acidic environments where the acid sensitive 

fluorescence is quenched and non-acidic environments where both fluorescence tags are 

functional. The mitophagy reporter mt-Keima meanwhile shifts fluorescence with changes in 

pH and is therefore only functional in live cells. Creating large datasets involving numerous 

time-sensitive conditions is greatly complicated if working with live cells. The double-tag 

reporter circumvents this issue due to the properties of its fluorophores enabling a functional 

post-fixation mitophagy assay, allowing imaging to take place when convenient. In our double-

tag mitophagy reporter, mCherry-EGFP is fused to the transmembrane domain of mitochondrial 

outer membrane protein SYNJ2B and thus there is no loss or gain of function for the SYNJ2B 

protein itself.  

However, the double-tag reporter will under some circumstances require adapting protocols to 

overcome complications that arise with its use. One notable limitation experienced during the 

work with the double-tag reporter is related to its detection. During analysis it must be 

determined if a signal from the reporter places it in an acidic or non-acidic environment. We 

accomplished this by setting an intensity based empirically derived threshold for how much 

higher the mCherry (acid stable) signal had to be than the EGFP (non-acid stable) signal for the 

signal to be determined to be in an acidic environment. However, if there are confounding 
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factors such as high background signal in the EGFP channel this will artificially inflate the 

threshold the mCherry signal must exceed to be counted as acidic. This issue was especially 

problematic for early attempts at using siRNA KD to investigate the mechanisms of observed 

mitophagy. Detecting differences in mitophagy under physiologically relevant levels of cellular 

stress is difficult as the induced differences are small compared with the induced mitophagy of 

highly elevated levels of cellular stress. Our solution to this problem was two-pronged, the first 

was taking steps to reduce the high background signal in the EGFP channel. Halting use of a 

mounting media containing DAPI, which caused high and inconsistent levels of background in 

the EGFP channel, reduced the unwanted background signal greatly. The second step was 

utilization of protease inhibitors to allow for mitophagy flux measurements, the details of which 

are covered in the materials and methods section of paper I. 

A second limitation in regard to fluorescence microscopy and the double-tag reporters is the 

use of two bands of wavelength to label mitochondria. Studies which may benefit from using a 

double-tag reporter may find it to not be feasible if they wish to also use additional fluorescence 

markers which would interfere with each other. EGFP and mCherry together occupy the 

fluorescence bands for numerous other fluorescent tags, limiting the selection of available 

fluorescent labels. In cases where the only labeled structure is mitochondria and one channel is 

sufficient for imaging purposes the double-tag reporter can still be used. In such cases only one 

tag needs to be utilized as was the case for the high-speed three-dimensional structured 

illumination microscopy (3DSIM) imaging performed in paper II for quantification of MDVs 

and observation of the highly dynamic mitochondrial tubules. 

 

Microscopy System Selection 
A central tool utilized for all the papers in this thesis is advanced microscopy. Finding the right 

tool for the task at hand is crucial and there are numerous considerations which come into play 

when choosing a microscope. The most fundamental aspect to consider is what resolution is 

necessary. All samples investigated for the purposes of the papers of this thesis are thin 

monolayers of cells grown in vitro, so thick samples were not a relevant consideration for 

microscope choice.  
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Conventional Fluorescence Microscopy 
For the quantification of red-only structures in paper I the widefield Cell Discoverer 7 

microscope with a Plan-Apochromat 50x objective with a numerical aperture (NA) of 1.2 was 

utilized as described in the methods section. The microscope was unable to detect some of the 

smallest red-only structures observable with a confocal microscope. Selecting this microscope 

came down to its ability to produce large datasets of sufficient quality both quickly and reliably. 

Using a confocal microscope instead would have provided some benefits, namely its narrow 

focal depth would have helped somewhat compensate for the problem with high background 

signal in the EGFP channel described above but that issue was ultimately resolved by other 

means. Another advantage would have been the possibility of the inclusion of the smallest red-

only structures more clearly demonstrating mitophagy trends induced by experimental 

treatments, a possibility which is yet to be fully explored. The greatest issue with using a 

confocal microscope compared with our chosen widefield microscope and the reason it was 

deemed non-optimal for our intended use was the much larger time-investment necessary for 

imaging a dataset for analysis. To gain more data from a confocal microscope would require 

greater magnification to make use of its enhanced resolution. This greater magnification results 

in smaller fields-of-view and thereby fewer cells per frame, necessitating capturing more 

images. The acquisition time per image is much greater, resulting in greatly increased imaging 

time.  

For the work requiring a higher resolution in paper I and III, confocal microscopes were 

utilized. In paper I this was most notably for co-localization of the double-tag reporter with 

other mitochondrial proteins in acidic and non-acidic environments as large datasets were not 

required, and as the confocal microscope more clearly demonstrated the co-localization it was 

chosen for this task. For paper III the imaging of lipid droplets stained with neutral lipid stains 

did warrant use of a confocal microscope. Benefits included the higher resolution allowing 

individual lipid droplets to be better distinguished from one another when clustered and the 

narrow focal depths helping determine their localization in the z-plane. The correlative light 

portion of CLEM, described below, also utilized a confocal microscope. 
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Super-Resolution Microscopy 
All three papers included in this thesis made use of super-resolution microscopy (SRM) 

techniques. Within microscopy, the resolution of even the most powerful conventional 

microscope is restricted by the diffraction limit to around 200 nm. The diffraction limit is 

defined as λ/2NA where λ is the utilized wavelength of light and NA is the numerical aperture 

of the microscope’s objective. Functionally this serves as a barrier to the observation of cellular 

events and interactions which are too small to be distinguished as separate using such a 

microscope. To circumvent this inconvenience imposed upon us by the laws of physics, 

numerous microscopy techniques have been developed that utilize the attributes of light to 

allow for varying degrees of increased resolution. The SRM techniques utilized in the papers 

constituting this thesis are structured illumination microscopy (SIM) and Airyscan.  

SIM 
Both paper I and II utilized SIM for SRM of both fixed and live samples. The selection of this 

methodology was because of the high resolution achievable using the structured illumination 

patterns of this technique. As samples prepared for conventional fluorescence microscopy can 

be used with this microscopy technique, the ease of sample preparation with our double-tagged 

mitochondria H9c2 cell line was another benefit. Furthermore, the live cell imaging performed 

with 3DSIM allowed for a high resolution in the z-axis making it possible to a greater degree 

to discern if observed objects in the z-axis were separate or co-localizing. A significant 

drawback to SIM is its susceptibility to reconstruction artifacts during the computational image 

reconstruction from the structured illumination pattern which requires specialized training to 

detect (Heintzmann & Huser, 2017). Our coauthor who handled the SIM microscopy is highly 

skilled with SIM and performed the image reconstructions. Another issue with SIM which had 

to be considered is the significant photobleaching which occurs because of the multiple images 

that need to be taken to reconstruct a final single image. The photobleaching is not a significant 

issue for single images of fixed cells, however during live cell imaging using 3DSIM the high 

number of images taken in quick succession results in very rapid photobleaching. Due to this 

the technique was found to be best suited for low duration high resolution live cell imaging. A 

final issue with live imaging using 3DSIM is that the high number of images required per 

channel results in increased time delay between channels being imaged. This may result in fast 

moving objects having shifted location in the time between one channel being imaged and the 

next, which complicates the observation of multi-channel fast moving objects. This 

complicated identification of red-only structures in live SIM images. 
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Airyscan 
The second SRM technique, Airyscan, was utilized through the Zeiss Airyscan add-on module 

to a LSM880 diffraction-limited, point scanning confocal microscope. This technique makes 

use of a specialized 32-channel Airyscan detector which replaces the confocal microscopes 

adjustable pinhole. Airyscan images must be processed to maximize their resolution gain, with 

the final image having increased resolution along each axis (x, y, and z). The technique also 

gives greatly enhanced signal strength relative to that attained using the equivalent excitation 

power on a conventional confocal image acquisition, furthermore there is also a reduction in 

the images background noise. Airyscan images have their resolution improved two-fold and 

signal-to-noise ratio eight-fold relative to a conventional confocal microscope (Wu & Hammer, 

2021). The microscope also retains its capacity to function as a conventional confocal 

microscope, allowing significant flexibility in its utilization for imaging datasets. 

Both paper I and III made use of the FAST mode of Airyscan which provides a four-fold 

increase to imaging speed with a small loss to resolution, field of view and sensitivity (Huff, 

2016). FAST mode was utilized for high-speed imaging of live cells using low laser intensity 

for extended time periods to observe dynamic cellular events over time. There was little 

photobleaching when utilizing Airyscan FAST, which in paper I allowed the interactions of 

red-only structures with the mitochondrial network to be followed over time with LysoView 

650 staining labeling all acidic structures. For paper III lipid droplets labeled with a neutral 

lipid dye were observed in their dynamic interactions with the mitochondrial network. The 

highly dynamic and often brief nature of the observed events made the high resolution and 

quick imaging speed of Airyscan FAST the best tool available for our purposes. The ease of 

use and lack of photobleaching comparative to SIM is also a significant benefit for imaging 

over extended time periods. 

 

Corelative Light and Electron Microscopy 
For paper I and III Corelative Light and Electron Microscopy (CLEM) was utilized for the 

verification of features and events observed by fluorescent microscopy. EM is the gold standard 

for visualization of cellular ultrastructure (Chun Chung et al., 2022), making it the optimal tool 

to confirm observations from fluorescence microscopy. CLEM allows information obtained 

from light microscopy and EM to be directly correlated. The methods section of paper I and III 

describes the protocol used for CLEM but does not elaborate on how the confocal imaging was 
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carried out to facilitate sample preparation for EM and correlation of selected cells. To identify 

cells of interest for sectioning, grided dishes with grid labels were used as mentioned in their 

respective methods section. Each circular dish was divided into four quadrants and one cell 

containing features of interest was selected for each quadrant so that each condition per dataset 

had redundant samples. For the actual confocal imaging an overview image was first taken with 

the cell of interest placed centrally and labeled while the brightfield channel would contain 

orienting features of the labeled grid. A zoomed in high resolution image would then be taken 

of only the cell of interest, followed by a 3x3 overview tile-scan image to clearly identify the 

labeled grid the cell of interest was located in. The selection of cells of interest away from grid 

lines and taking high quality confocal images greatly facilitates both the sectioning of the 

selected specific cell for EM and the eventual correlation of the fluorescence and EM images. 

 

Mitophagy analysis pipeline 
The assessment of mitophagy in H9c2 cardiomyoblasts in paper I exploited the double-tag 

reporter to identify lysosomal degradation of mitochondria. For an event to be registered as a 

mitochondrial structure undergoing lysosomal degradation an empirical threshold was set at 

50% greater mCherry signal intensity relative to EGFP. This threshold was of sufficient size 

that a large intensity difference was necessary to register as a “red-only” event and mitigated 

for small differences in the signal intensity of the channels. To effectively process and quantify 

mitophagy in imaging datasets an image processing “pipeline” was developed and continuously 

optimized for efficiency and processing capacity. The basics of this quantification are covered 

in the methods section of paper I, however several key aspects and details of the analysis are 

not.  

The Imaris XTension “Channel Arithmetics” which is mentioned in the methods section of 

paper I was used to create a new channel that labels red-only mitochondria, which then 

functions as a mask for further analysis. The way this XTension function works is by allowing 

the intensity values for each individual pixel value to be used for arithmetic calculations 

between signal channels to create a new channel. For the creation of the mask channel, the 

intensity values of the pixels of EGFP values were multiplied by 1.5 before being subtracted 

from the mCherry intensity values, providing a new channel exclusive for signals meeting the 

“red-only” criteria. The Imaris Spots function was then utilized to identify these signals in the 

new channel. However, to avoid false positives from the background, areas between cells, 



 

44 

where signal values are very low, a minimum intensity cut-off was set for mCherry signal 

intensity in identified red-only mitochondria.  

The Spots function was also used to count cell nuclei per frame while excluding any within 1 

μm of the frame edge. The quantification sought the number of red-only structures per cell in 

cells containing red-only structures, which was averaged per frame. By excluding cells that did 

not fully have their nuclei within frame, the manual removal of Spots associated with excluded 

cells was simplified during visual inspection. The use of DAPI to label nuclei, while not strictly 

required to use the analysis pipeline, greatly increased quantification speed and simplified the 

process of determining cell borders from mitochondria distribution.  

Visual inspection and verification of labeling was crucial to remove false positives and outliers 

from datasets, even after exclusion of out-of-focus images. Apoptotic cells and chromatic 

aberrations were the most common source of false positives, while outliers that were removed 

were usually cells that contained highly abnormal numbers of red-only structures. To verify 

that unintended researcher bias was not impacting quantifications during visual inspection and 

verification, multiple datasets were analyzed with both known experimental conditions and 

blind. For blind analysis each image frame was given a randomized filename to conceal its 

identity. There were only minor differences in the quantifications when comparing blind and 

non-blind analysis and all statistically significant relationships were maintained, showing that 

observed relationships were not the result of researcher bias.  
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Summary of results 
Paper I 

High-resolution visualization and assessment of basal and OXPHOS-induced mitophagy 

in H9c2 cardiomyoblasts 

Godtliebsen, G., Larsen, K. B., Bhujabal, Z., Opstad, I. S., Nager, M., Punnakkal, A. R., 

Kalstad, T. B., Olsen, R., Lund, T., Prasad, D. K., Agarwal, K., Myrmel, T., and Birgisdottir, 

A. B. (2023). 

Autophagy. PMID: 37405374. 

In Paper I, mitophagy was visualized and assessed in H9c2 cardiomyoblasts under basal 

conditions and during OXPHOS induction by galactose adaption. The utilized cell line has a 

stable expression of a pH-sensitive double-fluorescent tag functioning as a mitochondrial 

reporter. This enables distinction between mitochondria or mitochondrial fragments within a 

non-acidic and an acidic compartment. Utilization of advanced imaging techniques and analysis 

tools allowed assessment of mitophagy. A machine-learning based approach was used to 

evaluate mitochondrial morphology. 

Main findings 

- Basal mitophagy and OXPHOS induced mitophagy could be monitored in H9c2 

cardiomyoblasts using the mCherry-EGFP-SYNJ2B-TM double-tag mitochondrial 

reporter. 

- A metabolic shift to OXPHOS dependent metabolism in H9c2 cells resulted in elevated 

mitophagy and a more fragmented mitochondrial morphology where mitochondria 

appeared shorter and less in network than under basal conditions. 

- Super-resolution live cell imaging of H9c2 cells with the mitochondrial reporter and 

labeled lysosomes allowed monitoring of highly dynamic interactions between 

mitochondria and lysosomes. Mitochondrial contents were observed to rapidly (within 

a few minutes) undergo lysosomal engulfment. 

- CLEM revealed the ultrastructure information of mCherry-EGFP and mCherry-only 

(red-only) mitochondria in the H9c2 cell line in basal conditions and during OXPHOS 

induction, with and without cathepsin inhibitor treatment. Mitochondria with mCherry-

EGFP signal had tubular shapes and cristae, while mCherry-only mitochondria were 
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electron dense structures with features typical of autophagic vacuoles of varying size 

and content. 

- Utilizing siRNA KD of ULK1, ATG7, or RAB9A, showed that each of these proteins 

plays a significant role in OXPHOS induced mitophagy displayed as perturbed 

mitophagic flux (revealed by use of lysosomal inhibitors). 
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Paper II 

Mitochondrial dynamics and quantification of mitochondria-derived vesicles in 

cardiomyoblasts using structured illumination microscopy 

Opstad, I. S., Godtliebsen, G., Ahluwalia, B. S., Myrmel, T., Agarwal, K., Birgisdottir, A. B. 

(2022). 

J Biophotonics. PMID: 34766731. 

In Paper II, the optical super-resolution technique 3DSIM was utilized to image H9c2 cells with 

a stable expression of outer mitochondrial membrane fluorescent tags to visualize MDVs. As 

MDVs are small and fast-moving objects they are not easily captured by imaging. Through 

optimization of the 3DSIM imaging protocol for imaging both live and fixed cells, high-

resolution images of MDVs and mitochondrial dynamics were captured. Image analysis for 

quantification of MDVs was performed to investigate the effect of metabolic perturbation, 

through galactose adaption, on MDV abundance. Interestingly, dynamic and often long 

mitochondrial tubules extending from the mitochondria were also observed. To our knowledge, 

our study is the first to report such mitochondrial tubules as well as high-resolution based 

quantification of MDVs in H9c2 cardiomyoblasts. 

Main findings 

- A greater number of MDVs was observed in galactose adapted cells when assessed both 

with live and fixed imaging. 

- The number of MDVs observed per cell exceeded that of previous studies relying on 

immunofluorescent staining of TOMM20 or PDH positive MDVs in fixed cells. 

- First demonstration of dynamic mitochondrial tubules in H9c2 cardiomyoblasts, 

including observations of tubules fusing with other mitochondria to form temporary 

membrane bridges. 

- Super-resolution microscopy techniques utilized with fixed cells depend on appropriate 

fixation method to preserve structures from fixation artifacts. 
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Paper III 

A study of mitochondria and lipid droplet interplay in H9c2 rat cardiomyoblasts and 

hiPSC derived cardiomyocytes 

Godtliebsen, G., Larsen, K. B., Bhujabal, Z., Nager, M., Kalstad, T. B., Olsen, R., Myrmel, T., 

and Birgisdottir, A. B. (2023). 

Manuscript  

In Paper III, lipid droplet accumulation, turnover, and crosstalk with mitochondria was 

visualized and assessed in H9c2 cardiomyoblasts with fluorescent mitochondria (EGFP-

SYNJ2B-TM) and in human inducible pluripotent stem cell (hiPSC) derived cardiomyocytes 

(CMs). The cells were treated with excess fatty acids and assessments of lipid droplet 

accumulation was performed under basal growth conditions and during OXPHOS induction by 

galactose adaption. Lipid droplet turnover and crosstalk with mitochondria was investigated 

under basal growth conditions. Advanced imaging and analysis techniques allowed 

quantification and monitoring of lipid droplets visualized with neutral lipid stains in both fixed 

and live cells. 

Main findings 

- OXPHOS induction by galactose adaptation resulted in reduced lipid droplet abundance 

in both cell models. The effect was more pronounced in the hiPSC-CMs. 

- Lipid loading resulted in a significant increase in lipid droplet size in glucose containing 

conditions while the size of lipid droplets was smaller in OXPHOS reliant cells. 

- Lipid droplet turnover was perturbed in both cell types by inhibition of lysosomal lipase 

with Lalistat2. The inhibition of lysosomal vacuolar type H+-ATPase (V-ATPase) with 

BafA1 meanwhile only caused reduction of lipid droplet degradation in H9c2 cells. 

- SRM live imaging allowed observation of lipid droplet interactions with the 

mitochondrial network, with interaction dynamics appearing similar for both cell lines. 

- CLEM revealed the ultrastructure of close contact sites between lipid droplets and 

mitochondria in hiPSC-CMs.  
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Discussion 
The past century has seen humanity take great strides forward in our knowledge of cells and 

how their complex interplays can affect health and disease. Mitochondria have in this time been 

subject to numerous studies and there have been many significant findings revealing new 

insights into their function. The unique evolutionary origin of mitochondria as primordially 

independent organisms sets them apart from other organelles in mammalian cells (Youle, 

2019). When mitochondria are perceived with their symbiotic origin in mind interesting 

possibilities regarding the origin of current mitochondrial functions become apparent. In the 

past their symbiotic origin led to the mistaken belief that mitochondria were essential energy 

generating organelles that operated as independent functional components of cells. This 

perception changed with findings that showed the increasingly complex and interconnected 

nature of mitochondria as well as their multitude of functions within cells (McBride et al., 

2006). While mitochondria do perform energy generation in most mammalian cell types as part 

of their functions and are critical for cells with high energy needs, such as cardiomyocytes 

(CMs), this is not their only function (Casanova et al., 2023). Other important functions of 

mitochondria include ROS production, apoptosis regulation and biosynthesis. However, as the 

role of mitochondria in energy generation is a central theme throughout the papers of this thesis 

it remains an important aspect for the discussion. 

The growing knowledge of mitochondria, their functions and interactions with other organelles 

such as lipid droplets, is part of the greater efforts within biological research to reveal the secrets 

of life. From a biomedical perspective, the source of organelle dysfunction is also a potential 

therapeutic target. To develop a pharmacological intervention to treat a particular mitochondrial 

or lipid droplet dysfunction causing, or contributing to, a pathological condition it is greatly 

beneficial to have a comprehensive understanding how the process should operate under normal 

conditions. 

 

Physiological relevance in biological studies 
It is not currently possible to perform in vitro studies that perfectly mimic the physiological 

conditions cells would experience in vivo with routinely used cell culture media composed to 

ensure optimal cell growth of cultured cells. These media formulations contain a 

supraphysiological dose of nutrients, which reduces the physiological relevance and biomedical 
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applicability of findings from in vitro experiments (Allen et al., 2023; Arora, 2013). 

Investigations must seek to find an optimal balance between in vitro growth conditions, 

physiological relevance, and experimental considerations. A central aspect of our studies in 

paper I and II is performing investigations under physiologically relevant settings. This includes 

normal H9c2 growth conditions (basal level) and galactose adaption. These growth conditions 

were chosen as they are closer to that which cells may experience in a physiological 

environment compared to that experienced with experimental treatments that induce high 

cellular stress, e.g. mitochondrial uncouplers. The effects induced by mitochondrial uncouplers 

do usually not occur in a physiological environment. Despite this it is common to employ 

mitochondrial uncouplers such as FCCP and CCCP to elicit highly elevated mitochondrial 

dysfunction and induce mitochondrial clearance (Demine et al., 2019).  

For our purposes of investigating mitophagy (paper I) and MDVs (paper II) in H9c2 cells, the 

induction of OXPHOS by galactose adaptation allowed increased cellular reliance on the 

mitochondria for energy generation. Most likely this led to elevated mitochondrial turnover 

displayed by induced mitophagy and higher numbers of MDVs. Adult cardiomyocytes rely 

heavily on their mitochondria for energy production. Thus increasing the H9c2 cells reliance 

on their mitochondria approximates these conditions and is a physiologically relevant condition 

requiring increased mitochondrial quality control activity. However, investigating quality 

control mechanisms such as mitophagy under basal and near-basal conditions poses a challenge. 

There is not a high mitophagy activity present in these cells, relative to cells exposed to e.g. 

mitochondrial uncouplers. Detecting small changes to the rate of mitophagy in conditions with 

low mitochondrial turnover is exceedingly difficult due to high inter-cell variability (Klionsky 

et al., 2021). Furthermore, for the study of any quality control pathway there is the possibility 

of cells having redundant mechanisms to compensate for any loss-of-function, such as that 

induced by an experimental treatment. This could obscure treatment effects as the mechanisms 

involved are not pushed to their maximal capacity under basal and near-basal conditions. 

Despite these challenges, performing investigations in as physiologically relevant settings as 

possible is the path to produce results more beneficial for biomedical applications. 

The lipid loading performed as part of the experimental procedures for paper III using oleic 

acid or a fatty acid analog would not have occurred in a physiological environment. However, 

it does allow inducing the accumulation of lipid droplets, a condition associated with 

cardiomyopathy in patients with metabolic diseases such as obesity and diabetes mellitus 

(Borradaile & Schaffer, 2005). This was necessary to investigate how cells adapted to different 
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metabolic substrates would handle the inflow of fatty acids and accumulation of lipid droplets 

to counteract lipotoxicity. Studies seeking to investigate specific cellular functions in near 

physiological conditions are limited by available methodologies and the attributes of their cell 

model. For studying lipid droplets in H9c2 cells and hiPSC-CMs the low number of lipid 

droplets present without lipid loading, under both basal growth conditions and in galactose 

adapted cells, necessitated inducing lipid droplet accumulation. Investigations seeking to reveal 

new insights into specific cellular functions cannot always take into account physiological 

conditions until the investigated cellular functions are better characterized. 

 

Mitophagy – Protecting the host 
The first paper of this thesis focused on investigating degradation of mitochondria through 

mitophagy as a mitochondrial quality control mechanism under basal conditions and during 

OXPHOS induction in H9c2 rat cardiomyoblasts. Mitochondrial quality control is multi-

layered in nature and there appears to be numerous redundant processes. This is reflected by 

the many different mitophagy pathways that have so far been identified (Ganley & Simonsen, 

2022; Ng et al., 2021). Within organisms, the presence of redundant mechanisms is a strong 

indicator that a particular process is of crucial importance for survival (Krakauer & Plotkin, 

2002; Lavi, 2015), something which is of particular interest when considering the 

endosymbiotic past of mitochondria. The current role of mitophagy may have evolved as a 

responsive control mechanism. Protecting the host from these foreign organelles in a signal 

dependent manner such as by excessive mitochondrial ROS production or loss of mitochondrial 

membrane potential. As an early form for selective autophagy for endosymbiont control within 

the host this mechanism may have worked in parallel with xenophagy, which targets 

intracellular pathogens, as both share common molecular actors such as TBK1 (Singh et al., 

2018). By ensuring a healthy mitochondrial population through the removal of damaged 

mitochondria, mitophagy could initially have served as an evolutionary favorable method to 

maintain the intracellular environment.  

The work in paper I points toward avenues for further characterization of mitophagy. After a 

metabolic shift to OXPHOS there appears to be multiple active mitophagy pathways that may 

have redundant functions and thus compensate if one pathway is blocked. With siRNA KD of 

either ATG7 or RAB9A, only flux measurements allowed an impairment of mitophagy to be 

observed. This indicates that during OXPHOS induced lysosomal degradation of mitochondria, 
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both canonical and alternative mitophagy pathways can take part in mitochondrial clearance 

and redundant pathways may be compensating for the siRNA induced loss-of-function. In an 

attempt to further investigate the involved mitophagy regulators, we performed a siRNA KD 

of ULK1, which acts upstream of both ATG7 and RAB9A. Unexpectedly, we found that the 

reduction in mitophagy was similar to that of KDs of ATG7 or RAB9A with the observable 

reduction in mitophagy only apparent using flux measurements. This implies the activation of 

ULK1-independent mitophagy to compensate for the reduced rate of ULK1-dependent 

mitophagy. It is also possible that other mitochondrial quality control mechanisms may have 

increased activity, but this was not investigated. There are several potential mechanisms that 

have been shown for ULK1-independent autophagy which may be involved in ULK1-

independent mitophagy. This includes an interaction taking place between FIP200 and 

ATG16L1 which can determine if autophagy is ULK1-dependent or -independent (Gammoh et 

al., 2013). There is also deacetylation of VPS34 by inactivation of acetyltransferase p300, 

inducing PI3P production and autophagy even in ULK1-/- cells (Su et al., 2017). 

Further work characterizing the pathways involved in OXPHOS induced mitophagy should 

expand the screen of protein KDs to attempt to find further key proteins which have a detectable 

effect on the rate of mitophagy, with or without flux measurements. Of particular interest for 

KD studies are mitophagy receptors, as they were not investigated as part of paper I. The step 

beyond KD studies is attempting to create KO cell lines for already identified key mitophagy 

proteins. KO cell lines would ensure complete absence of the KO protein and could be 

combined with further siRNA KDs to attempt to elucidate compensatory mechanisms. The 

H9c2 cells are difficult to create KO cell lines with (Zhao et al., 2020) and our previous attempt 

at creating FKBP8- and BNIP3-KO cell lines was unsuccessful. However, a different cell line 

could be used instead for such investigations if creating H9c2 KO cell lines proves infeasible. 

 

Mitochondrial morphology and mitochondrial dynamics 
Mitochondrial morphology varies greatly between cell types and the H9c2 cardiomyoblasts 

have mitochondria with high motility and tubular appearance which brings to mind their ancient 

endosymbiotic origin. While such mitochondrial morphologies may at a glance resemble their 

bacterial ancestors, mitochondria have evolved alongside different eukaryotic linages in diverse 

pathways. The bulk of the mitochondrial proteome has its evolutionary origin outside their 

ancestral Alphaproteobacteria (Gray, 2012). This is very much reflected and observable in 
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H9c2 cells with the dynamic nature of their mitochondria, undergoing rapid fusion/fission in 

response to complex cellular needs and signals yet to be elucidated, behaviors not seen in 

bacteria. As part of our investigations for paper I into the impact of OXPHOS induction on 

mitochondria, the change in mitochondrial morphology, while subtle, was noticeable by eye in 

microscopy images. Quantifying this observable change in morphology however proved 

difficult but was resolved by using a machine-learning based approach for segmentation and 

quantification as described in the methods section of paper I. 

In galactose adapted cells, the mitochondria were on average shorter with the mitochondrial 

population as a whole being more fragmented e.g. contained less networked mitochondria. A 

shift in the balance of fusion and fission is in line with the known mitochondrial behavior of 

adapting their form to a fragmented or fused shape in response to stress (Zemirli et al., 2018). 

Fragmentation of mitochondrial morphology to mitigate strain on the mitochondria during 

galactose adaption has been previously demonstrated in BT25 cells and human skin fibroblasts 

(Kamradt et al., 2021; Tronstad et al., 2014). The greater fragmentation of the mitochondrial 

population aligns with our observations of increased mitophagy in galactose adapted cells, as 

mitochondrial fission allows separation of dysfunctional parts of mitochondria for mitophagy 

(Kobayashi et al., 2020b). The machine learning based methodology used for our analysis and 

quantification of mitochondrial morphology through fluorescent microscopy images greatly 

reduces the workload necessary for performing such a quantitative analysis (Punnakkal et al., 

2023). However, a persistent challenge with two-dimensional morphological quantifications of 

three-dimensional data is overestimation of networked mitochondria. Despite this being a 

challenge facing any such analysis, the machine learning approach managed to quantify the 

observed shift in morphology. Machine learning approaches such as the one utilized for paper 

I are highly promising as analysis tools for the future of biomedical research. With further 

development they may greatly simplify and streamline many analysis tasks currently requiring 

significant time investments from researchers. 

 

MDVs – an adapted mechanism 
Many of the functions of mitochondria appear to be tied to their endosymbiotic origin, however 

MDVs standout as special among these adapted mechanisms due to potentially playing a key 

role in eukaryogenesis. As eukaryotes are thought to be the result of a symbiosis between 

archaea and bacteria (Dey et al., 2016), there remains the question of the origin of the 
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endomembrane system and the membrane transition from an archaea-type membrane based on 

isoprene ether lipids to a bacterial-type membrane based on fatty acid esters (Jain et al., 2014). 

Both archaea and bacteria can secrete outer membrane vesicles (OMVs). If a 

protomitochondrion hosted in the cytosol of an archaea host cell were to release OMVs it could 

have potentially been responsible for generating the endomembrane systems first vesicles. The 

fusion of these vesicles with each other could have generated the membrane compartments 

within the cytosol. Furthermore, through fusion of these OMVs with the host archaea plasma 

membrane, the chemical composition the membrane could have been shifted. If hosting a 

protomitochondrion was what allowed an archaea to form an endomembrane system this is a 

potential explanation for why eukaryotic cells have mitochondria. Given this scenario, these 

ancient endosymbiotic bacteria played a major role in eukaryogenesis (Gould et al., 2016). The 

present-day mitochondria retain their ability to generate vesicles, producing both single- and 

double-membrane MDVs. 

The work in paper II focused on MDVs, applying the advanced super-resolution microscopy 

technique 3DSIM. This approach allowed high-resolution imaging and quantification of MDVs 

in both live and fixed cells, something that to our knowledge had not been done previously. In 

the galactose adapted H9c2 cells undergoing OXPHOS induction we observed an increased 

number of MDVs relative to cells in basal growth conditions. This could represent an increased 

production of MDVs as a quality control response to the increased respiration activity by the 

mitochondria, similar to the observed increase in rate of mitophagy observed in galactose 

adapted cells in paper I. This quantified increase in MDVs support its suggested role as a first-

line of defense mitochondrial quality control mechanism that can be upregulated in response to 

cellular stress (Cadete et al., 2016). One important consideration is that the roles of detected 

and quantified MDVs cannot be ascertained. Hence, an unknown ratio of observed MDVs could 

be involved in activities not related to mitochondrial quality control. However, given that the 

mitochondria are under substantial respiration induced strain when cultured in galactose media, 

as seen from the increased rate of mitophagy and fragmentation of the mitochondrial network, 

it is likely that the observed increase can be attributed to quality control efforts. A future 

continuation of this work could attempt to identify the distribution of MDVs assigned to their 

different ascribed roles. This would most likely be restricted to analysis of fixed cells, as 

immunofluorescent staining would allow labeling specific proteins associated with known 

MDV roles or targets, such as the MDVs containing MUL1 as cargo which target peroxisomes 

(Neuspiel et al., 2008). Dedicated cell lines, with fluorescent tags labeling the OMM and a 
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targeted protein for a designated MDV role, would likely be a superior option and would allow 

live cell imaging.  

Another finding in paper II is the importance of utilizing appropriate sample preparation 

techniques that preserve cellular structures in conjunction with super-resolution techniques that 

facilitate studying objects below the diffraction limit of conventional microscopy. Previous 

studies made use of a conventional fixation procedures of 5% paraformaldehyde and 

permeabilization to allow for immunofluorescent staining of fixed H9c2 cells (Cadete et al., 

2016; Li et al., 2020). As paper II demonstrated, paraformaldehyde fixation causes 

fragmentation and disruption of the mitochondrial network which would hinder MDV 

quantification, although at conventional resolutions the fragmentation of the mitochondrial 

network would not be as apparent. To optimally preserve cellular structures different fixation 

methods must be used such as the inclusion of glutaraldehyde in the fixation buffer, cues for 

this strategy taken from chemical fixation for EM (Hayat, 1986). The use of permeabilization 

is also likely detrimental to studying MDVs. Permeabilization induces a substantial loss of 

cellular mass density due to the destruction of membrane integrity (Cheng et al., 2019) and this 

could also include loss of MDVs. Furthermore, the limited resolution of conventional confocal 

microscopes meant that the apparent size of observed MDVs was around 300 nm with the actual 

size of MDVs estimated to be around 50 nm. MDVs in these previous studies were identified 

by being positive for either TOMM20 or PDH immunofluorescent staining, but not both as to 

discriminate them from mitochondria (Cadete et al., 2016). By utilizing a SRM technique with 

sufficient resolution to distinguish MDVs by their diameter of 70-150 nm, and a cell line with 

a fluorescent mitochondrial outer membrane marker, MDVs can be visualized clearly and 

quantified with greater accuracy. Previous studies in H9c2 cells detected less than 10 MDVs 

per cell under basal conditions (Li et al., 2020) and approximately 30 MDVs per cell under 

OXPHOS induction by galactose adaption (Cadete et al., 2016). This contrasts strongly with 

the utilization of 3DSIM and our cell line which assessed an average of 127 MDVs per frame 

in fixed cells, with each frame not even encompassing a single entire cell. The importance of 

visualizing these highly dynamic and very small structures in living cells is further highlighted 

by the number of MDVs observed per µm2 being 84% higher in live cells relative to fixed. This 

difference may in part be due to selection of imaging site but could also be caused by the 

fixation procedure. If MDVs are lost during fixation than permeabilizing the cells would most 

likely exacerbate loss of MDVs. The importance of selecting appropriate methodologies for 
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MDV imaging studies cannot be understated and SRM should be considered a routine technique 

and necessary tool for studying MDVs by imaging.  

For further avenues of study beyond determining the distribution of roles within an MDV 

population there are numerous possibilities. Of particular interest may be investigating MDV 

formation, which has been found to involve mitochondrial tubules, similar to those we 

observed. The mechanism for this process was elucidated in a study by König et al. published 

in late 2021, shortly after our article was accepted for publication (König et al., 2021). As we 

can directly observe the mitochondrial tubules through the SRM technique 3DSIM we could in 

an siRNA KD study of key molecular players identified by König et al. observe the effects of 

KDs on both the mitochondrial tubules themselves and the MDV population in living cells. 

Another possibility is an in-depth quantification study to determine MDV generation rate based 

on different types of cellular stress, which could shed light on their role as a mitochondrial 

quality control response. It is unknown if quality control MDVs are released equally in response 

to all forms of cellular stress, or if they are a mitochondrial response for a selected array of 

stress inducing conditions. This could also be combined with a siRNA KD screen of key 

proteins to evaluate the effects of induced loss of function on MDV release to elucidate new 

molecular actors with regulatory functions. As the study of MDVs is still an emerging field 

within mitochondrial quality control there are many discoveries yet to be made. While there 

were no significant new mechanistic findings in paper II, the methods employed for the study 

can serve as a guideline for future studies seeking to visualize and potentially quantify MDVs 

through light microscopy as part of their investigations. 

 

Lipid droplets – controlled use of fatty acids 
The evolutionary advantage protomitochondria provided to their archea host cells was the 

bioenergetic capacity necessary to achieve eukaryotic cell complexity (Martin et al., 2015). The 

metabolic pathways present in mammalian cells have multiple substrates (carbohydrates, fatty 

acids, and amino acids) that fuel the bioenergetic activity of mitochondria. From an 

evolutionary perspective, having the capability to generate energy from different metabolic 

substrates is advantageous for cell survivability. The cell becomes less vulnerable to a reduction 

in a particular substrate availability. Among metabolic substrates, fatty acids are a standout, 

having the highest energy density among all known energy substrates and, in vertebrates, 

providing the most efficient energy production (Zechner et al., 2017). However, an 
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overabundance of fatty acids is not beneficial to cells. High concentrations of fatty acids cause 

lipotoxicity which can cause cellular dysfunction and cell death (Unger, 2002). Storing fatty 

acids as neutral lipids within lipid droplets allows cells to safely segregate these crucial 

metabolic compounds and access them as needed through lipolysis or lipophagy. Cells must 

balance the processes of lipid storage in lipid droplets with lipid utilization. Thus, an imbalance 

favoring lipid storage results in aberrant accumulation of lipid droplets. This is a pathological 

feature of compromised cardiac function associated with hyperlipidemia-related metabolic 

diseases such as obesity and diabetes mellitus (Lopaschuk et al., 2010; Schott et al., 2019). 

The work in paper III investigated lipid droplets in H9c2 cells and hiPSC-CMs. We focused on 

determining the feasibility of studying lipid droplet accumulation, degradation, and interactions 

with mitochondria in these cell models. As part of this we employed OXPHOS induction by 

galactose adaption to observe the impact of elevated OXPHOS on lipid droplet accumulation. 

Our findings showed that the lipid droplet population present in both cell models was 

significantly lower, both before and after lipid loading, in cells having undergone OXPHOS 

induction by galactose adaption relative to those grown in the presence of glucose. This may 

indicate that the cells which have undergone galactose adaption have a higher utilization of 

fatty acids in their metabolism. This would counteract their increased uptake of fatty acids 

during lipid loading resulting in less lipid droplet accumulation. The cells in glucose containing 

growth media meanwhile utilize glucose for glycolysis and therefore have less use for fatty 

acids in their energy metabolism. The effect of different growth medias being more pronounced 

in the hiPSC-CMs may be due to their differentiated status and the additional energy required 

for the cells rhythmical beating. A further factor potentially exacerbating the pronounced 

difference is that galactose adaption of the hiPSC-CMs may accelerate their maturation into 

more adult-like CMs with higher oxidative metabolism (Correia et al., 2017). 

The significantly lower lipid droplet population in galactose adapted cells posed challenges for 

quantification. Low and highly variable signal-to-noise ratios complicated detection, and low 

lipid droplet populations gave enhanced statistical weight to outlier cells with large lipid 

reserves. For the investigation of lipid droplet turnover we therefore kept the cells in their 

normal glucose containing conditions for the lipid loading treatment and the subsequent 

withdrawal period. In the H9c2 cells the lipid droplet area per cell was reduced to less than 20% 

after oleic acid withdrawal, a significant and very steep decline. The perturbed lipid droplet 

degradation with lysosomal lipase inhibitor Lalistat2 (LaLi) or lysosomal inhibitor bafilomycin 

A1 (BafA1) indicates that acid lipolysis and lipophagy are part of an important pathway which 
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can resolve lipid droplet overabundance. We have yet to determine the fate of the lipid droplets 

lost during the withdrawal. Lysosomal exocytosis may be involved in the rapid reduction of 

lipid droplets in H9c2 cells. Lysosomal exocytosis, where the lysosome fuses with the plasma 

membrane to expel its contents, is identified as a route for the efflux of fatty acids derived from 

lipophagy (Cui et al., 2021). The peripheral localization of the lipid droplets in H9c2 cells after 

oleic acid loading and after lysosomal inhibition further supports this. The involvement of 

lysosomal exocytosis in clearing the cells of lipids could be investigated by mucolipin TRP 

cation channel 1 (MCOLN1) siRNA KD to inhibit lysosome-plasma membrane fusion. 

Our results from the lipid droplet turnover quantification in the hiPSC-CMs revealed a different 

trend, showcasing high variability in lipid handling between cell types. We observed a much 

lower but still significant post-withdrawal decline for lipid droplet area per cell, a 17% 

reduction relative to pre-withdrawal levels. Furthermore, the effects of LaLi and BafA1 also 

differed with the LaLi treated cells having a significant increase (36%) in post-withdrawal lipid 

droplet area per cell relative to pre-withdrawal while BafA1 treated cells had no significant 

effect. The differentiated hiPSC-CMs could have a higher threshold for how much lipids are 

considered beneficial before the risk of lipotoxicity outweighs potential metabolic benefits. The 

greatly reduced rate of lipid droplet turnover found in the hiPSC-CMs relative to the H9c2 cells 

supports the need for attempting a longer duration withdrawal as it may demonstrate lipid 

droplet turnover trends more clearly. A longer duration withdrawal may thus help determine if 

lipophagy is merely of reduced importance or entirely uninvolved in the lipid droplet turnover 

post-lipid loading. The lack of significant effect of BafA1 supports a central role of the neutral 

lipases in hiPSC-CM lipid droplet turnover. ATGL has a crucial role in neutral lipolysis in mice 

hearts (Haemmerle et al., 2011) and hiPSC-CMs could have different ATGL expression levels 

than H9c2 cells or a higher minimum neutral lipase efficiency required to maintain normal 

function. Investigations to the relative contributions of neutral lipolysis and lipophagy should 

also consider changes to lipid droplet morphology. In hepatocytes, inhibition of either or both 

mechanisms did not significantly change overall lipid droplet content, however lipid droplet 

morphology was dramatically impacted. Inhibiting ATGL or both neutral lipolysis and 

lipophagy simultaneously resulted in enlarged lipid droplets, while inhibiting only lipophagy 

by lysosomal inhibition resulted in accumulation of numerous small lipid droplets (Schott et 

al., 2019). Investigating if lipid droplets are targeted by lipolysis as a prerequisite for lipophagy 

in cardiac cells, similar to in hepatocytes, would reveal if this aspect of lipid droplet catabolism 

is cell type specific or a common pathway. 
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Lipid droplet-mitochondria interplay was investigated by SRM in both H9c2 cells and hiPSC-

CMs revealing similarly frequent interactions and extended periods of close contact between 

the two organelles. While mitochondria were observed to be highly mobile, independent of 

lipid droplet presence, the movements of lipid droplets appeared to be more oscillating with a 

limited range of movement unless they were in close contact with mitochondria. Interactions 

between the ER and lipid droplets were not investigated but are a potential avenue for further 

characterizing lipid droplet motility. The oscillating movements of the lipid droplets may have 

been caused by ongoing ER-lipid droplet contacts, given previous findings in COS-7 cells 

where the ER is most frequently in contact with lipid droplets (Valm et al., 2017). Our CLEM 

images of the hiPSC-CMs confirmed the proximity of lipid droplets and mitochondria. The 

revealed ultrastructure of the close contacts between lipid droplets and mitochondria indicates 

these as means of material (e.g. fatty acid) transfer between lipid droplets and mitochondria in 

cardiomyocytes. These defined contacts also fit with the reported ability of lipid droplets to 

clear the OMM of pro- and anti-apoptotic proteins (Bischof et al., 2017).  

We utilized neutral lipid stains to label lipid droplets in our cell models, however as neutral 

lipids are not limited to lipid droplets, other organelles such as late endosomes and lysosomes 

may also be affected by the stain (Henne, 2019). Furthermore, in conditions with few lipid 

droplets the signal-to-noise ratio becomes insufficient to perform accurate quantifications. An 

improvement on the current methodologies employed would be a technique which specifically 

labels only lipid droplets and provides a higher intensity signal. One approach to accomplish 

this would be creating stable cell lines with a fluorescent label attached to a lipid droplet specific 

protein. A good candidate for this is PLIN5 as it is lipid droplet specific and tethers lipid 

droplets to mitochondria through an interaction with solute carrier family 27 member 4 

(SLC27A4, also known as FATP4) in the OMM (Miner et al., 2023). The work in paper III 

forms a foundation upon which new insights into lipid droplet accumulation, turnover and 

mitochondrial interactions can be elucidated in cardiac cells.  
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Future Perspectives 
Human health is an exceedingly complex balance of cellular processes that are both highly 

robust and sensitive to disruption. Our studies of mitophagy, MDVs and lipid droplets all seek 

to further our understanding of these specific aspects of cellular biology for the advancement 

of human health. As many cellular processes are regulated differently between different cell 

and tissue types, the cell model used for an investigation is important. Choosing to perform 

investigations in cardiac cell models allows our findings, derived insights, and continued 

research to be more relevant for cardiovascular disease, the leading global disease burden. 

The findings from our studies alongside the tools and expertise developed form a foundation 

upon which future research can continue. For mitophagy and MDVs the further characterization 

of these mechanisms under more physiologically relevant conditions is a challenge but 

promises to give a more comprehensive understanding of how mitochondrial quality control 

operates under normal conditions. In regards to lipid droplets, studies have focused on 

adipocytes and hepatocytes, yet the crucial functions of lipid droplets are not limited to these 

cell types. Furthermore, as their different roles in the cellular environment are still elusive, 

studying lipid droplets in different cell types may uncover new insights into this intriguing 

organelle and even yield avenues for therapeutic intervention. The path from basic science to 

therapeutic application is typically a long multi-decade process, however that may not always 

be the case. In our rapidly changing world with ceaseless technological advancements and our 

continued efforts to delve into the unknown, we may experience and benefit from faster-than-

expected breakthroughs yielding better health for all. A small finding today may be a 

steppingstone for tomorrow’s breakthrough. 
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ABSTRACT
Mitochondria are susceptible to damage resulting from their activity as energy providers. Damaged 
mitochondria can cause harm to the cell and thus mitochondria are subjected to elaborate quality- 
control mechanisms including elimination via lysosomal degradation in a process termed mitophagy. 
Basal mitophagy is a house-keeping mechanism fine-tuning the number of mitochondria according 
to the metabolic state of the cell. However, the molecular mechanisms underlying basal mitophagy 
remain largely elusive. In this study, we visualized and assessed the level of mitophagy in H9c2 
cardiomyoblasts at basal conditions and after OXPHOS induction by galactose adaptation. We used 
cells with a stable expression of a pH-sensitive fluorescent mitochondrial reporter and applied state- 
of-the-art imaging techniques and image analysis. Our data showed a significant increase in acidic 
mitochondria after galactose adaptation. Using a machine-learning approach we also demonstrated 
increased mitochondrial fragmentation by OXPHOS induction. Furthermore, super-resolution micro
scopy of live cells enabled capturing of mitochondrial fragments within lysosomes as well as dynamic 
transfer of mitochondrial contents to lysosomes. Applying correlative light and electron microscopy 
we revealed the ultrastructure of the acidic mitochondria confirming their proximity to the mito
chondrial network, ER and lysosomes. Finally, exploiting siRNA knockdown strategy combined with 
flux perturbation with lysosomal inhibitors, we demonstrated the importance of both canonical as 
well as non-canonical autophagy mediators in lysosomal degradation of mitochondria after OXPHOS 
induction. Taken together, our high-resolution imaging approaches applied on H9c2 cells provide 
novel insights on mitophagy during physiologically relevant conditions. The implication of redundant 
underlying mechanisms highlights the fundamental importance of mitophagy.
Abbreviations: ATG: autophagy related; ATG7: autophagy related 7; ATP: adenosine triphosphate; 
BafA1: bafilomycin A1; CLEM: correlative light and electron microscopy; EGFP: enhanced green 
fluorescent protein; MAP1LC3B: microtubule associated protein 1 light chain 3 beta; OXPHOS: 
oxidative phosphorylation; PepA: pepstatin A; PLA: proximity ligation assay; PRKN: parkin RBR E3 
ubiquitin protein ligase; RAB5A: RAB5A, member RAS oncogene family; RAB7A: RAB7A, member RAS 
oncogene family; RAB9A: RAB9A, member RAS oncogene family; ROS: reactive oxygen species; SIM: 
structured illumination microscopy; siRNA: short interfering RNA; SYNJ2BP: synaptojanin 2 binding 
protein; TEM: transmission electron microscopy; TOMM20: translocase of outer mitochondrial mem
brane 20; ULK1: unc-51 like kinase 1.
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Introduction

Mitochondria are the main energy producing organelles in 
eukaryotic cells and are also central in the control of redox 
homeostasis, Ca2+ signaling, iron metabolism, innate immu
nity and programmed cell death [1–5]. In most cell types, 
mitochondria are arranged in highly dynamic networks, con
trolled by constant fusion and fission events [6] driven by 
mitochondria movements along the cytoskeleton [7]. Events 
such as cell cycle progression, cellular differentiation, oxida
tive stress, metabolic perturbation and engagement in 

programmed cell death, all lead to significant alterations in 
the architecture of the mitochondrial network [8].

Mitochondria are dependent on oxygen for energy produc
tion in the form of adenosine triphosphate (ATP) through 
oxidative phosphorylation (OXPHOS). Reactive oxygen spe
cies (ROS) are formed as by-products during OXPHOS and 
thus mitochondria are susceptible to mitochondrial DNA 
mutations and protein misfolding that can ultimately lead to 
mitochondrial damage [9]. Damaged mitochondria result in 
energy-generation defects, the increased production of

CONTACT Asa Birna Birgisdottir aasa.birna.birgisdottir@uit.no Department of Clinical Medicine, UiT-The Arctic University of Norway, Tromsø 9037, Norway
Supplemental data for this article can be accessed online at https://doi.org/10.1080/15548627.2023.2230837

AUTOPHAGY                                                                                                                                                         
2023, VOL. 19, NO. 10, 2769–2788
https://doi.org/10.1080/15548627.2023.2230837

© 2023 The Author(s). Published by Informa UK Limited, trading as Taylor & Francis Group. 
This is an Open Access article distributed under the terms of the Creative Commons Attribution License (http://creativecommons.org/licenses/by/4.0/), which permits unrestricted use, 
distribution, and reproduction in any medium, provided the original work is properly cited. The terms on which this article has been published allow the posting of the Accepted Manuscript 
in a repository by the author(s) or with their consent.

http://orcid.org/0000-0003-1080-3619
https://doi.org/10.1080/15548627.2023.2230837
http://www.tandfonline.com
https://crossmark.crossref.org/dialog/?doi=10.1080/15548627.2023.2230837&domain=pdf&date_stamp=2023-08-26


harmful reactive oxygen species and can trigger programmed 
cell death when the damage is beyond repair. Hence, mito
chondria are subjected to elaborate quality control mechan
isms [10]. Damaged mitochondria can be selectively 
eliminated by one such mechanism, termed mitophagy, 
dependent on the autophagy machinery [11–13]. Mitophagy 
is often preceded by fission of damaged mitochondria (or 
parts of mitochondria) from the mitochondrial network, fol
lowed by sequestration by a double-membrane-bound auto
phagosome and culminates in fusion with a lysosome where 
the mitochondria are degraded by resident acidic hydrolases. 
There are multiple signaling pathways that govern autopha
gosome engulfment of damaged mitochondria [14].

Macroautophagy/autophagy initiation in mammalian cells 
is driven by the ULK1 (unc-51 like kinase 1) protein kinase 
complex that phosphorylates and activates key downstream 
mediators involved in autophagosome formation [15]. 
Activation and recruitment of the ULK1 complex has been 
implicated in mitophagy [16–19]. Autophagosome formation 
involves lipidation of the Atg8 (autophagy-related 8)-family 
proteins such as MAP1LC3B (microtubule associated protein 
1 light chain 3 beta). Here, Atg8-family proteins are conju
gated to phosphatidylethanolamine (PE) in the phagophore 
membrane, representing one of the key molecular signatures 
of canonical autophagy [20]. Atg8-family protein lipidation is 
a multistep process driven by the enzymatic activity of core 
autophagy proteins: the E1-like ATG7 (autophagy related 7), 
the E2-like ATG3 (autophagy related 3) and the E3-like 
ATG12–ATG5-ATG16L1 complex [21–23].

Selected cargo such as mitochondria destined for degrada
tion are connected to the forming autophagosome through 
binding to Atg8-family proteins in a ubiquitin dependent or 
independent manner [10]. Intriguingly, non-canonical path
ways, independent of ATG7 and Atg8-family protein lipida
tion, have also been described for lysosomal clearance of 
damaged mitochondria. These include alternative autophagy 
[24,25], microautophagy involving formation of small mito
chondria derived vesicles (MDVs) [26] and degradation 
through the endo-lysosomal pathway involving the endosomal 
small GTPase RAB5A (RAB5A, member RAS oncogene 
family) [27]. Furthermore, non-canonical mitophagy 
described in mouse cardiomyocytes depends on ULK1 and 
the small GTPase RAB9A (RAB9A, member RAS oncogene 
family) [28]. Interestingly, mitochondria and lysosomes can 
also directly interact through the small GTPase RAB7A 
(RAB7A, member RAS oncogene family) [29].

The most studied ubiquitin-dependent mitophagy is known 
as PINK-PRKN-dependent mitophagy, orchestrated by the 
enzyme 3 (E3) ubiquitin ligase PRKN (parkin RBR E3 ubiquitin 
protein ligase) and the protein kinase PINK1 (PTEN induced 
putative kinase 1) [30]. Pioneering work for elucidation of 
PRKN-mediated mitophagy relied on induction of mitophagy 
by using cytotoxic agents targeting mitochondria, resulting in 
membrane potential dissipation of the entire network and loss of 
most of the mitochondria [31,32]. In contrast, basal mitophagy is 
considered a house-keeping mechanism where mitochondrial 
content is fine-tuned depending on the metabolic state of the 
cell [9,14]. Thus, use of mitochondria depolarizing agents is not 

optimal to simulate physiological situations. Notably, the mole
cular mechanisms governing basal level of mitophagy in cells 
under physiological conditions remain mostly elusive.

In this work we set out to visualize and assess mitophagy in 
H9c2 cardiomyoblasts during normal culture conditions and 
after OXPHOS induction by galactose adaptation. We exploited 
H9c2 cells expressing pH-sensitive tandem mCherry-enhanced 
green fluorescent protein (EGFP) fluorescent mitochondrial 
reporters and applied state-of-the-art imaging methods for 
a detailed characterization of mitochondrial fragments within 
acidic compartments. Our results provide novel insights into the 
dynamics and regulation of lysosomal degradation of mitochon
dria in physiologically relevant settings.

Results

H9c2 cells with a pH-sensitive fluorescent mitochondrial 
reporter display induced formation of acidic 
mitochondria when adapted to galactose

In order to monitor lysosomal degradation of mitochondria 
in rat cardiac myoblasts (H9c2) we established stable cell 
lines with constitutive expression of a fluorescent (mCherry- 
EGFP) tandem-tagged trans-membrane (TM) domain of the 
outer mitochondrial membrane protein SYNJ2BP/OMP25 
(synaptojanin 2 binding protein) [33–35] or tandem tagged 
full-length TOMM20 (translocase of the outer mitochondrial 
membrane 20) protein. The mitochondria thus display both 
green (EGFP) and red (mCherry) fluorescence and appear 
yellow in merged images of the green and the red channel 
during fluorescence imaging of the cells. The EGFP fluores
cence is quenched at low pH while the mCherry fluorescence 
is acid stable (Figure 1A) [36]. Therefore, during imaging, 
mitochondria or parts of mitochondria in acidic compart
ments (late endosomes or lysosomes) appear as red-only 
structures in merged images. Under normal culture condi
tions, red-only dots were easily detected by fluorescence 
microscopy of stably transfected H9c2 cells, thus enabling 
monitoring of basal levels of lysosomal acidification of 
engulfed mitochondria (Figure 1B). In order to investigate 
the effect of a metabolic shift on mitochondria degradation, 
the cells were adapted to galactose in glucose-free growth 
medium for a minimum of 7 days. In this way the cells 
become mostly dependent on OXPHOS for ATP production 
[37]. As a control, the cells were kept in normal high glucose 
containing media for the same time-period and propagated 
simultaneously. The cells were then fixed and imaged by 
fluorescence microscopy (Figure 1B). Image analysis soft
ware was used to assess the number of cells containing red- 
only mitochondria as well as the number of red-only dots 
per cell (Figure S1A). Our data demonstrate that during 
normal culture conditions approximately 50% of the 
mCherry-EGFP-SYNJ2BP-TM cells displayed acidic mito
chondria (Figure 1C). Interestingly, a significant increase in 
the number of cells with acidic mitochondria was detected in 
the galactose-adapted cells (approximately 90%) with an 
almost a two-fold increase in the number of red-only dots 
per cell (Figure 1C). Similarly, the TOMM20-mCherry- 
EGFP H9c2 cells displayed an increase in the number of red-
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Figure 1. Reporter H9c2 cells display an increase in acidic mitochondria during galactose adaption. (A) An illustration of the pH-sensitive tandem fluorescent reporter 
mCherry-EGFP at different pH levels (red and green at neutral pH and red-only at acidic pH). (B) Representative widefield fluorescence microscopy images of H9c2 
cells with a stable expression of the mCherry-EGFP-SYNJ2BP-TM reporter grown in glucose (GLU) or adapted to galactose (GAL) media. (C) Quantification of the 
percentage of cells containing red-only dots and quantification of the number of red-only dots per cell in cells with red-only dots in glucose vs galactose media for 
cells with the mCherry-EGFP-SYNJ2BP-TM reporter. (D) Representative widefield fluorescence microscopy images of H9c2 cells with a stable expression of the 
TOMM20-mCherry-EGFP reporter grown in glucose (GLU) or adapted to galactose (GAL) media. (E) Quantification of the percentage of cells containing red-only dots 
and quantification of the number of red-only dots per cell in cells with red only dots in glucose vs galactose media for cells with the TOMM20-mCherry-EGFP 
reporter. Data presented in (C) and (E) is shown as mean ± SEM from 3 independent experiments, with more than 100 cells in each condition. The individual 
datapoints are per frame cell averages.
Note: * p < 0.05, ** p < 0.01, *** p < 0.001 and **** p < 0.0001. Scale bar: 10 μm. 
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only dots per cell when adapted to galactose (Figure 1D,E). 
In comparison, 16 h of hypoxia (0.3% O2), a well-known 
inducer of mitophagy [38], resulted in an equivalent increase 
in the number of red-only structures per cell (Figure S1B). 
Furthermore, using transient transfection of the pH-sensitive 
mt-Keima probe targeted to the mitochondrial matrix 
[39,40], we detected a significant increase in acidic mito
chondria per cell in galactose adapted H9c2 cells (Figure 
S1C). To summarize, galactose adaptation of H9c2 cells 
induced lysosomal engulfment of mitochondria visualized 
by different pH-sensitive mitochondria targeted probes.

Galactose adaptation of H9c2 cells results in more 
fragmented mitochondria morphology, elevated 
mitochondrial respiration and higher susceptibility to 
mitochondrial damage.

Degradation of mitochondria is commonly preceded by mito
chondrial fission or fragmentation [41,42]. We performed 
computational image analysis of mitochondrial morphology 
in the tandem-tagged H9c2 cells using machine learning. This 
enabled classification and quantification of the mitochondria 
morphology as networks, rods or dots as described previously 
[43,44]. We used confocal images of fixed mCherry-EGFP- 
SYNJ2BP-TM H9c2 cells grown under normal culture condi
tions or adapted to galactose (Figure 2A). Our computational 
analysis revealed that for both growth conditions, most of the 
mitochondria were in a network but for the galactose adapted 
cells the percentage was significantly lower and there were 
more mitochondria classified as rods and dots (Figure 2B). 
Furthermore, the average length of rod-shaped mitochondria 
as well as mitochondrial networks was significantly shorter in 
the galactose adapted cells (Figure 2C). Thus, our morphology 
analysis showed more fragmented mitochondria in galactose 
adapted cells. To demonstrate that galactose adaptation of the 
cells in fact induces OXPHOS, we characterized mitochon
drial function by performing high-resolution respirometry 
using an Oxygraph-2k (Oroborus Instruments). Our results 
showed that cells adapted to galactose displayed higher mito
chondrial respiration and higher ATP-linked respiration in 
comparison to cells under normal culture conditions, indica
tive of induced OXPHOS (Figure 2D). For investigation of the 
level of mitochondrial ROS production we applied the mito
chondria-targeted superoxide indicator MitoSOX Red in 
H9c2 cells in glucose or adapted to galactose. This indicator 
gives rise to a fluorescent signal in the presence of mitochon
dria superoxide [45]. To measure mitochondrial ROS induc
tion, we subjected these cells to antimycin A treatment for 4 h. 
Live confocal imaging of the cells (Figure S2) and Flow 
cytometry (Figure 2E) revealed substantially higher mitochon
drial ROS production in galactose adapted cells in comparison 
to cells in glucose after antimycin A treatment. This demon
strates that the cells in galactose have become more dependent 
on their mitochondria and thus are more susceptible to mito
chondrial toxicants [46]. Taken together, these results are 
consistent with OXPHOS-induced degradation of mitochon
dria after galactose adaptation as indicated by the increase in 
red-only structures.

Red-only structures stain positive for markers of the 
different mitochondrial compartments but are devoid of 
mitochondrial membrane potential.

To verify targeting of the mCherry-EGFP-SYNJ2BP-TM repor
ter to the mitochondria in H9c2 cells and to demonstrate that 
red-only structures contained other mitochondrial markers, we 
performed immunofluorescence staining with antibodies 
against the outer mitochondrial membrane proteins TOMM20 
and FIS1 (fission, mitochondrial 1) as well as the inner mem
brane protein ATP5F1A/ATP5A (ATP synthase F1 subunit 
alpha) and the matrix protein PDHA1 (pyruvate dehydrogenase 
E1 alpha 1). As expected, our results showed a high degree of 
colocalization of the tandem-tagged reporter with all the differ
ent mitochondrial markers, indicating correct targeting of the 
reporter to the mitochondria (Figure 3A). In addition, several of 
the red-only structures stained positive for the markers of the 
different mitochondrial compartments, confirming the presence 
of mitochondrial proteins in addition to the reporter in an 
acidic environment (Figure 3A enlarged). For assessment of 
mitochondrial membrane potential, we incubated the cells 
with MitoTracker Deep Red and performed live confocal ima
ging of the cells. Interestingly, the red-only structures did not 
stain positive for MitoTracker Deep Red, indicating loss of 
membrane potential (Figure 3B). In summary, the red-only 
structures represent fragments of mitochondrial origin that 
have lost the membrane potential.

Functional lysosomes give rise to red-only structures

To study colocalization of red-only mitochondria and acidic 
organelles (endo/lysosomes) we utilized LysoTracker Deep 
Red staining of the mCherry-EGFP-SYNJ2BP-TM H9c2 cells 
and applied three-dimensional (3D) structured illumination 
microscopy (SIM) on the cells after fixation. The obtained 
super-resolution images clearly demonstrated the presence of 
the reporter on the targeted mitochondrial outer membrane 
(Figure 4A). Furthermore, our results showed that most of the 
red-only mitochondria were positive for LysoTracker Deep Red 
staining, indicating colocalization of red-only mitochondria and 
lysosomes (Figure 4Ai,ii). To establish that the increased 
appearance of red-only mitochondria in galactose adapted 
H9c2 cells was in fact dependent on low pH inside lysosomes 
(or late endosomes) and that the reporter responded dynami
cally to lysosomal pH, we subjected the galactose adapted cells 
to bafilomycin A1 (BafA1) treatment for 6 h (Figure 4B). BafA1 
inhibits the vacuolar type H+-ATPase (V-ATPase) and results in 
pH elevation in the lysosome lumen leading to a subsequent 
inhibition of resident hydrolases. In addition, BafA1 can impair 
fusion between autophagosomes and lysosomes [47]. As antici
pated, the number of cells with red-only mitochondria as well as 
the number of these per cell was abolished in the presence of 
BafA1 (Figure 4C). In contrast, treatment with inhibitors of 
lysosomal cathepsins, pepstatin A (PepA) and E64d, does not 
affect acidification of lysosomes but hampers cargo degradation 
[47]. Indeed, treatment of the H9c2 cells with the cathepsin 
inhibitors for 6 or 12 h resulted in an increase in the number of 
cells with red-only mitochondria as well as the abundance of 
red-only dots per cell, demonstrating the importance of
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Figure 2. Mitochondria morphology analysis, mitochondrial respiration and ROS measurements indicate more fragmented mitochondria and OXPHOS dependance 
after galactose adaptation. (A) Morphological analysis of confocal images of cells grown in glucose vs galactose media. A representative skeletonization mask is 
depicted for each culture condition with the different morphology classes indicated in different colors. Rules for morphology classes are displayed at the bottom. (B) 
Overview of the distribution of mitochondria morphology classes in percentage for the two different growth conditions. The distribution for glucose vs galactose 
adaption is 5.16% vs 7.14% for dots, 13.79% vs 17.58% for rods and 81.04% vs 75.28% for network. (C) Quantification of the average length of mitochondria in the 
rod and network morphology classes for cells grown in glucose vs galactose. (D) High-resolution respirometry performed in an Oxygraph-2k (Oroboros Instruments). 
Oxygen consumption rate, OCR (pmolO2/s × 106 cells) of cells grown under normal conditions (high glucose) or adapted to galactose was corrected for residual 
oxygen consumption (ROX) and normalized to the cell number per ml in the chambers. The values displayed in the graph are from four independent experiments ±  
SEM, indicating mitochondrial respiration (basal respiration minus ROX) and ATP-linked respiration (basal respiration minus proton leak), respectively. (E) Flow 
cytometry analysis of H9c2 cells grown in normal media with glucose or adapted to galactose. The antimycin A (AMA) treated/untreated cells were stained with 
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lysosomal cathepsins in degradation of red-only dots 
(Figure 4D). We also demonstrated the same effect of the 
lysosomal inhibitors in the H9c2 TOMM20-mCherry-EGFP 
cells (Figure S3). Taken together, these results indicate that 
functional lysosomes are a prerequisite for the appearance and 
degradation of acidic mitochondria.

Capturing formation of acidic mitochondria by 
super-resolution imaging

To visualize the formation of acidic mitochondria we per
formed three-dimensional (3D) structured illumination 
microscopy (SIM) of live mCherry-EGFP-SYNJ2BP-TM 
H9c2 cells during normal culture conditions and in galactose 
adapted cells after LysoTracker Deep Red staining. 
Interestingly, in live videos from cells in both growth condi
tions (Video S1 and S2) we could detect a LysoTracker- 
positive structure containing a mitochondrial fragment of 
around 500 nm with both red and green fluorescence, indicat
ing recent engulfment since the EGFP fluorescence was still 
detectable (Figure 5A,B). We identified these structures in the 
start of the videos and thus were unable to trace their forma
tion back in time (Figure 5A). The majority of LysoTracker 
positive structures however did not contain any traces of 
EGFP fluorescence, possibly reflecting their more “mature” 
or degradative state. Notably, there is a significant time-delay 
between capturing the different channels during live 3D SIM 
imaging resulting in a slightly shifted appearance of the red 
and the green fluorescence of the same mitochondrial struc
ture (Figure 5A). This makes it challenging to follow the 
formation of red-only structures in live SIM videos. To over
come this issue, we stained cells with LysoView 650 and used 
Airyscan FAST imaging to record videos at high temporal and 
spatial resolution (500 frames, frame time 1.01 s), without 
time delay between channels (Video S3–S5). As expected, we 
saw an almost complete overlap between LysoView 650 and 
red-only dots, confirming their acidic nature. Furthermore, 
the highly motile red-only dots were observed in close proxi
mity with tubular mitochondria (Figure 6A). The time-lapse 
imaging revealed the red-only dots engaged in numerous 
transient contacts with the tubular mitochondria (Figure 6A, 
2:34; Figure 6B, 2:19; Figure 6C, 0:24) lasting from less than 
30 seconds to several minutes. Following such contacts, 
a mitochondrion was in some instances seen to alter its 
shape to become notably pulled toward red-only dots (see 
mitochondrion in contact with two red-only dots in the 
enlarged view in Figure 6C; compare timepoints around 1:00 
to 2:45 in video S5). Furthermore, we observed several 
instances of apparent rapid transfer of material between 
a mitochondrion and a red-only dot (Figure 6C enlarged 
views from 1:36 to 2:12). Importantly, in such cases EGFP 
fluorescence was only briefly detectable at the intersection 
between the structures, suggesting uptake into an acidic 

lumen and an almost instant quenching of the EGFP fluor
ophore. Taken together, by applying 3D SIM and Airyscan 
FAST live cell imaging we could capture lysosomal engulf
ment of mitochondrial contents.

CLEM reveals red-only structures as single membrane 
vesicles containing collapsed mitochondria and lamellar 
lysosomes

Correlative light and electron microscopy (CLEM) enables the 
determination of ultrastructural features of fluorescently 
labeled structures in a cellular context. For this type of high- 
resolution image analysis of the red-only dots we seeded our 
tandem-tagged SYNJ2BP-TM H9c2 cells grown under normal 
conditions or adapted to galactose on gridded dishes and 
stained the cells with LysoTracker Deep Red prior to fixation. 
Confocal imaging of the fixed cells and the grid after 4′,6- 
diamidino-2-phenylindole (DAPI) staining allowed us to relo
cate the coordinates of cells of interest after resin embedding. 
Serial section ultramicrotomy was performed on selected posi
tions/cells, and the sections were then imaged by transmission 
electron microscopy (TEM). By overlay of confocal images 
and TEM images we could identify red-only mitochondria 
positive for LysoTracker Deep Red as quite electron dense 
structures with features typical of autophagic vacuoles, with 
varying size and content in cells under normal conditions 
(Figure 7A). The ultrastructural characteristics of red-only 
dots did not seem to depend significantly on their size, since 
smaller red-only dots showed similar features as larger ones 
(Figure S4A). In contrast, mitochondria with both EGFP and 
mCherry fluorescence had a tubular shape and normal cristae 
(Figure 7Avi). For the galactose adapted cells, the red-only 
structures were more homogenous and less electron dense 
(Figure 7B). Of note, when inspecting multiple consecutive 
sections of the same cells (Figure 7Biv-v), red-only structures 
were frequently seen in close vicinity (or in contact) with both 
the tubular mitochondrial network and the ER, as well as with 
electron-dense structures reminiscent of lysosomes 
(Figure 7Bvi). Serial section imaging revealed the ultrastruc
ture of these red-only/LysoTracker-positive dots as single 
membrane vesicles surrounding remnants of what appeared 
to be collapsed mitochondria (no cristae) and an electron 
dense multilamellar lysosome (Figure 7C). To investigate the 
ultrastructure of red-only dots in a state of hampered lysoso
mal turnover, we performed CLEM after treatment with PepA 
and E64d, on cells grown in both glucose and galactose 
(Figure S4B and S4C, respectively). As expected, we observed 
an increased number of red-only dots which appeared heavily 
aggregated and had an increased electron density after lyso
somal inhibition. Our results are consistent with increased 
lysosomal degradation of mitochondria after galactose

mitoSOX Red and compared with unstained cells as a negative control. During normal culture conditions, antimycin A treatment resulted in approximately 47% 
mitoSOX Red positive cells, while in galactose 91% of the cells were mitoSOX Red positive. The data depicted represent one of three independent experiments. Data 
presented in (B) and (C) is shown as mean ± SEM of 20 fields of view per condition. The individual datapoints are per frame cell averages.
Note: * p < 0.05, ** p < 0.01, *** p < 0.001 and **** p < 0.0001. Scale bar: 10 μm. 
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Figure 3. Red-only dots colocalize with mitochondrial markers of different mitochondrial compartments and lack membrane potential. (A) Confocal microscopy 
images of fixed tandem- tagged (mCherry-EGFP-SYNJ2BP-TM) H9c2 cells demonstrating colocalization of red-only dots with mitochondrial marker proteins of the 
different mitochondrial compartments; FIS1 and TOMM20 (outer membrane), ATP5F1 A (inner membrane) and PDHA1 (matrix). Region of interest for each marker is 
presented in a zoomed-in image with a line profile including an enlarged red-only dot displaying the colocalization. (B) Confocal microscopy images of live H9c2 cells 
with the mCherry-EGFP-SYNJ2BP-TM reporter and MitoTracker Deep Red staining for both glucose and galactose adapted cells. The enlarged region of interest 
depicts line profiles demonstrating colocalization of MitoTracker Deep Red in mitochondrial networks, but lack of colocalization in red-only dots. Scale bar: 10 μm.
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Figure 4. Functional lysosomes are essential for the appearance and removal of red-only dots during galactose adaption. (A) Structured illumination microscopy (SIM) 
imaging of fixed mCherry-EGFP-SYNJ2BP-TM H9c2 cells showing red-only dots that are positive for LysoTracker DeepRed staining (magenta). Line profiles through 
the LysoTracker-positive red-only dots in the enlarged boxed regions of interest are depicted, with corresponding numbers between the overview image and 
enlarged images. (B) Representative images of galactose adapted mCherry-EGFP-SYNJ2BP-TM H9c2 cells during control conditions and after treatment with the 
lysosomal inhibitors bafilomycin A1 (BafA1; 200 nM) and pepstatin a (PepA;10 μg/ml) and E64d (10 μg/ml) for the indicated times. (C) Quantification of the effects of 
a 6 h treatment of BafA1 on galactose adapted cells with the mCherry-EGFP-SYNJ2BP-TM reporter by assessing the percentage of cells containing red-only dots and 
number of red-only dots per total cells. (D) Quantification of the effects of a time course treatment of PepA and E64d assessed by number of red-only dots per cell in 
cells with red-only dots in galactose adapted cells with the mCherry-EGFP-SYNJ2BP-TM reporter. Over 150 cells were analyzed for each condition. The data is 
presented as mean ± SEM from 3 independent experiments, with more than 100 cells per condition. The individual datapoints are per frame cell averages. NOTE: * p  
< 0.05, ** p < 0.01, *** p < 0.001 and **** p < 0.0001. Scale bars: 10 μm and 1 μm (Ai and Aii).
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Figure 5. Three-dimensional (3D) structured illumination microscopy (SIM) live cell imaging of mCherry-EGFP-SYNJ2BP-TM H9c2 cells captures mitochondrial 
fragments within acidic structures. (Ai) A still frame overview image (merged channels) from the start of Video S1 displaying a cell during normal culture conditions 
after adding the LysoTracker Deep Red dye (100 nM for 40 min). The boxed area indicates a mitochondrial fragment with both EGFP and mCherry fluorescence inside 
a LysoTracker Deep Red-positive structure. The channels for red and green fluorescence are slightly shifted due to the time-delay between images of the different 
channels. The region of interest is shown as an enlarged image and the structure is highlighted with an arrowhead. (Aii) A time series of the boxed area in Video S1 
following the movement of the lysosome containing the mitochondrial fragment (arrowhead). (B) A still frame overview image (merged channels) from the start of 
Video S2 displaying a cell after galactose adaptation after adding the LysoTracker Deep Red dye (100 nM for 40 min). The boxed area indicates a mitochondrial 
fragment with both EGFP and mCherry fluorescence inside a LysoTracker Deep Red-positive structure. The region of interest is shown as an enlarged image with the 
identified structure highlighted with an arrowhead. Max projection was utilized for all the images. Scale bars: 2 μm (overview images) and 1 μm (the enlarged images 
and for the time series).
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Figure 6. Airyscan FAST imaging of live galactose adapted mCherry-EGFP-SYNJ2B-TM H9c2 cells stained with LysoView 650 reveals transient contact and transfer 
between the mitochondrial network and red-only dots. (A) Full frame of video S3 at time 0:35 with zoomed-in area indicated (white box) for the selected time points 
(small panels, right). White arrows in the full frame show examples of red-only dots in close proximity with tubular mitochondria. White arrowheads in the small 
panels highlight a red-only dot approaching and contacting the mitochondrial network, producing a brief colocalized signal (yellow arrowheads) around time 2:34. At 
time 2:55, EGFP fluorescence has diminished, and the structure again appears red-only (white arrowheads). In subsequent frames, small protrusions of EGFP 
fluorescence (notched yellow arrowheads at time points 4:00 and 4:08) can be seen upon close inspection to extend from the mitochondrion and into the red-only 
dot, and then rapidly disappear (see also video S3). (B) Full frame of video S4 at time 1:47 with zoomed-in area indicated (white box) as in (A). White arrowheads 
indicate a red-only dot approaching the mitochondrial network from time point 2:07. The EGFP signal remains detectable within the red-only dot for a few seconds 
around time 2:19 (yellow arrowheads) and then disappears around time point 2:22 (see also video S4). (C) Full frame of video S5 at time 0:06 with zoomed-in area 
indicated (white box) as in (A) and (B). White arrowheads indicate a red-only dot which encounters a tubular mitochondrion from time point 0:24 (yellow 
arrowheads). In subsequent frames, small protrusions of EGFP fluorescence can be seen to extend into the red-only dots (notched yellow arrowheads at time 1:36, 
1:55, 2:03, and 2:12). An enlarged partial view (white boxes) of the mCherry and EGFP channels is shown below each time point. Scale bars: 10 μm (full frames), 2 μm 
(small panels), and 1 μm (enlarged views).
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adaptation and demonstrate the importance of imaging serial 
sections when characterizing ultrastructural features.

Knockdown of Ulk1, Atg7 or Rab9a, respectively, impacts 
on OXPHOS induced lysosomal degradation of 
mitochondria.

In an attempt to elucidate the mechanism(s) driving lysoso
mal degradation of mitochondria induced by galactose adap
tation in H9c2 cells, we performed short interfering RNA 
(siRNA) knockdown of selected key genes involved in auto
phagic or endosomal degradation of mitochondria in cardiac 
cells: Atg7 (canonical autophagy machinery) [48], Rab9a 
(alternative mitophagy) [28], Ulk1 (upstream of both ATG7 
and RAB9A) [15,28] as well as Rab5a (endosomal mitophagy) 
[27]. We also knocked down Rab7a, the small GTPase 
involved in direct contact between mitochondria and lyso
somes [28]. We chose a knockdown strategy with siRNA due 
to difficulties in generating CRISPR-Cas9 knockouts in H9c2 
cells as also previously reported [49]. The cells were subjected 
to 48 h of siRNA knockdown and grown with or without the 
lysosomal cathepsin inhibitors PepA and E64d during the 
final 12 h. After fixation, the cells were analyzed by fluores
cence microscopy (Figure 8A). The use of PepA and E64d 
enabled us to assess perturbation of autophagic flux resulting 
from siRNA knockdown by quantifying red-only dots 
(Figure 8B). The knockdown of each protein was verified 
with western blots of cell lysates from cells adapted to galac
tose (Figure 8C). The abundance of red-only dots was quan
tified and compared with cells treated with PepA and E64d. 
Surprisingly, siRNA knockdown of neither Ulk1, Atg7, Rab9a, 
Rab5a nor Rab7a affected the number of red-only dots per 
cell during steady-state conditions. However, knockdown of 
Ulk1, Atg7 and Rab9a led to an impaired flux, demonstrated 
by a lack of an increase in red-only dots after PepA and E64d 
treatment (Figure 8B). This did not apply to siRNA knock
down of Rab5a or Rab7a where the flux was unaffected. Our 
data thus show the importance of using lysosomal inhibitors 
when evaluating the effects of siRNA knockdowns on 
OXPHOS induced degradation of mitochondria. Prolonging 
the PepA and E64d treatment from 12 to 24 h did not uncover 
any further increase in the level of red-only dots (Figure S5A). 
Likewise, extending the siRNA knock-down to 72 h did not 
alter mitochondrial protein expression levels (Figure S5B). To 
further investigate the importance of the canonical autophagy 
machinery we monitored the presence of the autophagy mar
ker MAP1LC3B on mitochondria and on red-only dots. To 
this end, we performed a proximity ligation assay (PLA) [50] 
using anti-MAP1LC3B antibody in combination with anti- 
PDHA1 antibody. This assay enables the assessment of proxi
mity of the two targeted proteins in situ in fixed cells, giving 
rise to a fluorescent PLA signal or puncta only when the 
targeted proteins are within 40 nm of each other. The PLA 
puncta were localized on mitochondria, both networks and 
smaller structures, but were not present on red-only dots 
(Figure 8D). Notably, there was no increase in the number 
of PLA puncta per cell in galactose adapted cells compared to 

cells in normal glucose containing conditions (Figure 8E). 
This suggests the presence of MAP1LC3B on mitochondria 
before acidification but also indicates that MAP1LC3B is not 
the main mediator of enhanced mitochondrial degradation in 
galactose adapted cells. In conclusion, our data indicate the 
involvement of both ULK1, ATG7 and RAB9A in lysosomal 
degradation of mitochondria in H9c2 cells. In contrast, 
RAB5A and RAB7A do not seem to play a major role.

Discussion

Given the central role of mitochondria in cell homeostasis, 
maintaining functional mitochondria is crucial. Basal levels of 
mitophagy have been considered too low for a reliable assess
ment [47]. Interestingly, use of pH-sensitive mitochondria 
reporters such as mt-Keima and mito-QC reveal 
a substantial but heterogenous level of basal mitophagy in 
tissues of mice and flies [51–56] and a detectable level in 
C. elegans and zebrafish [57]. Since the fraction of mitochon
dria targeted for lysosomal degradation at any given time 
under normal conditions is likely small compared to the 
total pool of mitochondria within the cell, such sensitive 
reporters are crucial to detect the degradation. The mito-QC 
reporter has been used in H9c2 cardiomyoblasts to display 
induced mitophagy during cell differentiation [49]. We 
exploited a similar dual color fluorescence-quenching assay 
based on a mCherry-EGFP outer mitochondrial membrane 
targeted reporter to detect lysosomal degradation of mito
chondria in H9c2 cells. Our quantification of basal mitophagy 
in H9c2 cells showed a high percentage (around 50%) of cells 
containing red-only mitochondria. This is substantially higher 
than reported for e.g., human neuroblastoma SH-SY5Y cells 
[58] and mouse embryonic fibroblasts [59,60] where less than 
20% of the cells display red-only mitochondria. Notably, the 
number of acidic mitochondrial structures detected per cell 
(around 3–4) of H9c2 cells with red-only dots was similar as 
to that reported for SH-SY5Y cells and human retinal pigment 
epithelial ARPE-19 cells [61]. By employing a metabolic shift 
to OXPHOS by galactose adaptation we detected a significant 
increase in both the number of cells containing acidic mito
chondria as well as the number of red-only dots per cell. Our 
results are in line with studies on OXPHOS-induced mito
phagy in mouse endothelial fibroblasts (MEFs) [59] as well as 
in HeLa cells and human primary skeletal muscle myoblasts 
[62]. In addition, piecemeal mitophagy of specific mitochon
drial proteins is OXPHOS induced in HeLa cells [63] and in 
MEFs [60]. Most likely the induced removal of mitochondria 
or mitochondrial proteins is due to higher turnover of the 
mitochondria during elevated activity of the electron trans
port chain. This would sustain renewal of mitochondria and 
avoid accumulation of damaged organelles. In support of this, 
we have previously shown an increased formation of mito
chondria derived vesicles in galactose adapted H9c2 cells [35]. 
Conversely, OXPHOS dependance blocks iron chelator- 
induced mitophagy in human bone osteosarcoma U2OS 
cells and SH-SY5Y cells [58] and Carbonyl cyanide 3-chlor
ophenylhdyrazone (CCCP) depolarization-induced mito
phagy in neurons and HeLa cells [64–67]. Hence, the
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Figure 7. Correlative light and electron microscopy of mCherry-EGFP- SYNJ2BP-TM H9c2 cells reveals the ultrastructure of red-only dots. (A) Red-only dots in cells 
grown in media containing glucose correspond to autophagic vacuoles with a diverse internal milieu at varying stages of cargo engulfment and maturation (A iv-v). 
Meanwhile, mitochondria displaying both EGFP and mCherry fluorescence have a normal tubular morphology with distinct inner and outer membranes and intact 
cristae (A vi). (B) Structures corresponding to red-only dots in galactose adapted cells are more uniform and less electron dense. Imaging of consecutive ultrathin 
sections (B iv-vi) revealed that these structures are in close proximity (or may be continuous) with membranes of the endoplasmic reticulum (ER) and mitochondria 
(M). Also note apparent lysosomes (L) at the periphery of red-only structures (*). Scale bars: 10 μm (A i and B i), 2 μm (A ii and B ii), 1 μm (B iv and B v) and 0.5 μm (A 
iv-vi and B vi). (C) Serial section TEM imaging of a red-only dot shows a single membrane vesicle with apparent remnants of mitochondria and a multilamellar 
lysosome. Scale bar: 0.3 μm.
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Figure 8. Effect of siRNA knockdowns on mitophagic flux and evaluation of LC3 involvement by proximity ligation assay (PLA). (A) Representative widefield images of 
mCherry-EGFP- SYNJ2BP-TM H9c2 cells analyzed 48 h after transfection with scrambled siRNA (siScr) or siRNA against Ulk1, Atg7, Rab9a, Rab7a or Rab5a respectively. 
(B) Quantification of the effect of 48 h siRNA knockdowns by assessment of number of red-only dots per cell in cells containing red-only dots in control conditions 
against a 12 h PepA and E64d treatment. The data is presented as mean ± SEM from 3 independent experiments, with more than 100 cells per condition (total 
number analyzed per experiment was over 1200 cells). (C) Western blots showing the expression levels of the siRNA targeted proteins in control and siRNA treated 
cells for verification of successful knockdown. (D) Representative confocal images of detected PLA puncta (white) using anti-MAP1LC3B and anti-PDHA1 antibody 
during normal (GLU) and galactose (GAL) adapted conditions. The enlarged boxes display the PLA puncta on the mitochondria network and small mitochondrial 
fragments but their absence on red-only dots. (E) Quantification of the number of PLA puncta per cell in 10 images (with more than 50 cells in total) per condition 
from two independent experiments. The individual datapoints are per frame cell averages. * p < 0.05, ** p < 0.01, *** p < 0.001 and **** p < 0.0001. Scale bar: 10 μm.
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metabolic status of the mitochondria can dictate the level of 
mitophagy, dependent on the cell type and growth conditions. 
Interestingly, a recent study suggests that mitophagy itself 
initiates an increase in mitochondrial biogenesis and oxidative 
metabolism in induced pluripotent stem cells undergoing 
endothelial differentiation [68].

Using a deep-learning approach we were able to quantify 
the morphological change of mitochondria in H9c2 cells, 
adopting a more fragmented or shorter appearance after the 
metabolic shift. Mitochondrial fragmentation has also been 
observed in neonatal cardiomyocytes where the percentage of 
mitochondria with shorter lengths increases during glucose 
deprivation by galactose adaptation [28]. Mitochondrial frag
mentation is often mediated by peripheral fission which is 
mechanistically different from mid-zone fission directing 
mitochondria biogenesis [42]. In green monkey kidney fibro
blast-like Cos-7 cells the smaller peripheral fission-derived 
mitochondria display a length distribution of only 1–2 μm 
and are mainly subjected to degradation. In addition, the 
rate of peripheral fissions per cell increases when the Cos-7 
cells are grown in glucose-free, galactose containing 
media [42].

Performing super-resolution live cell imaging on tandem 
tagged SYNJ2BP-TM H9c2 cells with labeled lysosomes, we 
were able to monitor highly dynamic interactions between 
lysosomes and mitochondria. Furthermore, we detected 
rapid lysosomal engulfment of mitochondrial contents within 
a few minutes. The rapid formation of these structures could 
also indicate their rapid degradation and thus influence the 
numbers of such events detected in snapshots of fixed cells. 
The potential consequence could therefore be an underesti
mation of the levels of lysosomal degradation of mitochondria 
when studying fixed cells and tissue. We are not aware of 
previous publications demonstrating super-resolution live cell 
imaging of the formation of acidic mitochondria.

Applying CLEM, we revealed the ultrastructure of red-only 
mitochondria in the H9c2 cells in steady-state conditions and 
after a metabolic shift toward OXPHOS. There are only a few 
studies that have performed CLEM analysis on acidified mito
chondria. The ultrastructures of mt-Keima acidic dots ana
lyzed by CLEM in Drosophila muscle cells also contain 
features of multilamellar bodies and are of a comparable size 
as those detected in the H9c2 cells [55]. In studies performed 
in mammalian cells, iron depletion with DFP [57,67] or stress 
induced with propionic acid [69] or CCCP and overexpres
sion of PRKN [70] are used to induce degradation of mito
chondria before the CLEM analysis. Thus, to our knowledge, 
our study is the first to visualize the ultrastructure of acidified 
mitochondria in mammalian cells cultured under physiologi
cally relevant conditions. Taken together, in view of our 
results from live cell SIM and Airyscan FAST imaging, the 
CLEM data presented are consistent with a model where 
mitochondria are fragmented at (or in close vicinity to) the 
ER, and rapidly fuse with lysosomes.

There are still many unanswered questions regarding the 
molecular mechanisms of basal mitophagy. Notably, pH- 
dependent mitochondrial reporters indicate acidification of 
tagged mitochondria or parts of mitochondria and thus their 
presence in acidic late endosomes or lysosomes. However, the 

route of the labeled mitochondria toward lysosomes is not 
revealed by the reporters. We chose siRNA knockdown of 
Ulk1, Atg7, Rab9a to assess the contribution of both canonical 
and non-canonical autophagy in lysosomal degradation of 
mitochondria in the H9c2 cells. Knockdown of neither Ulk1, 
Atg7 nor Rab9a reduced the level of red-only dots in galactose 
adapted cells. However, these siRNA experiments resulted in 
hampered mitophagic flux, revealed using lysosomal inhibi
tors. Therefore, our data indicate the presence of redundant 
mechanisms for lysosomal degradation of mitochondria in 
H9c2 cells where both the canonical autophagy machinery 
and alternative RAB9A mediated mitophagy operate during 
OXPHOS reliant conditions. In addition, because of the unaf
fected basal level during all knockdown experiments, other 
mechanisms such as different types of micromitophagy [26] 
could be involved and require further investigations.

Our study shows that assessment and visualization of lyso
somal degradation of mitochondria at high temporal and 
spatial resolution is feasible during basal conditions. Our 
results indicate highly dynamic interactions and transfer of 
material between mitochondria and lysosomes and give 
important insights that are valuable for future studies and 
therapeutic targeting of mitophagy.

Materials and methods

Cell culture

Rat cardiomyoblast H9c2 cells (Sigma-Aldrich, 88092904) 
were cultured in high-glucose (4.5 g/L) Dulbecco’s Modified 
Eagle Medium (DMEM; Sigma-Aldrich, D5796) with 10% 
Fetal Bovine Serum (FBS) and 1% streptomycin/penicillin 
(Sigma-Aldrich, P4333). For glucose deprivation and adapta
tion to galactose, the cells were grown in DMEM without 
glucose (Gibco, 11966–025) supplemented with 2 mM 
L-glutamine (Sigma-Aldrich, G7513) 1 mM sodium pyruvate 
(Sigma-Aldrich, S8636), 10 mM galactose (Sigma-Aldrich, 
G5388), 10% fetal bovine serum (Sigma-Aldrich, F7524) and 
1% streptomycin-penicillin (Sigma-Aldrich, P4333). The cells 
were adapted to galactose for at least 7 days before the experi
ments. Stable H9c2 cells (see below) were grown in the same 
medium with the addition of 1 μg/ml of puromycin 
(InvivoGen, ant-pr-1). For hypoxic conditions, the cells were 
incubated at 0.3% O2 for 2, 4, 6 or 16 h. For labeling of 
lysosomes, the cells were treated with 50 or 100 nM 
LysoTracker Deep Red (ThermoFisher Scientific, L12492) for 
30–40 min or with LysoView 650 (Biotium, 70059). Cells were 
treated as indicated with 0.2 μM bafilomycin A1 (BafA1 from 
Streptomyces griseus; Sigma-Aldrich, B1793) or 10 μg/ml pep
statin A (Sigma-Aldrich, P5318) and 10 μg/ml E64d (Sigma- 
Aldrich, E8640). All cell lines were maintained at 37°C and 
under 5% CO2.

Generation of stable mCherry-EGFP-SYNJ2BP-TM and 
TOMM20-mCherry-EGFP H9c2 cell lines

H9c2 cells with stable expression of tandem tagged (mCherry-
EGFP) mitochondria
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outer membrane protein SYNJ2BP/OMP25 (synaptojanin 
2 binding protein)-transmembrane domain (TM) or tandem- 
tagged (C terminus) full length TOMM20 protein were gen
erated by retroviral transduction. The mCherry-EGFP- 
SYNJ2BP-TM construct [32] was amplified with PCR and 
cloned into the retroviral expression vector pMRXIP with 
the selection marker puromycin. The vector was made with 
deletion of GFP-STX17 from the pMRXIP-GFP-STX17 plas
mid (Addgene, 45909; Noburo Mizushima lab). Full-length 
TOMM20 was amplified by PCR using mTagBFP2-TOMM20 
-N-10 plasmid (Addgene, 55328; Michael Davidson lab) as 
a template and cloned into the pMRXIP vector with the 
tandem tag. The plasmids were verified by restriction enzyme 
digestion and DNA sequencing (Applied Biosystems, 
4337455BigDye). The HEK293-Phoenix packaging cell line 
(ATCC, CRL-3213) was transfected with the pMRXIP- 
reporter vectors using MetafectenePro (Biontex, T040–1.0). 
The virus-containing media from transfected HEK293- 
Phoenix cells was harvested 24, 48 and 72 h post transfection. 
The harvested media was subsequently filtered through 
a 0.45-μm filter and then added onto subconfluent H9c2 
cells. Hexadimetrinebromide-polybrene (Sigma-Aldrich, 
H9268) was added to a final concentration of 8 μg/ml. The 
H9c2 cells were incubated with the virus-containing media 
with polybrene for 6–12 h each time. The transduced H9c2 
cells were then selected with 1 μg/ml of puromycin. Stable 
expression of mCherry-EGFP-SYNJ2BP-TM or TOMM20- 
mCherry-EGFP was verified by western blotting and confocal 
imaging. Furthermore, the cells were sorted by fluorescence 
activated cell sorting (FACS) to ensure approximately equal 
expression level of the mitochondrial outer membrane 
reporter.

High-resolution respirometry

At the day of measurements, the mCherry-EGFP- SYNJ2BP 
-TM H9c2 cells, grown in glucose or adapted to galactose 
for 7 to 21 days, were trypsinized, and resuspended in their 
conditioned medium and counted using Countess II 
(ThermoFisher Scientific). Respirometry was performed in 
an Oxygraph-2k system (Oroboros Instruments, Innsbruck, 
Austria) calibrated to air (gain for oxygen sensor was set 
to 2) with standard cell culture medium at 37°C. The 
measurements were repeated in 4 independent experiments. 
Based on the cell number, a calculated volume of cells was 
added to the two stirred (750 rpm) chambers aiming to 
a final concentration of 0.4 × 106 cells/ml. The cell counting 
was repeated to determine the exact cell concentration in 
each camber, and chambers were sealed to obtain a closed 
system. Analysis of the oxygen concentration in the cham
bers was performed using DatLab version 5.1.0.20 
(Oroboros Instruments, Innsbruck, Austria). Decreasing 
oxygen concentration in the chambers resembled cellular 
oxygen consumption. When the oxygen consumption rate, 
OCR (O2 flux (pmolO2/s*ml)) reached a steady state level, 
a measurement was recorded displaying total cellular 
respiration (basal). Leak respiration was assessed by the 
addition of oligomycin (Sigma-Aldrich, O4876) in a final 
concentration of 5 µM. Subsequently, the proton gradient 

was released by stepwise titration (0.5 μM/step) of the 
uncoupler carbonylcyanide-3-chlorophenylhydra-zone 
(CCCP) (Sigma-Aldrich, C2759) until the maximum 
respiration was achieved (electron transport system capa
city, ETS capacity). The addition of 0.5 μM rotenone 
(Sigma-Aldrich, R8875) an inhibitor of CI and 2.5 μM 
antimycin A (Sigma-Aldrich, A8674) an inhibitor of CIII 
blocked mitochondrial respiration completely, resulting in 
residual oxygen consumption (ROX). The respiration mea
surement at the different STATES (basal, leak, ETS) were 
corrected for ROX afterward. Mitochondrial respiration 
was calculated by subtracting the non-mitochondrial 
respiration after antimycin A addition from the basal 
respiration level. ATP linked respiration was derived from 
subtracting the leak respiration (oligomycin) from the basal 
level. All respiration data was normalized to the cell count 
in the camber. The results were presented as a mean.

Mitochondrial ROS measurements with MitoSox Red

H9c2 cells grown under normal culture conditions or 
adapted to galactose were treated with 100 nM antimycin 
A for 4 h or left untreated. After treatment, cells were har
vested by trypsinization, washed three times with respective 
media and then incubated with 1 μM MitoSOX Red 
(ThermoFisher Scientific, M36008) for 30 min inside the 
cell incubator in their respective media. The cells were then 
washed 3 times with HBSS (Gibco, 1402–092) followed by 
flow cytometry analysis with a LSRFortessa (BD Biosciences). 
The excitation light used was 488 nm, emission was passed 
through 556LP filter and detected using a 616/23 nm emis
sion filter. For confocal imaging purposes the cells were 
seeded in MatTek dishes (MatTek, P35-1.5-14-C) treated 
with antimycin A and stained with MitoSOX Red as 
described above, followed by HBSS washing prior to live 
cell confocal imaging. MitoSOX Red fluorescence was excited 
using the 514 nm laser and the emitted light was detected 
between 565–715 nm.

Mitochondrial membrane potential visualization

The mCherry-EGFP-SYNJ2B-TM H9c2 cells grown under 
normal conditions or adapted to galactose were incubated 
with MitoTracker Deep Red (ThermoFisher Scientific, 
M22426) at 100 nM concentration for 30 min. The cells were 
then given fresh cell culture media and subjected to live 
Airyscan FAST imaging using the Zeiss LSM 880.

Antibodies

The following primary antibodies were used: anti-GAPDH 
(Sigma-Aldrich, G9545; 1:5000) anti-TOMM20 (Santa Cruz 
Biotechnology, SC-11415; 1:500), anti-FIS1 (Proteintech, 10956– 
1-1ap; 1:100), anti-ATP5F1A/ATP5A (Abcam, Ab14748; 1:200), 
anti-PDHA1 (Abcam, ab110330; 1:200), anti-ATG7 (Cell 
Signaling Technology, 8558; 1:1000), anti-RAB9A (Cell 
Signaling Technology, 5118; 1:1000), anti-ULK1 (Cell Signaling 
Technology, 8054; 1:1000), anti-RAB5A (Cell Signaling 
Technology, C8B1; 1:1000), anti-RAB7 (ERP7589; Abcam,
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ab137029; 1:1000), anti-LC3B (Sigma-Aldrich, L7543;1:200). 
Alexa Fluor 647-conjugated goat anti-rabbit and anti-mouse IgG 
(Invitrogen, A21244 and A32728; 1:500) were used as secondary 
antibodies.

Immunostaining of fixed cells

For immunofluorescent staining the cells were seeded on #1.5 
glass coverslips. At

approximately 80% confluence the cells were subjected to 
treatment. The cells were then fixed using 4% formaldehyde 
(ThermoFisher Scientific, J19943.K2) at 37°C for 20 min. The 
cells were permeabilized with methanol at room temperature for 
5 min. The permeabilized cells were blocked with 3% pre- 
immune goat serum (Sigma-Aldrich, G6767) in phosphate- 
buffered saline (PBS; Sigma-Aldrich, D8537) for 1 h at room 
temperature before overnight incubation at 4°C with primary 
antibodies diluted in PBS with 1% goat serum. Cells were then 
washed and incubated for 1 h with Alexa Fluor-coupled second
ary antibodies diluted 1:500 in PBS supplemented with 1% goat 
serum. After a final wash in PBS the coverslips were mounted on 
glass slides using Prolong Glass (Invitrogen, P36980).

RNAi

The short interfering RNAs (siRNAs) used were pre-designed 
and validated Silencer®Select siRNAs (Invitrogen, 4390771): 
siRNA against Ulk1 (siRNA ID s166350), siRNA against 
Atg7 (siRNA ID s161900), siRNA against Rab9a (siRNA ID 
s136762), siRNA against Rab5a (siRNA ID s134381), siRNA 
against Rab7a (siRNA ID s131440) and negative control 
siRNA (Ambion, 4390844). The cells were transfected with 
siRNA using Lipofectamine RNAiMax Transfection Reagent 
(Invitrogen, 13778–075) according to the manufacturer´s 
recommendation. After 6 h of incubation the cell media was 
changed to remove the transfection reagent in order to avoid 
H9c2 cell death. After 48 or 72 h (two consecutive siRNA 
transfections) of siRNA knockdown the cells were fixed or 
harvested for western blot analysis. The cells were fixed with 
4% formaldehyde with 0.2% glutaraldehyde (Sigma-Aldrich, 
G5882). For each coverslip of fixed cells/condition, 10 posi
tions (containing more than 100 cells in total) were selected 
and imaged as a Z-stack on a Cell Discoverer7 widefield 
microscope (Carl Zeiss Microscopy). Quantification of red- 
only dots was performed using the IMARIS imaging analysis 
software (see below).

NaveniFlex Proximity Ligation Assay (PLA)

The PLA assay was performed according to Navinci’s recom
mendations using NaveniFlex MR In Situ Detection kit 
(Navinci, NF.100.2) and all incubations were performed in 
a humidity chamber. Briefly, cells were seeded on coverslips 
and grown until around 80% confluency. The cells were fixed 
using 4% PFA at 37°C for 20 min and permeabilized with 
100% methanol at room temperature for 5 min. The coverslips 
were then washed two times in PBS, blocked with Blocking 
solution (Navinci, NF.1.100.01) for 30 min at 37°C and then 
incubated with two primary antibodies (derived from mouse 

and rabbit, respectively) diluted in primary antibody diluent 
(Navinci, NF.1.100.02) overnight at 4°C. As a negative control 
one coverslip was incubated in Antibody diluent with only 
one primary antibody. The coverslips were washed and then 
incubated with the PLA probes corresponding to the primary 
antibodies using Navenibody M1 (Navinci, NF.1.100.004,) 
and Navenibody R2 (Navinci, NF.1.100.05) in Navenibody 
Diluent (Navinci, NF.1.100.03) for 1 h at 37°C. Then, the 
coverslips were washed and subsequently incubated for 
DNA ligation with enzyme A (Navinci, NF.2.100.09) in buffer 
A (Navinci, NF.2.100.08) and enzyme B (Navinci, 
NF.2.100.11) in buffer B (Navinci, NF.2.100.10) for 1 hour 
and 30 min, respectively at 37°C. The coverslips were washed 
and finally incubated with enzyme C (Navinci, NF.2.100.15), 
a DNA polymerase, diluted in amplification buffer C Atto 
647N (Navinci, NF.2.100.14) for 90 min at 37°C protected 
from light. Finally, the coverslips were stained with DAPI, 
washed, and then mounted on glass slides using Prolong Glass 
antifade mountant media. The fluorescent PLA signal and 
DAPI was detected using LSM800 confocal microscope (Carl 
Zeiss Microscopy) equipped with a 40X NA1.2 water immer
sion objective. Images were acquired as 3-slice Z-stacks. 
A minimum of 10 positions per coverslip of fixed cells (con
taining over 50 cells in total) were imaged per condition in 
two independent experiments. Quantification of PLA puncta 
was performed on the images using the IMARIS image ana
lysis software.

Western blot analysis of total H9c2 cell lysates

Cells were lysed by scraping in 2X sodium dodecyl sulfate 
(SDS) buffer (100 mM Tris-HCl, pH 6.8, 20% glycerol, 4% 
SDS) with 1× Complete Mini EDTA-Free Protease Inhibitor 
Cocktail (Roche, 11697498001) and boiling for 5 min. Total 
protein content of cell extracts was determined using 
a Bicinchoninic Acid (BCA) Kit (ThermoFisher Scientific, 
23227). Total protein lysates (15 μg) were run on Mini- 
Protean TGX 4–20% gradient gels (Bio-Rad, 456–1093) and 
transferred onto InvitrolonTM PVDF membranes 
(Invitrogen, LC2005). Transfer was visualized with Ponceau 
staining and the membrane was blocked with 5% nonfat dry 
milk in TBST (20 mM Tris pH 7.5, 150 mM NaCl, 0.1% 
Tween 20 [P1379, Sigma-Aldrich]). The membrane was incu
bated with primary antibody overnight at 4°C followed by 1 h 
incubation at room temperature with horseradish peroxidase 
(HRP)-conjugated secondary antibody; BD Pharmingen HRP 
Goat Anti-Mouse Ig (BD Biosciences, 554002) or HRP- 
conjugated Affinipure Goat Anti-Rabbit IgG (H+L) 
(Proteintech, SA00001–2). Signal detection was performed 
with a western blotting chemiluminescent reagent (Sigma- 
Aldrich, CPS3500) and an iBright Imaging System 
(ThermoFisher Scientific).

Widefield and confocal imaging of fixed cells

For imaging, Celldiscoverer7, LSM800 and LSM880 (all sys
tems Carl Zeiss Microscopy) were used. For all images taken 
with the Celldiscoverer7 a Plan-Apochromat 50× objective 
with an NA of 1.2 was used. The images were acquired as
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z-stacks. The LSM800 was used with a Plan-Apochromat 63× 
oil (M27) objective with an NA of 1.4 for verification of 
colocalization of red-only dots and mitochondrial proteins. 
The Plan-Apochromat 40× water objective with an NA of 1.2 
was used for imaging PLA puncta, which were acquired as 
z-stacks. For the LSM880 the images were acquired either 
with a Plan-Apochromat 63× oil objective with an NA of 1.4 
or a C-Apochromat 40× water objective with an NA of 1.2. 
The LSM880 was used for bright field and fluorescence ima
ging in CLEM experiments to image cells of interest and to 
map the relevant grid coordinate for correlation with TEM 
images.

Three-dimensional (3D) structured illumination 
microscopy (SIM) imaging of fixed and live cells cells.

The mCherry-EGFP-SYNJAB-TM H9c2 cells were seeded 
on MatTek dishes (MatTek Corporation, P35G-1.5-14-C) 
and imaged when they reached approximately 80% con
fluency. For labeling of lysosomes, the cells were treated 
with 100 nM LysoTracker Deep Red (ThermoFisher 
Scientific, L12492) for 40 min. After labeling, the cells 
were fixed with 4% formaldehyde and 0.2% glutaraldehyde 
or the media was replaced with fresh cell-culture media 
right before live imaging. The fixed cells were washed in 
PBS and imaged in PBS. For live cell imaging the cells were 
imaged in their growth medium at 37°C with atmospheric 
gas levels. The images were acquired using a DeltaVision 
OMX V4 Blaze imaging system (GE Healthcare) equipped 
with a 60X 1.42NA oil-immersion objective (Olympus), 
three sCMOS cameras, and 405, 488, 568, and 642 nm 
lasers for excitation. The vendor-specified optical resolution 
of the 3DSIM system is 110–160 nm laterally, and 340–380  
nm axially, depending on the color channel. Super- 
resolution 3D images were obtained by 3DSIM reconstruc
tions using the manufacturer-supplied softWoRx program 
(GE Healthcare). The SIM figure panels and AVI movies 
(maximum intensity z-projected and bleach corrected image 
sequenced using the exponential fit option) were assembled 
using Fiji [71].

Airyscan FAST imaging of live cells after lysosome 
labeling with LysoView 650

Live mCherry-EGFP-SYNJ2B-TM H9c2 cells grown in 
MatTek dishes were stained with LysoView 650 (Biotium, 
70059) for 30 min and imaged using the Airyscan FAST 
mode of the LSM880, utilizing line-wise switching between 
tracks to avoid time delay between channels. Cells were 
maintained in a humidified stage-top incubator at 37°C 
and 5% CO2 during imaging. Timelapse series (500 frames 
in total) were recorded using a 40× NA1.2 water immer
sion objective lens and a zoom factor of 4.0, with opti
mized scan settings for subsequent Airyscan processing 
(50 nm pixel size). The pixel dwell time was 0.73 μs, result
ing in an individual frame time of 1.01 s. Laser excitation 
at 488 nm, 561 nm and 633 nm was used for EGFP, 
mCherry, and LysoView 650, respectively. The resulting 

raw files were processed using automatic settings (strength 
6.0) in ZEN ver. 2.3 (Carl Zeiss Microscopy).

Correlative-light and electron microscopy (CLEM)

Cells were grown on gridded #1.5 glass coverslips in 35-mm 
dishes (P35G-1.5-14-CGRD, MatTek). The cells were incu
bated with 50 nM LysoTracker Deep Red for 30 min before 
fixation with 4% formaldehyde and 0.5% glutaraldehyde in 
PHEM buffer, pH 6.9 (60 mM PIPES, 25 mM HEPES, 10 mM 
EGTA, 2 mM MgCl2). The cells were stained with DAPI and 
washed twice with PBS. After confocal imaging, the cells were 
processed for TEM using 0.05% malachite green (Sigma- 
Aldrich, 101398), 1% osmium tetroxide (Electron 
Microscopy Sciences, 19110)/0.8% K3Fe(CN)6 (Sigma- 
Aldrich, 702587), 1% tannic acid (Electron Microscopy 
Sciences, 21700), and 1% uranyl acetate (Electron 
Microscopy Sciences, 22400), followed by stepwise ethanol 
dehydration and embedding in epoxy resin (Agar, R1043). 
All processing steps were carried out using a microwave pro
cessor (Pelco BioWave, Ted Pella, Inc.). Finally, the resin was 
polymerized at 60º C for 48 h. After polymerization, the 
relevant dish coordinates were relocated and trimmed using 
a glass knife on an UC6 ultramicrotome (Leica 
Microsystems). Ultrathin sections (70 nm) were cut using 
a 35º ultra-knife (Diatome) and collected on slot grids. 
Sections were imaged using a HT7800 transmission electron 
microscope (Hitachi High-Tech) at 100 kV using a Xarosa 
CMOS camera and Radius ver. 2.0 (EMSIS). Preliminary 
image correlation of confocal images and TEM images was 
performed at the microscope using MirrorCLEM ver. 2.0.3 
(Astron, Inc.). Final correlation was performed using the ec- 
CLEM plugin [72] in Icy ver. 2.4.2.0 [73] using DAPI, 
LysoTracker Deep Red, and tubular EGFP/mCherry-positive 
mitochondria as registration landmarks.

Image analysis.

Fluorescence images were analyzed using Imaris ver. 9.6.1 
(Bitplane). Images were converted from the .zen file format 
used by ZEISS microscopes into the .ims file format used by 
Imaris by the Imaris file converter. No preprocessing was per
formed. For the quantification of red-only mitochondria the 
Imaris XTension Channel Arithmetics was used in conjunction 
with an adapted Batch Processing XTension to create a new third 
image channel containing only areas where the mCherry signal 
was 50% higher than the EGFP signal. The Spots function was 
then

utilized to mark the mCherry signal and the DAPI-stained 
nuclei of all cells in the image, excluding those within 1 μm of 
the edge of the image. Each image was then manually 
inspected to remove artifacts. The Spots function was also 
utilized for the quantification of PLA puncta.

Machine learning classification of mitochondria 
morphology

Classification of mitochondria was performed on the seg
mentation results obtained from the deep learning-based
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segmentation model that is trained on a simulated dataset 
[43]. The training dataset consists of thousands of images 
that are simulated by one, mimicking the geometrical 
shapes of mitochondria, and two, computationally model
ing the process of image formation in a microscope. The 
simulated dataset is curated to closely match the micro
scope parameters of the data to be analyzed. The steps of 
segmentation began with the input confocal fluorescence 
images (EGFP-channel) that were cropped to sizes suitable 
for the deep learning-based segmentation model. The 
results from the segmentation model were then stitched 
back together to the original sizes of the images. The 
morphological classification of the individual mitochondria 
was done based on their branch lengths. For this, the 
segmentation results were first skeletonized using the 
Skan library [74] and the branch lengths of individual 
mitochondria were calculated for each experimental 
group. To prevent noisy segmentations from being 
included in the analysis, entries with branch lengths less 
than the resolution limit of the microscope were excluded. 
The rules for classifying mitochondria into the morpholo
gical classes of dots, rods, and networks were as follows; 
any mitochondria less than 1 µm in length was classified as 
a dot, those having lengths greater than 1 µm were further 
subdivided into rods, if they did not have junctions in their 
skeleton, and networks if they had at least one junction. 
The morphology classification was normalized per image 
frame for 19 or 22 images from each condition, glucose or 
galactose adapted cells respectively.

Statistical analysis

The quantification data acquired using the IMARIS software 
underwent statistical analysis.

For the percentage of cells that contained red-only dots 
we approximated the proportions with normal distributions 
and thereafter we performed a two-tailed Z-test. For the 
average number of red-only dots per cell we assumed that 
these averages followed normal distributions so that a two- 
tailed Z-test could be utilized for the large sample sizes. The 
same was assumed for analysis of average number of PLA 
puncta per cell and for the morphological analysis. For the 
morphological analysis the statistical analysis was performed 
on a per frame basis. For the mitochondrial respiration data 
two-tailed paired t-tests were performed. Multiple compar
ison correction was performed with Bonferroni correction. 
Datasets subjected to quantitative and statistical analysis 
were from a minimum of three independent experiments, 
each independent experiment contained minimum 100 cells 
per condition analyzed. The exception was the dataset for 
PLA puncta quantification that was derived from two inde
pendent experiments and the morphological classification 
which had a dataset made from a single independent experi
ment. The PLA dataset contained minimum 50 cells per 
condition analyzed for each independent experiment, while 
the morphological classification was based on a single qua
litative dataset of approximately 20 frames with representa
tive cells from each condition. The data in graphs is 
represented as the mean ± SEM, individual datapoints are 

per frame averages. Statistical significance in the form of 
p-value is shown as * p < 0.05, ** p < 0.01, *** p < 0.001 and 
**** p < 0.0001.
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Figure S1. Detection of red-only dots applying the IMARIS image analysis software, 

evaluation of hypoxia time-course and mt-Keima as a model for mitophagy monitoring. (A) 

Representative widefield fluorescence microscopy images of H9c2 cells with a stable 

expression of mCherry-EGFP-SYNJ2BP-TM grown in normal glucose (GLU) conditions or 

adapted to galactose (GAL) media. The red-only dots identified and counted in each image 



 3 

employing the IMARIS software are depicted as an IMARIS mask. Nuclear DAPI staining was 

used for quantification of the number of cells per image. Scale bar: 20 µm. (B) The mCherry-

EGFP-SYNJ2BP-TM cells were incubated under hypoxic (0.3 % O2) conditions for 2, 4, 6 or 

16 h in normal media. As a control the cells were kept under normoxic conditions. 

Quantification of the number of red-only dots per cell in cells containing red-only dots during 

hypoxia. Results in graphs are shown as mean ± SEM of 10 fields of view containing number 

of cell (n), n ≥ 200, for each condition. (C) Representative images of mt-Keima transfected 

H9c2 cells in glucose media vs galactose adapted. The graph indicates the number of acidic mt-

Keima signals per cell during the high glucose and galactose adapted condition. Scale bar: 10 

µm. The individual datapoints are per frame averages for all graphs. * p<0.05, ** p<0.01, *** 

p<0.001 and **** p<0.0001. 
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Figure S2. MitoSOX Red live cell imaging. Glucose or galactose adapted H9c2 cells were 

untreated or treated with 100 nM antimycin A (AMA) for 4 h, stained with MitoSOX Red and 

washed with HBSS. The MitoSOX superoxide indicator displayed higher intensity after AMA 

treatment compared to controls and was notably stronger in the galactose-adapted cells. Scale 

bar:10 µm. 
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Figure S3. Evaluation of lysosomal inhibitors on the appearance and removal of red-only dots 

during galactose adaption. (A) Representative images of galactose adapted TOMM20-

mCherry-EGFP H9c2 cells during control conditions and after treatment with the lysosomal 

inhibitors bafilomycin A1 (BafA1, 200 nM) or pepstatin A (10 µg/ml) and E64d (10 µg/ml), 

respectively for the indicated times. (B) Quantification of the effects of a 6-h treatment of 

BafA1 on galactose-adapted cells with the TOMM20-mCherry-EGFP reporter by assessing the 

percentage of cells containing red-only dots and number of red-only dots per total cells. (C) 

Quantification of the effects of a time course treatment of pepstatin A and E64d assessed by 

number of red-only dots per cell in cells with red only dots in galactose adapted cells with the 

TOMM20-mCherry-EGFP reporter. Data presented in (B) and (C) are shown as mean ± SEM 

from 3 independent experiments, with more than 100 cells per condition in each experiment. 

The individual datapoints are per frame averages. * p<0.05, ** p<0.01, *** p<0.001 and **** 

p<0.0001. Scale bar: 10 µm. 
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Figure S4. Correlative light and electron microscopy of mCherry-EGFP-SYNJ2BP-TM cells 

grown in glucose or grown in either glucose or galactose and treated with PepA and E64D. (A) 
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In cells grown in glucose, small red-only dots (0.5–1 μm in diameter) do not show a significant 

difference in ultrastructure when compared to larger red-only dots (Fig. 7A). As for their larger 

counterparts, small red-only dots (arrowheads in Aii and Aiii) are found in close vicinity to 

tubular mitochondria and ER membranes and contain a diverse mix of engulfed material. Scale 

bars: 5 μm (Ai) and 500 nm (Aii and Aiii). Individual fluorescence channels corresponding to 

the TEM fields shown in Aii and Aiii are displayed below each panel. (B) and (C) In cells 

treated with PepA and E64D, red-only dots (arrowheads in Bii, Biii, Cii, and Ciii) are also found 

in the vicinity of tubular mitochondria and ER membranes. However, we observed a clear 

increase in electron density and overall aggregation of engulfed material within structures 

corresponding to red-only dots after inhibition of lysosomal turnover. Scale bars: 5 μm (Bi and 

Ci) and 500 nm (Bii, Biii, Cii, and Ciii). Individual fluorescence channels corresponding to 

each TEM field are shown below each panel as in (A). 
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Figure S5. Assessment of extended treatments with pepstatin A and E64d for 12 and 24 h. (A) 

Quantification of the effects of a time course treatment of pepstatin A and E64d assessed by 

number of red-only dots per cell in cells with red only dots in galactose adapted cells with the 

mCherry-EGFP-SYNJ2BP-TM reporter. Over 100 cells were analyzed for each condition. The 

individual datapoints are per frame averages. (B) Western blot verification of the siRNA 

mediated knock down of the proteins ULK1 and ATG7, with indicated time of the pepstatin A 

and E64d treatment. * p<0.05, ** p<0.01, *** p<0.001 and **** p<0.0001. 
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Video S1. 3D SIM live cell video corresponding to the images shown in main Figure 5A (file 

name from data repository: 20210511_H9c2-dTag_GLU_LTDR100nm-

40m_1520_sim256_10sTL_017_SIR_ALX_PRJ). Please note that the channels are colored 

here with mCherry as green, EGFP as blue, and LysoTracker Deep Red as red. 

 

Video S2. 3D SIM live cell video corresponding to the images shown in main Figure 5B (file 

name from data repository: 20210511_H9c2-dTag_GAL_LTDR100nm-

40m_1520_sim256_005_SIR_ALX_PRJ). Please note that the channels are colored here with 

mCherry as green, EGFP as blue, and LysoTracker Deep Red as red. 

 

Video S3. Airyscan FAST live cell video corresponding to the images shown in main Figure 

6A. mCherry (top left), EGFP (top right), and LysoView 650 (bottom left) panels are shown 

individually, while the merged panel (bottom right) shows mCherry and EGFP overlaid.  

 

Video S4. Airyscan FAST live cell video corresponding to the images shown in main Figure 

6B. Individual channels and the merged panel are as described for Video S3. 

 

Video S5. Airyscan FAST live cell video corresponding to the images shown in main Figure 

6C. Individual channels and the merged panel are as described for Video S3 and S4. 

 

 

Supplemental Materials and Methods 

Assessment of mitophagy in H9c2 cells using mt-Keima 

For assessment of mitophagy with a matrix targeted pH-dependent probe, we transiently 

transfected H9c2 cells grown under normal conditions (high glucose) or adapted to galactose 

with mt-Keima plasmid mKeima-Red-Mito-7 (Addgene, 56018; Michael Davidson lab) using 

Neon Transfection System (ThermoFischer Scientific, MPK10096). The cells were analyzed 

48 h post transfection by confocal microscopy. The fluorescence of mt-Keima was imaged in 

two channels via two sequential excitations (405 nm, green; 561 nm, red) and using a 570 to 

695 nm emission range. Representative confocal images were processed manually. Calculation 

of mitophagy based on acidic mt-Keima signal was performed using the Zeiss ZEN software.  
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Abstract

Mitochondria are essential energy-providing

organelles of particular importance in

energy-demanding tissue such as the

heart. The production of mitochondria-

derived vesicles (MDVs) is a cellular

mechanism by which cells ensure a

healthy pool of mitochondria. These vesi-

cles are small and fast-moving objects not

easily captured by imaging. In this work,

we have tested the ability of the optical

super-resolution technique 3DSIM to capture high-resolution images of MDVs.

We optimized the imaging conditions both for high-speed video microscopy and

fixed-cell imaging and analysis. From the 3DSIM videos, we observed an abun-

dance of MDVs and many dynamic mitochondrial tubules. The density of MDVs

in cells was compared for cells under normal growth conditions and cells during

metabolic perturbation. Our results indicate a higher abundance of MDVs in

H9c2 cells during glucose deprivation compared with cells under normal growth

conditions. Furthermore, the results reveal a large untapped potential of 3DSIM

in MDV research.

KEYWORD S

3DSIM, cardiomyoblasts, MDVs, mitochondria, mitochondria tubules, mitochondria-
derived vesicles, three-dimensional structured illumination microscopy, Trainable Weka
Segmentation

1 | INTRODUCTION

Mitochondria are the energy providing organelles in cells
and produce energy in the form of adenosine

triphosphate (ATP). Mitochondria are comprised of four
major compartments: the outer mitochondrial mem-
brane, the inter-membrane space, the inner mitochon-
drial membrane with invaginations termed cristae and
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the matrix. In most cell types, mitochondria are arranged
in highly dynamic networks controlled by frequent mito-
chondrial fusion and fission (division) events driven
by mitochondria movements on the cytoskeleton [1].
Damaged mitochondria result in energy-generation
defects, increased production of harmful reactive oxygen
species (ROS) and show a greater tendency to trigger
programmed cell death [2]. Hence, in order to ensure a
healthy pool of mitochondria, cells employ different
mitochondria quality control mechanisms [3] to maintain
normal cell function.

Mitochondria-derived vesicles (MDVs) act in mito-
chondria quality control. These are small (70–150 nm in
diameter), single or double-membrane vesicles that arise
through budding from the mitochondria and are induced
under stress conditions [4]. MDV populations have previ-
ously been defined and classified as translocase of the
outer mitochondria membrane 20 (TOMM 20, outer
membrane) positive or pyruvate dehydrogenase (PDH,
matrix protein) positive [4]. However, several other mito-
chondria resident proteins (matrix or inner membrane-
associated) have been identified on MDVs [5–7] indicat-
ing their heterogeneous nature.

The MDVs' size and dynamic nature pose a challenge
for conducting imaging studies (particularly for live
imaging) of their formation and trafficking. Elucidation
of their significance for mitochondria homeostasis as well
as cell function in general is important, especially in
high-energy demanding cardiac cells.

Previously, the formation and dynamics of TOMM
20 positive MDVs in Vero cells were observed at a rate of
10 frames per second using an ultrafast spinning disk
super-resolution microscope developed as a high-speed
alternative to SIM [8]. However, the high speed comes at
a cost of compromised optical sectioning ability and
poorer signal-to-noise ratio (SNR). Furthermore, no
quantification of the vesicles was conducted in this work.

The acquisition of images at high enough resolution
and contrast to allow MDVs to be visualizable by eye is a
significant challenge, but not the only hurdle in gather-
ing knowledge about MDVs. Other significant challenges
are the appropriate labeling for super-resolution micros-
copy (e.g., bright, photostable and specific fluorescent
markers) and the quantification of these small and
(in living cells) dynamic structures. Using traditional
hard thresholding methods for MDV quantification is
challenging because of the vesicles' low signal compared
with the noise level and the presence of image recon-
struction artifacts.

In this work, we investigated the capabilities of three-
dimensional structured illumination microscopy (3DSIM)
for visualizing and quantifying MDVs in live and fixed
H9c2 cardiomyoblasts with a stable expression of a

fluorescent transmembrane domain of the outer mito-
chondria membrane protein 25 (OMP25) [9]. The tech-
nique requires the acquisition of 120 modulated images
per 1 μm image volume per color channel and, hence, is
not as fast as spinning disk microscopy, but benefits from
three-dimensional resolution doubling compared with
conventional microscopy. Using 3DSIM, we optimized
the acquisition conditions for high-speed and up to
100 time-points super-resolution volumetric imaging. To
quantify and compare the number of fluorescently-tagged
OMP25 MDVs produced under normal (GLU) and
glucose-deprived (galactose adapted, GAL) growth condi-
tions, we applied Trainable Weka Segmentation (TWS).
Replacing glucose in the growth media with galactose
forces cells in culture to become more oxidative and has
been shown to facilitate stress-induced MDV production
[10, 11].

2 | METHODS

2.1 | Cell-culture and sample
preparation

The rat cardiomyoblast cell-line H9c2 (cells derived from
embryonic heart tissue; Sigma Aldrich) was genetically
modified using a retrovirus to achieve a stable expression
of tandem tagged (mCherry-EGFP) mitochondrial outer
membrane protein 25 (OMP25)-transmembrane domain
(TM). A uniform expression of fluorescence intensity in
the cells was achieved through flow cytometry sorting.
The stable H9c2 cells were cultured in high glucose (4.5 g/
L) Dulbecco's Modified Eagle Medium (DMEM; [D5796,
Sigma-Aldrich]) with 10% FBS, 1% streptomycin/penicillin
and 1 μg/mL of puromycin (InvivoGen). For glucose dep-
rivation and adaptation to galactose, the cells were grown
in DMEM without glucose (11966-025, Gibco) sup-
plemented with 2 mM L-glutamine, 1 mM sodium pyru-
vate, 10 mM galactose, 10% FBS, 1% streptomycin/
penicillin and 1 μg/mL of puromycin (InvivoGen). The
cells were adapted to galactose for a minimum of 7 days
before experiments. The cells were seeded on MatTek dis-
hes (P35G-1.5-14-C, MatTek Corporation) and imaged
when they reached approximately 80% confluency.

2.1.1 | Cell fixation

The cells were fixed using either 4% paraformaldehyde
(PFA) or 4% PFA + 0.2% glutaraldehyde (GA) in
phosphate-buffered saline (PBS, preheated to 37�C) for
30 minutes at room temperature. The samples were then
washed and re-immersed in PBS before imaging.
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2.1.2 | Imaging conditions

The living cells were imaged in their usual growth media
at 37�C with atmospheric gas levels. The fixed samples
were imaged at either room temperature or 37�C.

2.2 | Microscope

The images were acquired using a DeltaVision OMX V4
Blaze imaging system (GE Healthcare) equipped with a
�60 1.42 NA oil-immersion objective (Olympus), three
sCMOS cameras and 405, 488, 568 and 642 nm lasers for
excitation. The vendor-specified optical resolution of the
3DSIM system is 110–160 nm laterally and 340–380 nm
axially, depending on color channel. To surpass the dif-
fraction limit, this SIM set-up uses sinusoidal illumina-
tion patterns and acquires 120 images per 1 μm z-stack
thickness (three illumination angles times five phase
shifts times 8 planes/μm thickness) per color channel.
Super-resolution 3DSIM images are then obtained via
image processing using the manufacturer-supplied Soft-
WoRx program.

2.2.1 | Optimization of imaging speed and
differences between fixed cell and live-cell
image data

To maximize the system imaging speed for as accurate as
possible detection of fast-moving MDVs in living cells,
the following differences were implemented compared
with for fixed cell imaging:

The camera mode was changed from “Medium” low-
noise sCMOS readout rate (95 MHz, rolling shutter) to
“Fast” readout (286 MHz, global shutter), increasing the
camera read noise by about 33% (from 1.5 e to 2 e), while
reducing possible motion-induced image artifacts (pre-
suming a larger effect for fast-moving objects).
The camera read area was reduced to 1/4 from the nor-
mal for SIM field-of-view (FOV, used for the fixed sam-
ples) of 512 � 512 pixels (41 � 41 μm2) to 256 � 256
pixels (20.5 � 20.5 μm2)
The selection of image volume was done sparingly
with careful selection of the lower and upper cell bound-
aries. For the live imaging (with smaller FOVs), volumes
avoiding the thicker cell area close to the nucleus allowed
for a higher volumetric frame rate without losing signifi-
cant parts of the mitochondria and MDVs moving axially
during video acquisition. This reduced the stack size (and
acquisition time) up to three times, from about 3 μm to
1–2 μm. Stack sizes down to 1.0 μm were acquired, but

here in some cases, mitochondria appear to move out of
the acquired volume axially, indicating a too sparingly
chosen image volume. For the larger images used for the
fixed-cells, the cell nuclear region was included, resulting
in stack sizes of instead 3–3.5 μm to cover the entire cell
volume of the captured area.
The camera exposure time was changed by a factor of
four, from 20 ms (fixed samples) to 5 ms for the live sam-
ples (both with 10% transmission of 0.10 W lasers, not
including the loss in the optical path of at least 50%). This
was the shortest exposure time that could be used with-
out too severely compromising the SIM reconstruction
quality or at a significantly increased rate of photo-
bleaching (especially relevant for time-lapse studies).

Under these conditions (employed for the data of
Figure 1), the live acquisition of a 2.0 μm thick volume
(single channel) took 1.50 s. Volumes of 1.0 μm thickness
took down to 1.16 s. In comparison, the fixed cell 3DSIM
images (512 � 512 pixels and 3.0 μm thickness) had an
acquisition time of 12.0 s. Taken together, the 3DSIM
image acquisition time was reduced up to 10 times com-
pared with the fixed cell (and normally employed) acqui-
sition parameters.

2.3 | Image processing

2.3.1 | Image reconstruction and channel
registration

Image deconvolution and 3DSIM reconstructions were
completed using the manufacturer-supplied SoftWoRx
program (GE Healthcare). Image registration (color chan-
nel alignment) was also performed in the same program
using experimentally measured calibration values com-
pensating for minor lateral and axial shifts, rotation and
magnification differences between cameras. The pixel
area of the 3DSIM images is 1/4 of the acquired raw data
(40 nm � 40 nm after SIM reconstruction vs. 80 nm �
80 nm for raw data). The processed 3D images were then
maximum intensity z-projected as a final step.

2.3.2 | Image analysis and processing

Image analysis and processing beyond the preprocessing
described above was done using Fiji/ImageJ [12]. The
mitochondria vesicle segmentation and quantification
were done with help of TWS, a machine learning tool for
pixel classification in microscopy images [13].

The TWS training was conducted for two manually
annotated classes (background and mitochondria) using

OPSTAD ET AL. 3 of 9

 18640648, 2022, 2, D
ow

nloaded from
 https://onlinelibrary.w

iley.com
/doi/10.1002/jbio.202100305 by A

rctic U
niversity of N

orw
ay - U

IT
 T

rom
so, W

iley O
nline L

ibrary on [31/10/2023]. See the T
erm

s and C
onditions (https://onlinelibrary.w

iley.com
/term

s-and-conditions) on W
iley O

nline L
ibrary for rules of use; O

A
 articles are governed by the applicable C

reative C
om

m
ons L

icense



FastRandomForest and all other default options. The
supervised training of the classifier was done using one
maximum intensity projected 3DSIM image of fixed (4%
PFA + 0.2% GA) cells from the GAL conditions with
both clearly visible MDVs and SIM reconstruction

artifacts (the annotation was done by a SIM expert). SIM
artifacts were added to the background class of the train-
ing set to avoid these intensity patterns to be classified as
mitochondria (or MDVs). The classifier was then applied
to both the live and fixed samples from both pools (GAL

FIGURE 1 Fast 3DSIM time-lapse of MDVs and dynamic mitochondrial tubules in H9c2 cells (outer mitochondrial membrane, EGFP)

cultivated in galactose medium. A part of the vesicle dynamics denoted by the small red box is shown on the left. Here, the vesicles in the

upper left part of the panels are seen to interact dynamically with each other, while the vesicles and nanorods toward the bottom of the

frames are interacting with a much larger mitochondrion (0–25.5 s). In the bottom row panels, the MDVs appear to both fuse and bud-off

from the lower mitochondrion (27–34.5 s). The yellow box is shown in the bottom montage for selected subsequent time-points. The yellow

arrows show the formation of a tubule, while the magenta arrows indicate the rapid retraction (several micrometers in 1.5 s) of the same

tubule about 10 s later. The shown time-sequence has been intensity corrected for photobleaching (exponential fit). The full time-lapse is

available as Movie S1

4 of 9 OPSTAD ET AL.
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and GLU). Probability maps were generated and the seg-
mentation threshold was chosen at 0.80 after manual
inspection and comparison with the raw data of both live
and fixed samples.

A couple of outliers where the learned classifier did
not achieve satisfactory results were removed from the
dataset before quantification. These are shown and dis-
cussed in Figure S1.

3 | RESULTS AND DISCUSSION

3.1 | 3DSIM of MDVs and dynamic
mitochondrial tubules

The optimized acquisition conditions for high-speed and
lowest possible laser illumination intensity—while still
achieving good 3DSIM reconstruction—enabled captur-
ing videos of the delicate and fast-moving OMP25-TM
positive MDVs in H9c2 cells at volumetric super-
resolution for up to 100 time-points. A part of such a
time-lapse is shown in Figure 1, with the large top panel
showing an overview of the volumetric super-resolution
image. The full time-lapse (maximum intensity z-
projected 3DSIM images) is provided in Movie S1. The
highest volumetric imaging speed achieved was 1.5 s for
image volumes of 20:5�20:5�2:0 μm3. Higher imaging
speeds could be achieved for even smaller volumes, but
then greatly reducing the likelihood of capturing interest-
ing biological events in a subcellular context.

In addition to an abundance of MDVs, several rapidly
extending and retracting tubules derived from the mito-
chondrial outer membrane were observed in cells culti-
vated under both GLU and GAL conditions. An example of
a rapidly extending and retracting tubule over a time span
of about a minute is shown and indicated by arrows in the
lower part of Figure 1. At its longest, this tubule extended
to about 5 μm away from the mitochondrion from which it
formed, and with a width of about 120 nm (FWHM of the
tubule in the maxPrj 3DSIM image), corresponding to the
lateral SIM resolution (GFP channel). The actual width of
the tubule could be much narrower, but that is not measur-
able using this imaging technique. For the retracting tubule
pointed out by the arrow in magenta color (106.5–108 s),
the retraction appears to be occurring at a speed of several
micrometers per second.

Such dynamic mitochondrial tubulation has previ-
ously been detected by SIM imaging in normal rat kidney
cells (NRK) as well as in several other cell lines [14].
Recently, dynamic mitochondrial tubules were studied in
COS-7 cell-line where they were shown to mediate trans-
portation of mitochondrial DNA between different mito-
chondria [15]. However, mitochondrial tubulation has

previously not been demonstrated in H9c2 car-
diomyoblasts. Interestingly, mitochondrial tubules have
similarities to nanotunnels formed between mitochondria
in cardiomyocytes [16]. In Movies S2 and (magnified
view) S3, some of the tubules fuse with other mitochon-
dria to form a temporary membrane bridge between two
different mitochondria. A tubule can then subsequently
detach from the originating mitochondria and remain
attached to the recipient mitochondria. Interestingly, also
the budding of a fragment was detected from a retracting
tubule. A magnified view of this phenomenon is provided
in Movie S4. Our measurements of the speed of these
tubules are within the range of velocities measured for
the tubules in COS-7 cells [17].

Next, we present a simple but effective semi-
automatic analysis pipeline to quantify and compare the
number of MDVs in cultured H9c2 cells under different
conditions.

3.2 | Quantification of vesicles in live
and fixed cells

Two different strategies were employed to quantify and
compare the number of MDVs between H9c2 cells culti-
vated under either GLU or GAL conditions: Either live-
cell imaging using small imaging volumes (840.5 μm3) or
fixed-cell conditions using six times larger volumes
(5043 μm3). The two different strategies entail different
advantages and limitations. For the live-cell imaging
strategy, we ensure that no vesicles are lost or destroyed
during fixation. On the other hand, due to the unwanted
effect of motion artifacts in the SIM images, only small
volumes were acquired, reducing throughput for statisti-
cal inferences. For the fixed-cell case, we risk no motion-
related artifacts such that larger volumes and better
statistics (per imaging time) can be inferred. Also, the
nature of fixed samples allows for an easier comparison
of different conditions without risking effects from possi-
ble time delays between and during imaging experiments.
On the downside, the process of fixation can alter the
biology we wish to study, and it can be hard to assess
how this compares to the live-cell condition.

Two different protocols for chemical preservation of
the cells were tested: either fixation using 4% PFA in PBS
or 4% PFA + 0.2% GA in PBS. The results are shown in
Figure 2, where a comparison with mitochondria in liv-
ing cells is used as reference (Figure 1A). As shown in
Figure 2B, using PFA only for fixation led to unsatisfac-
tory preservation of the mitochondrial morphology at
SIM resolution. Trying to segment MDVs from these
images led to a high portion of false positives, where frag-
mented mitochondria—seemingly part of a continuous
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structure before chemical fixation—would be counted as
many additional MDVs not actually present. At conven-
tional optical resolution (like the deconvolved image
example in Figure 2C), this effect is much harder to
notice and may be unimportant for some types of quanti-
fication of mitochondria. However, the analysis of
MDVs—which are smaller than the resolution limit—
requires the use of super-resolution techniques like
3DSIM for accurate quantification, together with a more
potent fixation method than PFA alone. Preservation
using both PFA and GA (Figure 2D) gave satisfactory
results, resembling the live-cell imaging results even at
SIM resolution (compare panels A and D of Figure 2) and
showing MDVs unlikely to appear from fixation-induced
mitochondrial fragmentation. A different challenge con-
cerning GA fixed samples is the added background signal
from GA autofluorescence. We noted additional artifacts
in the SIM images likely resulting from this origin.

To overcome the challenges of MDV quantification in
the presence of both SIM reconstruction artifacts (often of
similar size and intensity level as the MDVs) and compara-
tively large and bright mitochondria, we employed TWS
for MDV segmentation prior to quantification.

The pixelwise TWS classifier was trained using super-
vised learning on two classes: Background and Mitochon-
dria. The annotated regions used for training the
classifier together with the rest of the particle quantifica-
tion workflow are shown in Figure 3.

To reduce the impact of SIM artifacts, lower axial res-
olution and to facilitate the assessment of classifier per-
formance, only maxPrj 3DSIM images were used both for
training and MDV quantification. The main loss of infor-
mation from this simplification is that the MDVs located
directly above or below the mitochondria are not coun-
ted. Since the images are 10–20 times larger laterally than
axially, and the volume thickness only constitute about
five resolution units laterally (for 2 μm stacks) versus
170 resolution units in either lateral dimension (for
20.2 μm images), we considered this a valid simplification
only improving the accuracy of the particular analysis.

The training conducted on a fixed GLU cell (with visi-
ble SIM artifacts relegated to the background class)
showed good transfer learning to both GAL and live-cell
images (of smaller size). The manually assessed segmen-
tation results were found satisfactory for all except two
cases (discarded from the MDV quantification) of the

FIGURE 2 Comparison of live and fixed mitochondrial morphologies. The regions indicated in the upper panels A–D are displayed

magnified below. Fixation using paraformaldehyde (PFA) only (panels B and C) causes fragmentation and disruption of the mitochondrial

network as observed for living samples (panel A) hindering reliable MDV quantification. This effect is difficult to notice at conventional

resolution (deconvolved image, panel C). Applying a fixation solution additionally containing glutaraldehyde (GA) preserves the live

mitochondrial morphology much better and can be used for quantifying MDVs in fixed samples (panel D). The images are maxPrj 3DSIM

images of H9c2 cells from the normal cultivation condition (GLU). Scale bars: 1 μm
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fixed-cell images that appeared particularly challenging
due to two reasons:

1. Two different cells with distinct mitochondria mor-
phology and brightness in the same image.

2. Dominating SIM reconstruction artifacts obscuring
the actual cellular details.

Both of these fail cases are displayed in Figure S1.
The MDV quantification results are summarized in

Table 1. Both the live- and fixed-cell imaging strategies
yielded a higher vesicle number for cells under the GAL
condition than under the GLU condition.

Quantification of MDVs in H9c2 cells has previously
been conducted using confocal images of fixed cells with

FIGURE 3 Segmentation of mitochondria for MDV quantification was done in ImageJ/Fiji using TWS. First, a maximum intensity z-

projected (maxPrj) 3DSIM image was annotated with regions from the two classes background (including SIM artifacts) and mitochondria.

Then the classifier was trained and applied to the remaining data of both live and fixed cells from both the GAL and GLU growth

conditions. A probability map was chosen as output and a threshold of 0.80 was chosen as a binary mask for the mitochondria class. This

was chosen after visual inspection and comparison with the SIM images to yield a satisfactory segmentation. The MDVs were measured

from the binary images using Analyze Particles in ImageJ, excluding particles with a circularity <0.7 or not falling within the area range

0.0032 to 0.30 μm2

TABLE 1 The number of MDVs

measured per image, area and volume

for GLU and GAL samples under both

fixed and live imaging conditions

Sample condition

GLU GAL

Live Fixed Live Fixed

MDV/image 60 ± 26 127 ± 48 70 ± 31 223 ± 59

MDV/μm2 0.14 0.076 0.17 0.13

MDV/μm3 0.071 0.025 0.083 0.044

OPSTAD ET AL. 7 of 9

 18640648, 2022, 2, D
ow

nloaded from
 https://onlinelibrary.w

iley.com
/doi/10.1002/jbio.202100305 by A

rctic U
niversity of N

orw
ay - U

IT
 T

rom
so, W

iley O
nline L

ibrary on [31/10/2023]. See the T
erm

s and C
onditions (https://onlinelibrary.w

iley.com
/term

s-and-conditions) on W
iley O

nline L
ibrary for rules of use; O

A
 articles are governed by the applicable C

reative C
om

m
ons L

icense



immunofluorescent staining of TOMM20 and PDH mito-
chondria markers after galactose adaptation [11] or dur-
ing normal (glucose) growth conditions [18]. The
numbers of MDVs per cell obtained in these studies (10–
30 MDVs per cell) are significantly lower than the num-
bers obtained here (the numbers per image cover less
than one cell). Furthermore, a comparison of the number
of MDVs in H9c2 cells under these different growth con-
ditions was not investigated earlier.

The high standard deviations in Table 1 indicate that
the particular state of individual cells also has a large
impact on the number of MDVs, beyond growth conditions.
Although the fixed images are of six times larger volumes
(four times larger area), the number of MDVs was only 2.1
and 3.2 times higher (for GAL and GLU, respectively). The
reason for this is can be a combination of several factors:

1. The inclusion of sparser parts of the samples with few
or no MDVs, that is, especially the nuclear region and
volumes completely outside of the cells.

2. The effect of z-projection is larger in the case of fixed
samples as larger z-stacks were used for these. In
effect, a larger portion of the vesicles could be invisi-
ble straight above or below brighter mitochondria.

3. Vesicles could be lost or destroyed during fixation and
the subsequent sample washing steps.

Especially when considering volumetric cell densities of
MDVs, the smaller image volumes (with carefully chosen
volumetric boundaries) are likely to provide a more accu-
rate estimate of the actual vesicle density inside cells, as
the non-cell containing sample parts can be more accu-
rately excluded. The cell boundaries could alternatively
be determined with help of a membrane marker. How-
ever, due to the added cellular stress, experimental and
analytical complexity associated with this membrane
labeling, we instead used the distribution of mitochon-
dria as a rough guide for cell boundaries.

4 | CONCLUSIONS

We have in this work explored the capability of 3DSIM
for the challenging study of MDVs in living and fixed
H9c2 cardiomyoblasts with a stable expression of a fluo-
rescent mitochondria marker. The optimized high-speed
imaging conditions enabled following mitochondria and
MDVs at volumetric super-resolution for up to 80 time-
points, each 20.5 � 20.5 � 2 μm3 volume with about 1.5 s
acquisition time. In addition to a large number of MDVs,
a multitude of rapidly extending and retracting mito-
chondrial tubules were observed for cells cultivated

under both normal and galactose-adapted conditions.
Interestingly, these nanotubules could be involved in the
formation of MDVs.

Two different cell fixation approaches of the mito-
chondria for the purpose of MDV quantification were
tested: 4% PFA and 4% PFA + 0.2% GA. Only the latter
one was found suitable for the quantification of MDVs,
as the PFA-only fixation led to the fragmentation of mito-
chondria and a misleadingly high number of MDVs.

Segmentation using the TWS machine learning tool
provided satisfactory segmentation of mitochondria for
the quantification of MDVs when the images contained
mitochondria of single cells—and not of mitochondria of
vastly different morphology and brightness as often the
case in different adjacent cells—and for moderate SIM
reconstruction artifacts. The SIM artifacts were largely
successfully trained to be classified as part of the back-
ground class.

MDVs were quantified from TWS segmented images
for both live and fixed conditions and their abundance
was compared in normal and galactose-adapted cultiva-
tion conditions. Although varying largely within each
group, the number of MDVs was on average found to be
larger for the galactose-adapted condition than for the
normal glucose-containing growth condition. This has
previously not been demonstrated for H9c2 cells. Nota-
bly, COS-7 cell-line adapted to galactose did not display
an increase in the number of MDVs compared with cells
in glucose when exploiting confocal images of fixed and
immunolabeled cells for MDV quantification [10]. The
use of H9c2 cells with stable expression of a fluorescent
mitochondria outer membrane marker and the applica-
tion of super-resolution imaging display the advantage of
our approach for both more accurate MDV detection and
quantification.

Future work will involve MDV quantification of
larger SIM image datasets from different growth condi-
tions. In addition, analyzing the dynamics of MDVs will
enable us to better assess their origin, fate, overall cellu-
lar function and, ultimately, their importance for the car-
diovascular system [19].
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