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Abstract  

Formation of biofilms is an important adaptive strategy that bacteria employ to endure 

challenging conditions. This thesis delves into the evolution of the pathogen Vibrio 

cholerae in biofilms with a focus on biofilm adaptation, c-di-GMP signaling and β-

lactamase evolution.  

Paper 1 improved upon the genome of V. cholerae C6706 and linked every open 

reading frame to the current reference strain V. cholerae N16961. A genetic analysis 

identified multiple differences between V. cholerae C6706 and N16961. Experimental 

evidence suggested that these genetic differences affected biofilm formation and 

motility through alterations in quorum sensing and c-di-GMP turnover.  

Paper 2 examined biofilm adaptation during biofilm evolution. Strong selection for 

biofilm formation markedly improved the biofilm forming capacity of V. cholerae 

through mutations in the polyamine-regulated, bi-functional c-di-GMP-metabolizing 

enzyme MbaA. Mutagenesis studies and enzyme kinetics indicated that mutations in 

MbaA activated the diguanylate cyclase activity of the GGDEF-domain, reduced 

phosphodiesterase activity of the EAL-domain and decoupled MbaA from polyamine-

mediated regulation via NspS. This suggests that the increase in biofilm formation 

comes from shifting the enzymatic output of MbaA from degradation to synthesis of c-

di-GMP.  

Paper 3 investigated how β-lactamases affect biofilm formation in V. cholerae and how 

the biofilm lifestyle can affect the evolution of β-lactamases. A wide range of β-

lactamases impaired biofilm formation in V. cholerae. Directed evolution coupled with 

selection for biofilm formation selected for mutations that reversed biofilm inhibition. 

This suggests that the biofilm environment can influence the evolutionary trajectories 

of β-lactamases.  

Overall, this thesis expands our understanding of the biology and evolution of V. 

cholerae and underscores the importance of understanding pathogen evolution in 

biofilms. Additionally, it suggests that the c-di-GMP signaling system is a potent 

evolutionary target for bacterial adaptation. 
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1 Vibrio cholerae 

1.1 Cholera 

Vibrio cholerae is a pathogenic Gram-negative bacterium and the causative agent of 

cholera [1]. This is an acute and severe diarrheal disease. If left untreated, the disease 

can cause fluid loss of up to 1000 milliliters per hour and rapidly lead to severe 

dehydration, hypovolemic shock and death [1]. The pathogen is believed to have 

afflicted humans with disease for centuries and ancient accounts from the Bay of 

Bengal (from 500 BCE) have described a severe diarrheal disease similar to cholera 

[2]. Since the 1800s, cholera has spread globally and caused seven pandemics [1–3]. 

During this time, the pathogen has become endemic in multiple regions globally and 

cholera still represents a major global health threat. Annually, V. cholerae infects 

approximately 3 000 000 people worldwide and is associated with 95 000 deaths [4].  

Cholera outbreaks usually occur in areas with poor water, sanitation, and hygiene 

infrastructure [1]. Either because of inadequate infrastructure to begin with, or due to 

destruction of infrastructure by war or natural disasters. During outbreaks, the number 

of cases can increase explosively and rapidly overwhelm public health services. In the 

last decades, devastating cholera outbreaks in Haiti and Yemen have underlined this 

[5–8]. As a result, WHO launched the global initiative “Ending cholera” with the goal of 

reducing cholera deaths globally by 90% by 2030 [9, 10]. Despite the ongoing 

coordinated global initiative, cholera has seen a resurgence recently [11].  

V. cholerae strains are divided into serogroups based on their polysaccharide O 

antigens. To date, around 200 different serogroups have been identified [1, 12]. 

Despite the large number of serogroups, pandemic strains only belong to two 

serogroups, O1 and O139, with O1 being most frequently associated with disease. The 

remaining serogroup diversity is in nonpathogenic environmental strains of V. 

cholerae. These non-O1/O139 V. cholerae strains can cause sporadic diseases with 

mild cholera-like diarrhea, but do not cause pandemics [1]. Historically, the O1 

serogroup has been the most common among circulating pathogenic V. cholerae 

strains. However, around 1992 a strain belonging to the O139 serogroup caused an 

outbreak on the Indian sub-continent [1, 13, 14]. Initially, this strain successfully 

outcompeted the O1 serogroup strains, and cause several outbreaks around the Bay 
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of Bengal. Puzzlingly, the O139 serogroup strains vanished rapidly and after the 2000s 

this serogroup has rarely been isolated [13]. Consequently, the O1 serogroup still 

remains the dominant serogroup among pathogenic V. cholerae strains. 

V. cholerae O1 strains are further classified in the two biotypes classical and El Tor, 

respectively. The classical biotype is the original biotype of pathogenic V. cholerae O1 

and believed to be the cause of the first six pandemics [1, 15, 16]. The El Tor biotype 

emerged around 1900 and is named after the quarantine station it was first isolated at 

(El Tor quarantine station in Egypt) [2, 15]. After its emergence, the El Tor strains have 

completely outcompeted the classical biotype [1, 17, 18]. It is the current circulating 

biotype and culprit of the ongoing 7th cholera pandemic. On the one hand, El Tor strains 

commonly induce less severe disease and fewer fatalities and are more frequently 

associated with asymptomatic infections [19–21]. On the other hand, El Tor strains 

exhibit increased environmental persistence and transits between the aquatic 

environment and the human host more efficiently than classical biotype strains [21–

23]. This is believed to be one of the reasons behind the displacement of classical 

strains by El Tor strains. The two biotypes can be distinguished by the presence of 

specific phenotypic traits [22]. Additionally, the two biotypes can be differentiated by 

multiple genetic differences. Among them are the genetic islands Vibrio seventh 

pandemic island-1/2 (VSP-1/2), which are genetic hallmarks of 7th pandemic O1 El Tor 

biotype strains [1, 22, 24].  
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1.2 The 7th cholera pandemic 

Since 1817, there has been seven global cholera pandemics. The 7th and currently 

ongoing pandemic began in Indonesia in 1961. Since then, it has spread globally in 

three distinct transmission waves (Fig. 1) [3, 15, 18, 21]. 

 

Figure 1 Global spread of 7th cholera pandemic  
The global spread of V. cholerae during the 7th pandemic. The pandemic originated in 
Indonesia in 1961 and spread globally in three waves: wave 1 (gray), wave 2 (blue) and wave 
3 (purple) [18]. Adopted with permission from [3]. 

 

Wave 1 represents the first global transmission and spread cholera to Africa, Europe, 

the Americas and across Asia. Many of the commonly used model strains of V. 

cholerae stem from wave 1 of the 7th pandemic including V. cholerae N16961, which 

functions as the current reference genome, C6706, A1552 and E7946 [25–29]. The 

acquisition of the SXT-element, which is an integrative, conjugative element, marks 

the transition from wave 1 to wave 2 [18]. This has been predicted to occur between 

1978-84, several years before the first SXT-element was isolated in Southeast Asia 

(first isolated in 1993) [18, 30]. In addition, wave 2 strains harbor changes in the CTX 

prophage in the form of a tandem repeat of CTX on chromosome 2. Wave 3 strains 

have been deemed hybrid El Tor strains since they have acquired the ctxB allele of 

the classical biotype and some of these strains have been deemed hypervirulent [31]. 

In addition, wave 3 strains also harbor the SXT-element [3, 18, 22]. Wave 3 strains 

have caused several devastating outbreaks globally in the last decade (e.g. Haiti, 
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Yemen, and Zimbabwe) [7, 8, 32, 33]. The study of the 7th cholera pandemic clearly 

demonstrates how V. cholerae continuously evolve and acquires novel traits as it 

spreads throughout the world.  
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1.3 Evolution of V. cholerae by mobile genetic elements 

Mobile genetic elements (MGEs) are DNA-segments that can move within or between 

bacterial genomes. These two types of movements are named intracellular and 

intercellular mobility, respectively (Fig. 2a) [34]. MGEs are widespread throughout the 

bacterial kingdom and can encode proteins that ensure their own mobility and spread, 

but many parasitize the mobility apparatus of other MGEs [35–38]. MGEs often encode 

genes providing novel adaptive traits to the host, including antibiotic and heavy metal 

resistance, phage and plasmid defense systems and virulence/pathogenicity factors 

[35–37]. Because of this, MGEs are crucial drivers of adaptive evolution in bacteria. A 

classic example of this is how horizontal transfer of MGEs have facilitated the spread 

of AMR in the last decades [34, 35, 37].  

Over the years multiple types of MGEs have been discovered, which can be 

categorized based on their ability to move between or within genomes [34]. Plasmids, 

integrative, conjugative elements (ICEs), bacteriophages, phage satellites and 

genomic islands primarily move between genomes, while transposon and integrons 

move within genomes (Fig. 2a) [34]. Although, integrons are non-mobile themselves, 

they encode site-specific recombination systems that allows them to recognize and 

capture genes [39, 40]. Importantly, transposon and integrons are often associated 

with other MGEs, thereby enabling their movement between genomes as well (e.g. the 

SXT-element encodes both a transposon and an integron) [41].  

Horizontal gene transfer (HGT) refers to any transfer of genetic material into a bacterial 

cell and mediates intercellular spread of MGEs [42]. The three major types of HGT are 

transduction, natural transformation, and conjugation (Fig. 2b). Transduction relies on 

bacteriophages and represents the accidental transfer of genetic material between 

bacterial cells due to bacteriophages infecting in bacterial cells. This happens when 

DNA is packaged together with the phage genome into the phage particles (Fig. 2b) 

[42]. Phages can also integrate into the host chromosome to become prophages [43, 

44]. Natural transformation refers to uptake of extracellular DNA from the environment 

which can only be done by bacterial species that are naturally competent [45]. After 

uptake from the environment, the DNA can be integrated into the genome, often 

through homologous recombination, via RecA (Fig. 2b). Lastly, conjugation refers to 
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the direct transfer of MGEs between two bacterial cells in close proximity of each other, 

which relies on conjugative pili (Fig. 2b) [42]. This is the primary transfer mechanism 

of plasmids and ICEs and the main mechanism for horizontal spread of AMR 

determinants [34, 37, 42]. In addition, there are so called non-canonical HGT-

mechanisms, which among other can involve outer membrane vesicles, tiny pilus-like 

structures, or gene transfer agents (Fig. 2b) [42].  

It is clear that MGEs play a key role in microbial evolution, yet MGEs often impose a 

fitness burden that reduces the reproductive ability of the MGE-harboring bacteria in 

the absence of selection for MGE-encoded traits [42, 46–48]. This has been defined 

as MGE-imposed fitness cost. If this cost is too large, bacterial cells harboring MGEs 

will be outcompeted by bacteria without MGEs. Although MGE-imposed fitness costs 

can be reduced over time through the acquisition of compensatory mutations, the initial 

MGE-imposed cost is a crucial constraint on the vertical and horizontal spread of 

MGEs [46–49]. Therefore, the MGE-imposed fitness cost represents a major barrier to 

long-term spread and persistence of MGEs [48].  
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Figure 2 Overview of different types of horizontal gene transfer within and between 
genomes 
a. Overview of mobile genetic elements (MGEs) and examples of intracellular and intercellular 
mobility. Two different bacterial cells are depicted, with one acting as donor (blue) and one 
acting as recipient (red). Multiple MGEs are present in each cell. Functions of the individual 
genes encodes by the MGEs are color coded and depicted in the box underneath the cells. 
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Intracellular mobility is depicted as a thin black arrow. Intracellular mobility mediated by 
transposases are labeled Tnp, while those mediated by site-specific recombinases are labeled 
Ssr. Intercellular mobility is depicted as a thick green arrow. A plasmid can mediate its own 
intercellular transfer by conjugation if it encodes the conjugation machinery. It may also be 
mobilized by another conjugative plasmid if it lacks the conjugation machinery. Different types 
of intracellular mobility are depicted as (A)-(E). (A)Transposons (Tn) can move from the 
chromosome to an MGE (plasmid 1). (B) Transposons can also move between different MGEs 
e.g., move from plasmid 1 to plasmid 2. (C) Gene cassette can move between different 
transposon/integrons via circular intermediates. Certain MGEs can also move via circular 
intermediates. (D) For example, ICEs can excise and circularize before conjugating into a 
recipient bacterial cell. Once there, it can reintegrate into the chromosome of the recipient cell. 
Plasmids can move between bacteria by horizontal gene transfer as depicted by the movement 
of plasmid 1 into the recipient cell. (E) Once in the recipient cell, if the plasmid carries 
transposons, these may jump into the chromosome of the recipient host. Figure is adopted 
with permission from [34]. b. Overview of different modes of HGT and the downstream 
processing of the DNA in the recipient cell. Transformation depends on the uptake of DNA 
from the environment. After uptake, the DNA can be integrated into the chromosome either 
through RecA-mediated or RecA-independent recombination. Transduction relies on phage-
mediated transfer of DNA by packaging of DNA into phage particles. After entry in to the cell, 
the phage can replicate and form new phage particles. Alternatively, the phage can also 
integrate into the host chromosome to become a prophage. Conjugative plasmids or elements 
are transferred into bacterial cells via the conjugative pilus in a contact-dependent manner. 
After conjugating into the recipient cells, plasmids are maintained as extrachromosomal 
elements. In contrast, some conjugative elements (e.g. ICEs) integrate into the host 
chromosome. In addition to the three above-mentioned mechanisms, several non-canonical 
mechanisms have also been described, including HGT mediated by membrane vesicles, tiny 
pilus-like structures and gene transfer agents (GTAs). Figure is adopted with permission from 
[42].  
 

The origin and evolution of V. cholerae have been shaped by MGEs (Fig. 3a-b) [3, 15, 

17]. Thus, it serves as an excellent example of how MGEs affect microbial evolution. 

Notably, the generation of a toxigenic V. cholerae strain with pandemic potential 

depends on the acquisition of multiple MGE-encoded virulence factors, such as the 

cholera toxin and toxin co-regulated pilus (TCP) (Fig. 3a). The vibrio pathogenicity 

island-1 (VP-1) encodes the TCP, crucial for intestinal colonization of V. cholerae, and 

the key virulence regulator ToxT [23, 50]. Furthermore, TCP is indispensable for 

acquisition of the cholera toxin genes since it acts as the receptor for the CTXφ 

bacteriophage (CTXφ), which encodes cholera toxin. Thus, it enables the acquisition 

of CTXφ and the conversion of a non-toxigenic V. cholerae strain into a toxigenic strain. 

After infection of the bacterial cell, CTXφ is irreversibly integrated into the chromosome 

of V. cholerae [1, 3]. Thus, becoming a prophage, and granting V. cholerae the ability 

to the produce cholera toxin (CTX) and induce the cholera disease.  
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The emergence of the V. cholerae O1 El Tor biotype responsible for the ongoing 7th 

pandemic was also mediated by the acquisition of novel MGEs (Fig. 3a-b) [3, 15, 17, 

24]. One of the drivers behind the success of the El Tor biotype is believed to be related 

to the acquisition of the two novel genomic islands VSP-1 and VSP-2 [3, 15, 24, 51]. 

These two islands have been linked to both pathogenicity, phage defense, plasmid 

defense systems, and novel metabolic traits [3, 15, 24, 51]. In support of this, the 

classical biotype is outcompeted to a lesser degree against an El Tor biotype strain 

with ∆VSP1-2 [51]. Furthermore, before the acquisition of VSP-1/2, V. cholerae El Tor 

biotype strains only caused minor sporadic outbreaks [15].  

In addition to the MGEs that facilitate the transformation of V. cholerae into a toxigenic 

pathogen, it can possess other MGEs that grant additional traits (Fig. 3a) [51–55]. This 

includes the beforementioned SXT-element as well as novel MDR plasmids that 

emerged in recent large cholera outbreaks [7, 8, 33, 56]. These plasmids encode 

multiple antibiotic resistance genes and induce multidrug resistance (MDR) towards 

many commonly used antibiotics [1, 7, 8, 33, 56]. Taken together, MGE acquisition has 

been linked to key evolutionary transitions and V. cholerae represents a suitable model 

system to study how MGEs or MGE-harbored genes evolve.  
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Figure 3 Evolution and emergence of pathogenic Vibrio cholerae 
a. Overview of the transformation of an environmental non-pathogenic V. cholerae strain into 
a pathogenic strain with pandemic potential. VPI-1 = Vibrio pathogenicity island-1, VPI-2 = 
Vibrio pathogenicity island-2, CTXΦ, CTX bacteriophage, VSP-1 = Vibrio seventh pandemic 
island-1, VSP-2 = Vibrio seventh pandemic island-2, SXT = SXT-element, an integrative and 
conjugative element. b. Genomic maps of the MGEs (VP-1, VP-2, VSP-1, VSP-2, CTXΦ) 
encoding the major virulence factors in 7th pandemic V. cholerae strains. Adopted with 
permission from [3]. 
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1.4 Antimicrobial resistance in V. cholerae 

The introduction of antimicrobials in the 1940s represents a major paradigm shift in 

modern medicine, enabling the treatment of bacterial infections. To this day, it remains 

one of the most important advances in the history of modern medicine. Currently, 

multiple classes of antimicrobials exist and are regularly used [57]. In general, 

antimicrobials target one of four indispensable cellular processes:  

I. Nucleic acid synthesis 

II. Folate synthesis or other metabolic processes 

III. Cell wall synthesis 

IV. Protein synthesis 

Unfortunately, due to bacteria’s remarkable adaptive ability, AMR has become an 

increasing problem over the last few decades [57]. From a clinical standpoint, AMR 

represents a troublesome bacterial trait, which is associated with millions of deaths 

annually [58]. So far, no classes of antimicrobials have managed to escape resistance 

development. In general, antimicrobial resistance is achieved through four 

mechanisms [57]:  

I. Prevention of access to the target through increased efflux or reduced 

permeability. 

II. Alteration, modification, or protection of the target that prevent efficient 

antimicrobial binding. 

III. Enzymatic modifications or degradation of antimicrobial drugs. 

IV. Antimicrobial target bypass which makes the antimicrobial target redundant.  

Administration of antimicrobials are currently recommended for patients with cholera 

with moderate/severe dehydration [59]. The most frequently used classes of 

antimicrobials to treat cholera are tetracyclines, fluroquinolones and macrolides. Due 

to the widespread use of antimicrobials, AMR has emerged in V. cholerae over the last 

decades. Consequently, multidrug resistant (MDR) isolates of V. cholerae have 

become common and currently circulate globally. The most important mediator of AMR 

in V. cholerae is the previously mentioned SXT-element, which commonly encodes 

resistance towards streptomycin, sulfamethoxazole, florfenicol and trimethoprim [41]. 
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Worryingly, in some of the last major outbreak (e.g. Zimbabwe and Yemen) MDR 

plasmids encoding multiple additional AMR genes have emerged [7, 8, 33]. These 

plasmids encode resistance genes against several antimicrobials, including 

macrolides, sulfonamides and β-lactams.  

Although β-lactams are infrequently used to treat cholera, they are one of the most 

important classes of antimicrobials. All β-lactams share a common structural feature 

in the form of the β-lactam ring [60, 61]. The class is further divided into four 

subclasses: penicillins, cephalosporins, monobactams and carbapenems [60, 61]. The 

antibacterial effect of β-lactams comes from disruption of bacterial cell wall synthesis 

through inhibition of penicillin-binding proteins (PBPs). PBPs are crucial for the 

synthesis of peptidoglycans, the major component of bacterial cell walls. β-lactams 

binds to PBPs and inactivates them, which disrupts bacterial cell wall homeostasis and 

triggers bacterial cell lysis [57, 60, 62]. 

The widespread use of β-lactams over several decades have strongly selected for β-

lactam resistance. In Gram-negative bacteria, the most troublesome resistance 

mechanism against β-lactams is the expression of β-lactamases [57, 58, 63]. These 

are enzymes that can hydrolyze and thereby inactivate β-lactams. Furthermore, β-

lactamase-encoding genes are often associated with MGEs, which facilitated their 

spread globally [64]. Because of this, β-lactamases represents an important cause of 

AMR and a major public health threat. β-lactamases display significant sequence- and 

functional-variability and can be classified either by sequence diversity (Ambler class 

A to D) or active site (A-site) properties (serine-type or metallo-β-lactamases) [61, 65].  

Serine- and metallo-β-lactamases differ in their A-site characteristics and employ 

different mechanisms to hydrolyze β-lactams. In general, serine-β-lactamases (SBLs) 

employ an acylation-deacylation mechanism. This approach relies on a nucleophilic 

serine to form a covalent acyl-enzyme intermediate with the β-lactam. Next, an 

activated water molecule hydrolyzes the acyl-enzyme intermediate and frees the 

degraded β-lactam. Different classes of SBLs utilized different residues to activate the 

water molecule that mediate deacylation. Class A enzymes (e.g. KPC-2), utilize E166, 

class C enzymes (e.g., AmpC) utilize K67 via Y150 and class D enzymes (e.g. OXA-
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48) utilize carboxylated K73. In contrast, metallo-β-lactamases (MBLs) utilize zinc 

metals to activate a water molecule that subsequently hydrolyzes the β-lactam. 
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1.5 The Vibrio cholerae life cycle 

V. cholerae has a complex life cycle and survives year-round in estuarine and coastal 

environments in endemic areas [1, 23, 66, 67]. Because of this, it is considered an 

environmental pathogen that can infect humans through contaminated water and food 

[1, 3, 23, 66].  In both the aquatic environment and the human host, sensing and 

adapting to changing conditions is essential for V. cholerae`s ability to survive and 

cause disease [1, 3, 23, 66].  

1.5.1 Environmental persistence and survival of V. cholerae 

The aquatic environment that V. cholerae reside in is harsh and continuously 

fluctuates. To survive, V. cholerae needs to sense and adapt to challenges such as 

predation, osmotic stress, temperature shifts, nutrient limitations, phage infections, 

antimicrobial compounds and inter-microbial competition [23, 66, 68, 69]. One of the 

most important adaptive strategies V. cholerae employs to ensure environmental 

survival is biofilm formation [66, 70]. Biofilms, expanded upon in section 3, can be 

defined as bacterial communities enclosed in a self-produced protective matrix [71]. In 

the environment, V. cholerae often colonizes crustaceans (e.g. phytoplankton and 

zooplankton) by adhering to their chitinous exoskeleton and use them as surfaces to 

form biofilms on [23, 72, 73]. Biofilm formation enhance environmental persistence and 

protects against external stressors like predation, bacteriophages, and salinity and 

temperature shifts. In support of this, a hyper-biofilm variant (rugose variation) of V. 

cholerae exhibit increased tolerance to multiple external stressors [74–77].  

Chitin is a key nutrient and an important source of carbon and nitrogen for V. cholerae 

[23]. Furthermore, chitin is an important lifestyle que and association with it triggers 

natural competence, which allows V. cholerae to take up new genetic material from its 

environment [23, 78]. Because of this, biofilm formation on chitin surfaces increases 

both persistence, nutrient acquisition and HGT. Furthermore, biofilm-derived V. 

cholerae has been shown to be hyper-infectious and readily induce cholera disease in 

humans [23, 66, 69, 79–81]. Therefore, biofilm formation seems to increase the 

environmental survival of V. cholerae, while simultaneously priming the pathogen for 

human infection. Altogether, biofilm formation seems to be a key survival strategy and 

lifestyle for V. cholerae. In agreement with this, a simple filtration system that removes 
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particles >20 µm has been shown to reduce the incidence of cholera in endemic 

regions in Bangladesh [82]. 

1.5.2 Pathogen entry into the human host 

Upon oral uptake by the human host, V. cholerae experiences a radical shift in 

conditions. This continues through the host and the pathogen must sense and adapt 

to changes throughout the infection cycle [23]. The first and perhaps greatest challenge 

for V. cholerae is the human gastric fluid. V. cholerae is sensitive to pH and the low pH 

of 1 - 3 in the human stomach represents a major challenge [23, 83]. Because of this, 

only a small fraction of the initial bacterial inoculum will manage to pass into the small 

intestine [84]. Therefore, unless gastric fluid is buffered, large oral doses, often greater 

than 108 are needed to consistently induce clinical cholera disease [1, 85, 86].  

Once again, formation of biofilms is a key strategy that facilitates the passage of V. 

cholerae through the harsh conditions of the stomach. The biofilm matrix is believed to 

shield the biofilm-embedded bacteria from the acidic environment of the stomach. As 

a result, the V. cholerae biofilms are more tolerant to the acidic environment and are 

able to better transit into the small intestine [23, 66, 87, 88]. In addition, a study also 

demonstrated that acidic pH induces surface-attachment through increased 

expression of mannose sensitive hemagglutinin (MSHA) pili [89]. Therefore, biofilm 

formation seems to be an important adaptive strategy to survive entry into the stomach. 

In support of this, as already stated, biofilm-derived V. cholerae are hyper-infectious 

and seems to be primed for host infection [23, 66, 69, 79–81, 87]. 

V. cholerae also possess molecular systems that can induce an acid tolerance 

response (ATR) upon exposure to acidic environments. The main actor in ATR is a 

lysine decarboxylase (CadA), which consumes H+ ions to produce the polyamine 

cadaverine and carbon dioxide [90–92]. It is believed that CadA pumps H+ ions out of 

the cell, thereby increasing the internal pH of the cell and its acid tolerance. In support 

of this, previous work has demonstrated that V. cholerae cells lacking cadA are not 

able to withstand acid shock [90]. Furthermore, acid adapted V. cholerae outcompete 

non-adapted V. cholerae in infection models [93]. Interestingly, the fitness benefit of 

acid-adapted V. cholerae does not manifest until >3h post-infection, suggesting that 
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the observed fitness benefit is not due to greater passage through the gastric phase, 

but occurs later in the infection cycle [93]. 

1.5.3 Colonization of the small intestine and pathogenesis 

After passage through the stomach, the pathogen enters the small intestine. Once 

there, V. cholerae penetrates the mucus barrier to colonize the small intestine, multiply 

and induce diarrhea by secretion of cholera toxin (CTX) [1]. If the pathogen still resides 

in a biofilm upon entry in the small intestine, it must disperse from the biofilm, orient 

itself in the lumen and translocate to the walls of the intestine [23]. It has been 

demonstrated that V. cholerae senses multiple cues during infection, including bile, 

bicarbonate and pH [23, 66, 68]. These are believed to function as spatial cues that V. 

cholerae use to orient itself within the intestine [94]. Most bile salts lead to increased 

biofilm formation, while bicarbonate and alkaline pH increase biofilm dispersal and 

swim speed [89, 95]. This supports a model were V. cholerae transits through the 

stomach and into the small intestine in a biofilm form. Upon approaching the mucosal 

lining with increasing amounts of bicarbonate and higher pH, it disperses from the 

biofilm and penetrates the mucus barrier to reach the mucosal lining of the small 

intestine [23, 66, 94, 96–98].  

After penetrating the mucus barrier, V. cholerae makes contact with the intestinal 

lining. There it attaches to the epithelial cells and divides to form microcolonies [23, 

66, 99–102]. The formation of microcolonies is mediated by the toxin co-regulated pilus 

(TCP), one of two key virulence factors expressed by V. cholerae [100, 101]. To 

establish microcolonies, V. cholerae must displace the already present gut microbiota 

within the small intestine. Evidence suggests that V. cholerae employ the type 6 

secretion system (T6SS), a contact-dependent toxin-delivery system, to displace the 

host microbiota and open up the intestinal niche [103]. This is supported by 

experimental data demonstrating that T6SS is active in the intestine and contributes to 

virulence and colonization [103–107].  

After forming microcolonies in the small intestine, V. cholerae initiates secretion of 

CTX, which penetrates into the host cells and activates adenylate cyclase. This causes 

an increase cyclic AMP (cAMP) levels, which leads to excessive secretion of chloride 

ions and water into the intestinal lumen, thereby causing severe watery diarrhea, the 
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hallmark of cholera disease [1]. Expression of CTX mediates a fitness advantage to V. 

cholerae through modulation of the host-microbe metabolism [108, 109]. This supports 

the intestinal growth of V. cholerae to incredibly high numbers (>1011 CFUs in diarrheal 

fluid) from low levels, after eradication of a large fraction of the initial inoculum in the 

stomach [85]. The high V. cholerae load in diarrheal fluid towards the end of the 

infection facilitates further dissemination of the pathogen during outbreaks.  

1.5.4 Mucosal escape and exit of the host 

The final phase of the infection cycle of V. cholerae is characterized by the expulsion 

of the pathogen from the human host. Host exit is a key step in the life cycle of V. 

cholerae and a major contributor to the explosive nature of cholera outbreaks [23]. 

Human-shed V. cholerae are hyper-infectious and can efficiently re-infect other 

individuals, thereby, driving further spread of the pathogen [110–112]. To successfully 

exit the host, the pathogen must detach from the epithelial cells and migrate into the 

intestinal lumen, so that it can be shed in the stool [23, 66].  

In the late stages of infection, V. cholerae initiates the mucosal escape response to 

exit the host [23, 113]. The mucosal escape response is controlled by the stationary 

phase alternative sigma factor (RpoS) [113]. As the infection progresses, and the 

intestinal V. cholerae population expands, nutrients become scarcer. This leads to 

growth deceleration and entry into stationary growth phase, triggering the activation of 

a genetic stress program by RpoS [26, 113]. This initiates the mucosal escape 

response by downregulating virulence related genes and increasing motility and 

detachment [23, 113]. As the pathogen exits its intestinal niche it prepares to re-enter 

the aquatic environment by inducing a specialized physiological state, which primes it 

for environmental survival and dissemination. This state is hallmarked by modulation 

of its metabolism, activation of phosphate and nitrogen acquisition systems, activation 

of chitin degrading enzymes, and activation of specific c-di-GMP genes [23, 114, 115]. 

In vivo studies of V. cholerae host exit, have demonstrate that biofilm-like aggregates 

can be isolated from the stool of cholera patients [79]. This indicates that once in the 

intestinal lumen, biofilm formation is yet again beneficial, and prepares the pathogen 

to reenter the aquatic environment [23, 66, 116].  

 



18 

 

2 C-di-GMP signaling 

The cyclic diguanylate (c-di-GMP) signaling system is central to bacterial homeostasis 

and allows bacteria to sense and respond to a wide range of signaling cues [117–121]. 

It is a conserved nucleotide-based second messenger that is ubiquitous across the 

bacterial kingdom [117]. Second messengers are intracellular signaling molecules 

involved in the translation of extracellular or intracellular signals into physiological 

responses [117–121].  

 

The research group of Moshe Benziman discovered c-di-GMP in 1987 [122]. In their 

seminal paper, they demonstrated that c-di-GMP regulates a bacterial cellulose 

synthase in the model organism Acetobacter xylinum. One of the most central roles of 

c-di-GMP is regulating the switch between a motile planktonic lifestyle and sessile 

biofilm-associated lifestyle [117–119]. In addition to this, c-di-GMP is involved in the 

regulation of numerous additional bacterial processes, including virulence, cell size, 

stress tolerance, cell shape, cell cycle regulation, secretion of extracellular enzymes, 

and antibiotic production [117–119, 123–131]. Therefore, understanding c-di-GMP 

signaling is crucial to understand biofilm regulation, but also bacterial decision-making 

and how bacteria maintain homeostasis under changing conditions.  
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2.1 General principles of c-di-GMP signaling 

2.2 C-di-GMP control module  

The c-di-GMP control module is made up of four key actors: two antagonistic enzymes 

that degrade or synthesis c-di-GMP based on signaling inputs, a c-di-GMP effector 

that binds c-di-GMP and a cellular target, which the effector modulates upon binding 

of c-di-GMP, to produce a physiological response (Fig. 4) [117–119]. This system 

allows bacteria to sense and adapt to a wide range of conditions through a single 

signaling system, thereby, facilitating adaptation and survival in rapidly changing 

environments [117–119].  

Diguanylate cyclases (DGCs) synthesize c-di-GMP, while c-di-GMP-specific 

phosphodiesterases (PDEs) hydrolyze c-di-GMP. The function of DGCs and PDEs are 

linked to specific conserved protein domains, DGCs with GGDEF-domains and PDEs 

with EAL- or HD-GYP-domains [117–119]. All three domains are named after 

sequence motifs that make up parts of their A-site. The functional domains of DGCs 

and PDEs are often linked to various sensory domains that regulate their activity based 

on specific signaling inputs [132, 133]. The sensory domains most frequently 

associated with c-di-GMP-metabolizing enzymes are PAS-, GAF-, CACHE-, and REC-

domains [132, 133]. Examples of signaling inputs are oxygen, bile acids, bicarbonate, 

and light [94, 134–137]. C-di-GMP modulates cell behavior through various c-di-GMP-

responsive effectors [118, 138]. These effectors regulate downstream cellular targets 

in response to c-di-GMP-binding. So far, several classes that regulate a variety of 

cellular targets have been described (e.g., mRNA riboswitches, rRNA methylases, 

transcriptional regulators, PilZ-domain containing proteins and degenerate 

GGDEF/EAL-domains) [138–141]. 

 

https://www.nature.com/articles/nrmicro.2016.190#Glos6
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Figure 4 The C-di-GMP control module 
External or internal signaling inputs (yellow flash) modulate the intracellular concentration of 
c-di-GMP by regulating the enzymatic activity of c-di-GMP-metabolizing proteins. Proteins 
containing GGDEF-domains (red pentagon) synthesize c-di-GMP, while EAL- and HD-GYP-
domain containing proteins (blue pentagon or green hexagon, respectively) degrade it. C-di-
GMP (grey circles) translates the signal inputs into functional outputs by binding to and 
regulating the activity of c-di-GMP effectors (violet ovals). Upon binding of c-di-GMP, these 
effectors regulate downstream cellular targets that produce cellular responses. In general, high 
levels of c-di-GMP promotes biofilm formation and inhibit motility and acute virulence. 
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2.3 Producers and degraders of c-di-GMP 

2.3.1 Diguanylate cyclases synthesize c-di-GMP 

DGCs, hallmarked by the GGDEF-domain, synthesize c-di-GMP [117–119]. The 

GGDEF-domain consists of a five-stranded central β-sheet surrounded by α-helices. It 

is closely related to the catalytic domain of adenylate cyclases and share the same 

βααββαβ-fold as adenylate cyclases [142, 143]. The domain is named after the amino 

acid motif Gly-Gly-Asp-Glu-Phe (GGDEF) that makes up an essential part of the 

enzyme’s A-site (Table 1). This motif is crucial for the enzymatic activity of GGDEF-

domains and most amino acid changes in this motif will severely impair enzymatic 

activity. So far, only four functional variants of this motif are known to exist (GGDEF, 

GGEEF, SGDEF, AGDEF) [142, 144–148]. The A-site is located at the dimer-interface 

of GGDEF-domains and is involved in GTP-binding, metal coordination and catalysis. 

In addition to the A-site, GGDEF-domains contain three additional residues important 

for both metal-binding, catalysis and guanyl binding (Table 1) [142]. The domain also 

contains additional conserved amino acid residues, but their function remains elusive 

[142].   

DGCs synthesize c-di-GMP through the fusion of two GTP molecules. GGDEF-

domains only contain one GTP binding site, therefore, c-di-GMP synthesis depends 

on the dimerization of two GGDEF-domains [142]. Since dimerization is essential for 

the enzymatic activity of DGCs, it is also an important point of regulation. Regulatory 

signals can modulate the activity of DGCs by either facilitating or impeding dimerization 

[136, 142, 143, 149–152]. GGDEF-domains are often part of multi-domain proteins 

that contain N-terminal sensory domain (e.g. PAS-, GAF-, CACHE-, and REC-

domains). These sensory domains regulate the activity of the GGDEF-domain based 

on specific signaling inputs that either stimulate or inhibit c-di-GMP synthesis [117–

119, 132]. In addition, many DGCs are regulated through product inhibition. C-di-GMP 

can bind specific inhibitory sites (I-sites) in the GGDEF-domain, which locks the protein 

in a conformation that is unable to form an enzymatically competent dimer (Table 1) 

[142, 143, 149, 151–153]. 
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Table 1 Residues in GGDEF-domains important for enzymatic activity 

Conserved 

residues 

 

PleD MbaA Residue role 

(interaction)  

References 

#1 D327 D376 Mg++ binding 

and catalysis 

[142, 143, 149] 

#2 N335 N384 Guanyl binding [142, 143, 149] 

#3 D344 D393 Guanyl binding [142, 143, 149] 

#4 R359 K408 Primary I-site [142, 143, 149] 

#5 D362 S413 Primary I-site [142, 143, 149] 

#6-10 G368GEEF S424GDEF Active half-site 

hairpin 

[142, 143, 149] 

#11 R390 R448 Primary I-site [142, 143, 149] 
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2.3.2 C-di-GMP-specific phosphodiesterase degrade c-di-GMP 

2.3.2.1 EAL-domain proteins 

EAL- and HD-GYP-domain are hallmark domains of the c-di-GMP-specific PDEs and 

a prerequisite for c-di-GMP hydrolysis. The EAL-domain is the most common of the 

two domain types and hydrolyzes c-di-GMP by catalyzing the asymmetric opening of 

c-di-GMP to 5′-pGpG [117–119]. In contrast to GGDEF-domains, some EAL-domains 

seem to retain some of their enzymatic activity in their monomeric state [154]. 

Nonetheless, most characterized EAL-domains form dimers or high-order oligomers 

and dimerization usually increases enzymatic activity [119, 134, 155, 156]. Therefore, 

dimerization is also a point of regulation for EAL-domain proteins and PDE-stimulating 

signaling inputs can facilitate dimerization of EAL-domain proteins [119, 155]. 

Like the GGDEF-domain, the EAL-domain is named after three highly conserved 

residues essential for the domain’s enzymatic activity (Glu-Ala-Leu) (Table 2). EAL-

domain proteins form multi-domain proteins less frequently than the GGDEF-domain. 

Furthermore, they are more often associated with C-terminal domains with additional 

enzymatic functions than N-terminal sensory domains [133]. The HDOD-domain, 

which can degrade 5′-pGpG to GMP, is the enzymatic domain second-most frequently 

associated with EAL-domains. Interestingly, the most frequently associated domain is 

the GGDEF-domain, which is more common than single EAL-domain proteins [133]. 

Even though EAL-domains are less frequently associated with N-terminal sensory 

domains, it still occurs. In this case, their enzymatic output is often modulated by the 

sensory domain [132, 133]. A classic example of this is the blue-light sensitive PDE 

BlrP1 from K. pneumoniae [134].  

Crystal structures of EAL-domain proteins have demonstrated that the domain forms 

a modified TIM-barrel fold [155, 157, 158]. This is a conserved protein structure 

consisting of alternating α-helices and β-strands that form a central β-barrel with 

flanking α-helices. In TIM-barrel folds, the active sites are comprised of amino acid 

residues from the C-terminal ends of the β-strands [155, 158]. As a consequence, the 

A-site of the EAL-domain is more spread out in the amino acid sequence compared to 

the GGDEF-domain. Based on experimental data with multiple purified EAL-domains, 

18 conserved residues important for enzymatic function have been identified (Table 2) 
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[155, 157, 159–161]. These residues are involved in both coordination of metal ions, 

coordination of the catalytic water molecule, substrate binding, dimerization, and 

stabilization of the protein quaternary structure [155, 157, 159–161].  

 

Table 2. Conserved residues in EAL-domains important for enzymatic activity 

Conserved 

residues 

 

TBD1265 MbaA Residue role (interaction)  References 

#1 Q509 Q539 Unknown [157, 161] 

#2 P510 P540 Unknown [161] 

#3 E523 E553 Metal coordination [157, 159–162] 

#4 L525 L555 Unknown [161] 

#5 R527 R557 Substrate binding [157, 159–161] 

#6 P543 P573 Unknown [161] 

#7 E546 E576 Substrate binding [157, 160, 161] 

#8 N584 N612 Metal coordination, 

Substrate binding 

[157, 159–161] 

#9 E616 E644 Metal coordination [157, 159–161] 

#10 T618 T646 Unknown [157] 

#11 E619 E647 Metal ion coordination, 

Dimerization, substrate binding 

[157, 161] 

#12 D646 D672 Metal coordination, 

dimerization 

[157, 159–161] 

#13 D647 D673 Metal coordination, dimerization [157, 159–161] 

#14 K667 K693 Coordinate catalytic water molecule [157, 159–161] 

#15 D669 D695 Unknown [157] 

#16 E703 E728 Metal coordination [157, 159–161] 

#17 Q723 Q748 Metal coordination [157, 159–161] 

#18 G724 G749 Unknown [160] 
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2.3.2.2 HD-GYP-domain proteins 

HD-GYP-domain proteins degrade c-di-GMP into 5′-pGpG, but also catalyze the next 

chemical reaction that degrades 5′-pGpG into GMP [117–119]. This domain is rarer 

than EAL-domain proteins and not as well characterized [133, 163]. It belongs to a 

subset of the larger HD superfamily. Like GGDEF- and EAL-domains, the HD-GYP-

domain is named after a conserved sequence motif (His-Asp-Gly-Tyr-Pro). Historically, 

the sequence model for the HD-GYP domain was not as refined as the GGDEF- and 

EAL-domains. As a consequence, it was poorly represented in domain databases, and 

it was more difficult to do systematic bioinformatic searches for HD-GYP-domain 

proteins. This was amended in a study by Galperin et al. [163], which refined the 

sequence model for HD-GYP-domains and create a new database over HD-GYP-

domains. Furthermore, they also identified additional conserved residues in the HD-

GYP-domain (Table 3).  

Although less frequent than GGDEF- and EAL-domain proteins, HD-GYP domains are 

still widespread throughout the bacterial kingdom and many bacteria encode multiple 

HD-GYP-domain proteins [133, 163]. V. cholerae for example encodes 11 putative HD-

GYP-domains [164]. Similar, to the GGDEF-domain, the HD-GYP-domains are often 

associated with and modulated by N-terminal sensory domains [133, 163]. Similar to 

EAL-domains, the HD-GYP-domain can also be associated with GGDEF-domains to 

form tandem GGDEF-HD-GYP proteins, but these are far less frequent than GGDEF-

EAL proteins and only 7% of HD-GYP-domains form tandem proteins with GGDEF-

domains [133].   
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Table 3. Conserved residues in HD-GYP-domains important for enzymatic activity 

Conserved 

residues 

 

PmGH Residue role (interaction)  References 

#1 Q185 Binds Me2 and Me3 [163] 

#2 H189 Binds Me3 [163] 

#3 H221 Binds Me3 [163] 

#4 D222 Binds Me1 and Me2 [163] 

#5 K225 Binds Me2 [163] 

#6 K235 Main chain carbonyl oxygen binds N2 of 

c-di-GMP 

[163] 

#7 G237 Main chain carbonyl oxygen binds N1 of 

c-di-GMP  

[163] 

#8 H250 Binds Me1 [163] 

#9 H276 Binds Me1 [163] 

#10 H277 Binds Me1 [163] 

#11 D278 Stabilizes the 18-aa loop between α4 and 

α5 

[163] 

#12 G284 Stabilizes the 18-aa loop between α4 and 

α5 

[163] 

#13 Y285 Binds nonbridging O of c-di-GMP ribose-

phosphate ring 

[163] 

#14 P286 Stabilizes the 18-aa loop between α4 and 

α5 

[163] 

#15 D305 Binds Me3 [163] 

#16 A309 Hydrophobic interaction with c-di-GMP 

guanine base Gua1 

[163] 

#17 L310 Hydrophobic interaction with c-di-GMP 

guanine base Gua1 

[163] 

#18 R314 Binds N7 and O6 of c-di-GMP guanine 

base Gua1 

[163] 

#19 K317 Binds O6 of c-di-GMP guanine base 

Gua1 

[163] 
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2.3.3 GGDEF-EAL-domain proteins 

DGCs and c-di-GMP-specific PDEs can exist together in GGDEF-EAL- or GGDEF-

HD-GYP-domain proteins [133]. GGDEF-EAL are the most frequent and make up 

approximately 1/3 of GGDEF-domain proteins and 2/3 of EAL-domain proteins [133]. 

As a result, it is the second most frequent type of c-di-GMP-metabolizing protein, only 

exceeded by single GGDEF-domain proteins [133].  

GGDEF-EAL proteins can be divided into three classes based on their enzymatic 

function. They can be bi-functional with the ability to both synthesize and hydrolyze c-

di-GMP, mono-functional with the ability to either synthesize or hydrolyze c-di-GMP or 

have lost enzymatic activity in both domains. Initial biochemical studies indicated that 

GGDEF-EAL proteins were monofunctional and retained only one enzymatically 

competent domain [133, 143, 161, 165–167]. However, systematic bioinformatic 

studies have demonstrated that the majority of GGDEF-EAL proteins have conserved 

domains that are predicted to be enzymatically active [133].  

As more GGDEF-EAL proteins have been characterized, several bi-functional c-di-

GMP-metabolizing enzymes have been identified [136, 146, 147, 168–172]. However, 

most bi-functional GGDEF-EAL proteins seems to have a preference towards either 

synthesis or hydrolysis of c-di-GMP. The activity of the enzymes is often under strict 

post-translational regulation and specific signaling inputs are required to alter the 

enzymatic output. This ensures that the activity of the enzyme is fine-tuned to 

intra/extracellular signaling cues. Furthermore, it also prevents both domains from 

being active at the same, which could be detrimental to the bacteria due to excessive 

energy consumption.  

MbaA from V. cholerae is a classic example of a bi-functional c-di-GMP-metabolizing 

enzyme [146, 147, 173]. This particular enzyme is regulated by polyamines via the 

polyamine sensor NspS. In its native state, MbaA functions as a PDE and inhibits 

biofilm formation. When high levels of the polyamine norspermidine is present, NspS 

binds norspermidine and interacts with MbaA, thereby, shifting the enzymatic activity 

of MbaA from hydrolysis to synthesis of c-di-GMP [146, 147, 173]. This preference 

towards either DGC- or PDE-activity under rigorous post-translational regulation is 
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most likely why bi-functional c-di-GMP-metabolizing enzymes were initially hard to 

identify. 

 

 
 
Figure 5 Regulatory model of MbaA 
Model of wild-type MbaA and its response to low and high levels of norspermidine as proposed 
by Bridges et al [146]. During low levels of norspermidine, MbaA functions as a PDE and 
degrades c-di-GMP. When high levels of norspermidine is present, NspS binds norspermidine 
and interacts with MbaA and alters the enzymatic output from hydrolysis to synthesis of c-di-
GMP. Adapted from Bridges et al. [146] with permission. 
 

Mono-functional GGDEF-EAL proteins contain one conserved, enzymatically active 

domain and one inactive, degenerate domain. The non-active, degenerate domain has 

often evolved to become a sensory domain that modulates the activity of the remaining 

enzymatically competent domain [143, 161, 165–167, 174, 175]. In mono-functional 

GGDEF-EAL proteins, the GGDEF-domain is most frequently degenerated and 

partnered to an active EAL-domain [133]. In this case, the degenerate GGDEF-domain 

often retains the ability to bind GTP and modulate the activity of the EAL-domain upon 

GTP-binding [133, 143, 161, 165–167].  
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GGDEF-EAL proteins with two degenerate domains is the final and least frequent type 

[133]. These proteins possess two domains with abolished enzymatic activity. 

However, they typically retain the ability to bind c-di-GMP, either through the EAL-

domain or an intact I-site in the GGDEF-domain. This allows them to move 

downstream in the c-di-GMP control module and evolve into c-di-GMP-effectors [117–

119, 176, 177]. The perhaps most prominent example of this is LapD from 

Pseudomonas fluorescens, which has evolved into a c-di-GMP effector that regulates 

biofilm formation [177].  

2.4 C-di-GMP effectors 

C-di-GMP effectors convert the cellular levels of c-di-GMP into molecular outputs. 

Binding of c-di-GMP by effectors, alter the modulation of downstream cellular targets, 

which produce new molecular outputs. These effectors show much greater diversity in 

sequence, structure, and function than c-di-GMP-metabolizing enzymes [117–119, 

139, 143, 178]. C-di-GMP effectors are made up of multiple protein classes and RNAs, 

making it more challenging to identify novel c-di-GMP effectors. The c-di-GMP 

effectors described so far include PilZ-domain containing receptors, degenerate 

GGDEF domain proteins, degenerate EAL/HD-GYP domain proteins, PDE-trigger 

enzymes, transcription factors and c-di-GMP binding riboswitches (Fig. 6)[117–119, 

123, 138–141, 143, 178, 179]. These effector classes can modulate vastly different 

cellular targets allowing the same second messenger to control multiple diverging 

cellular outputs. 
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Figure 6 Overview of different c-di-GMP effectors 
Diversity of discovered c-di-GMP-binding effector classes, function and target(s) that they 
regulate. Proteins are depicted as circles or ovals and colored according to class. RNAs are 
depicted as an irregularly shaped star. Adopted with permission from [178].  
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2.5 Regulation of motility and biofilm formation by c-di-GMP 

C-di-GMP is recognized as a key regulator of the motile-to-sessile transition in 

bacteria. The current paradigm is that high levels of c-di-GMP leads to a sessile, 

biofilm-associated bacterial lifestyle, while low levels of c-di-GMP leads to a motile, 

planktonic lifestyle [118, 119, 123]. These two lifestyles are radically different and 

bacteria transitioning between them to undergo major phenotypic changes. The 

transition is a tightly regulated multistage process and c-di-GMP plays a key role 

throughout the process [119, 177, 180–184].  

2.5.1 Motility 

C-di-GMP is involved in regulating the assembly and function of the bacterial flagellum 

on multiple regulatory levels, including expression of flagellar genes, motor assembly 

and motor function [118, 119, 123, 185]. The bacterial flagellum is often assembled 

stepwise in a multistage process [186, 187]. First, the export machinery in the 

cytoplasmic membrane is assembled. Secondly, components that make up the basal 

body and hook is exported. Finally, large amounts of flagellin protein are secreted to 

form the filament. To ensure that the flagellum is assembled correctly, flagellar gene 

transcription occurs in a hierarchical order. As a result, flagellar components are 

transcribed depending on which phase of flagellar assembly they are involved in [187–

192]. This transcriptional hierarchy is under the control of a transcriptional master 

regulator (FleQ/FlrA). Without this master regulator, no flagellar genes are expressed, 

resulting in a non-motile bacterium without flagellum [187–189, 192]. C-di-GMP has 

been shown to bind transcriptional regulators, including the master regulator of motility 

(FleQ/FlrA), to inhibit the expression of flagellar genes [193, 194]. In addition, c-di-

GMP has been shown to bind and modulate the activity of flagella export AAA+ 

ATPases [195]. C-di-GMP can also affect the function of the flagellar motor. Binding of 

c-di-GMP by the effector protein YcgR triggers an interaction between YcgR and the 

flagellum, which functions as a molecular brake that reduces flagellar motor output 

[119, 196–200]. As a result, high levels of c-di-GMP reduce bacterial swim speed. 

Finally, the production of extracellular matrix can also impede motility by hindering 

flagellar rotation [193, 198]. Altogether, it is evident that c-di-GMP regulate motility 

through several distinct regulatory mechanisms. 



32 

 

2.5.2 Biofilm formation and dispersal 

The biofilm life cycle is a multistep tightly regulated cycle, that can be divided into 

distinct phases: Aggregation and attachment, growth, accumulation and maturation, 

and disaggregation and detachment [184]. First, bacteria must attach to a surface or 

form aggregates. Currently, surface-associated biofilms are the best characterized 

model of biofilm formation. In this case, the bacterial cell must reach a surface, sense 

it and make temporary contact [180, 181, 183, 201–203]. Next, it must initiate 

permanent contact by decreasing motility and producing adhesins that anchors the 

bacterial cell to the newly discovered surface [177, 180]. Finally, the newly formed 

microcolony can start to produce extracellular matrix and develop into a mature biofilm 

[69, 184, 203]. Surface sensing triggers a rapid increase in c-di-GMP, which triggers 

bacterial surface adaptation. In this case, c-di-GMP mediate surface colonization 

through regulation of pili and flagella, promotion of adhesins/pili and production of 

extracellular matrix [69, 180–182, 201–206].  

Once, adhered to a surface or aggregated together bacteria can form mature biofilms. 

This depends on the production and secretion of extracellular matrix components, 

which anchor the biofilm-embedded cells to each other and/or surfaces [69, 71, 184, 

203]. One of the key components of bacterial biofilms are secreted 

exopolysaccharides. These are essential for the packing of cells in the biofilm and 

development of a 3D biofilm structure [69, 71, 203]. Different bacteria typically secrete 

different exopolysaccharides. For instance, cellulose, Pel polysaccharide and Vibrio 

polysaccharide (VPS) are examples of different exopolysaccharides commonly 

produced by Escherichia coli, Pseudomonas aeruginosa and V. cholerae, respectively 

[69, 207, 208]. Bacteria also secret matrix proteins that are important for the 

architecture and structural integrity of the biofilm [69, 71, 184, 203]. In addition to 

polysaccharides and matrix proteins, biofilms commonly consist of other components, 

such as nucleic acids, lipids, other small molecules and even outer membrane vesicles 

(OMVs) [71, 209]. Production and secretion of exopolysaccharides and biofilm matrix 

proteins are often under the regulation of c-di-GMP. In V. cholerae for instance, 

production and secretion of Vibrio polysaccharides and key matrix proteins are under 

the control of two central transcriptional regulators (VpsR and VpsT), which are both 

c-di-GMP responsive [69, 137, 210–216].  
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The end-stage of the biofilm life cycle is dispersal of biofilm-embedded cells, which can 

either be a passive process or an active cellular process [184, 217]. The passive 

process involves disruption of biofilms by external forces (e.g., fluid flow and predator 

grazing) and has been coined detachment [69, 203, 217]. In contrast, dispersion refers 

to an active process initiated by the biofilm-embedded bacteria themselves [69, 217, 

218]. Biofilm dispersion can be triggered by various environmental or internal cues 

including polyamines, oxygen depletion, nutrition depletion, cell density and nitric oxide 

[69, 146, 217, 219–229]. Active biofilm dispersal often relies on the coordination of 

multiple parallel processes. These often include retraction/cleavage of pili/adhesins, 

downregulation of biofilm matrix production, production of matrix-degrading enzymes 

and increased motility [69, 217, 218]. Because both production of biofilm matrix and 

regulation of motility depends on c-di-GMP, this second messenger is crucial for proper 

regulation of biofilm dispersal. Therefore, many of the abovementioned triggers of 

biofilm dispersion do so by reducing c-di-GMP levels [69, 118, 137, 207, 217, 218, 230, 

231]. Furthermore, induction of specific PDEs can also induce biofilm dispersal in vitro 

and in vivo [223, 232–234].  
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2.6 C-di-GMP signaling in V. cholerae 

V. cholerae harbors a very complex c-di-GMP signaling system and encode >60 

putative c-di-GMP-metabolizing enzymes (Fig. 7). Furthermore, the pathogen also 

possesses a variety of c-di-GMP effectors [137]. C-di-GMP plays a key role in the 

ability of V. cholerae to sense and adapt to changing environments throughout its life 

cycle. In addition to regulating biofilm formation and motility, the signaling molecule is 

also involved in the regulation of virulence, cell shape, DNA repair and tolerance to 

reactive oxygen species (ROS) and environmental persistence [69, 125–127, 137, 

235–237].  

In line with the current c-di-GMP paradigm, c-di-GMP represses motility and acute 

virulence, and stimulates biofilm formation in V. cholerae [137]. C-di-GMP represses 

motility by both inhibiting the synthesis and function of the flagellum, similar to what 

has been observed in other Gram-negative bacteria (e.g. P. aeruginosa and E. coli) 

[187, 192, 193, 236, 238]. Inhibition of virulence by c-di-GMP is mediated through a 

transcriptional mechanism, which inhibits the expression of virulence genes [127]. In 

support of this, specific PDEs are induced during infection and high levels of c-di-GMP 

hinders intestinal colonization by V. cholerae in vivo [23, 127, 137, 238–241]. 

Furthermore, in certain strains of V. cholerae, low levels of c-di-GMP activates the 

T6SS, which is believed to facilitate colonization through displacement of the intestinal 

microbiota [237, 242]. It must be mentioned that these observations are strain-specific 

and the link between c-di-GMP and virulence in El Tor strains are not as clear as for 

Classical biotype strains [137, 241, 243–245]. To muddy the waters even more, V. 

cholerae biofilms are hyper-infectious due to upregulation of virulence factors [80].  

The second messenger stimulates biofilm formation through multiple mechanisms in 

V. cholerae, including attachment and production of matrix proteins and VPS. Initial 

attachment is initiated by the MshA pilus. C-di-GMP leads to increased production of 

MshA and also alters its function to facilitate surface attachment [201, 202]. 

Consequently, high levels of c-di-GMP increases surface attachment. In V. cholerae, 

biofilm matrix production is under transcriptional control of the two key transcriptional 

regulators VpsR and VpsT. Although, VpsR is the most important of the two, both 

regulators activate the expression of VPS biosynthesis genes and genes encoding 
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matrix proteins. Both VpsR and VpsT are c-di-GMP responsive and can bind c-di-GMP, 

which is believed to increase expression of biofilm-related genes [23, 69, 137, 210–

216]. Interestingly, the c-di-GMP-VpsR/VpsT regulatory axis is not limited to solely 

biofilm formation and motility, but also regulate multiple other cellular processes, 

including DNA repair, cell shape and ROS tolerance [125, 126, 235].  

Altogether, it is evident that the c-di-GMP signaling system is an important regulator of 

bacterial behavior in V. cholerae and is implicated in multiple stages of its life cycle. 

Although we lack a granular overview of the c-di-GMP equilibrium throughout the life 

cycle of V. cholerae, it seems to fluctuate throughout the pathogen’s life cycle based 

on environmental cues [23, 137]. Based on the current body of knowledge, high levels 

of c-di-GMP and biofilm formation seems to be favorable in the aquatic environment 

[23, 66]. This seemingly also aids in the passage through the stomach after pathogen 

uptake as V. cholerae biofilms better tolerate the acidic environment of the stomach 

[87]. Moreover, V. cholerae biofilms are hyper-infectious compared to planktonic V. 

cholerae [80, 81]. During the intestinal phase, low levels of c-di-GMP are favored as 

this ensure increased motility and virulence, allowing V. cholerae to penetrate the 

mucus layer, colonize the intestine and produce cholera toxin [1, 23, 96, 127, 137, 187, 

212, 236, 238, 240, 241]. Finally, during host exit, V. cholerae seemingly increase 

levels of c-di-GMP again to prepare for re-entry into the aquatic environment [23, 66, 

114, 116].  
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Figure 7 The genome of V. cholerae encodes 62 putative c-di-GMP-metabolizing 

proteins. 

Schematic representation of the predicted domain structure of putative c-di-GMP metabolizing 

enzymes from V. cholerae. Names of genes encoding for the putative c-di-GMP metabolizing 

enzymes are indicated on the left of the protein schematics. Systematics names from the V. 

cholerae strain N16961 are always given; four letter protein names are given if proteins have 

been characterized previously. GGDEF domains are depicted as red pentagons, EAL domains 

are depicted as blue pentagons and HD-GYP domains are depicted as green hexagons. 

GGDEF, EAL or HD-GYP domains depicted in dark grey are predicted to be devoid of 

enzymatic activity based on the absence of catalytically essential residues. Other predicted 

domains, mainly putative signal input domains, are depicted by light grey rounded squares and 

named in the figure. Predicted signal peptides (yellow bars), coiled-coil protein-protein 

interaction domains (green bars), and transmembrane domains (red bars) are indicated. 
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2.6.1 Integration of quorum sensing and c-di-GMP signaling in V. 
cholerae 

Quorum sensing (QS) is a cell-to-cell communication system that coordinate and 

regulate collective behavior in bacteria [246]. It relies on the production and detection 

of extracellular signaling molecules named autoinducers (AIs). QS allows bacterial 

populations to alter their behavior based on the density and composition of the 

population. Because of this, QS regulates several bacterial processes that rely on 

multicellular behavior, including biofilm formation, bioluminescence and virulence [226, 

231, 246].  

V. cholerae possess a complex QS signaling system and produce and detect multiple 

autoinducers [231, 246]. QS regulates many traits in V. cholerae, including biofilm 

formation, and it is one of the key regulators of biofilm formation along with c-di-GMP. 

Interestingly, QS regulates biofilm formation through multiple avenues. For instance, it 

directly regulates the expression of VPS and biofilm matrix proteins [69, 203, 226, 231, 

247–250]. At low cell-density (LCD), levels of AIs are low and V. cholerae exhibit an 

individual behavior. Low levels of AIs induce phosphorylation of the response regulator 

LuxO, which in turn simultaneously represses HapR and activates AphA. Since HapR 

inhibits expression of VPS and biofilm matrix proteins, repression of HapR induces 

biofilm formation. In contrast, high cell-density (HCD) leads to dephosphorylation of 

LuxO, which results in repression of AphA and production of HapR, which inhibits 

biofilm formation [69, 203, 226, 231, 247–250]. Additionally, QS regulates the 

expression and activity of multiple c-di-GMP-metabolizing enzymes, thereby regulating 

the intracellular level of c-di-GMP [69, 203, 226, 231, 247–250]. Simplified, QS in 

general inhibits biofilm formation, although formation of certain biofilm aggregates 

depends on QS [226, 231, 251–253]. Therefore, QS-deficient V. cholerae strains 

locked into low-cell–density (LCD) forms more biofilm than strains locked into high-

cell–density (HCD) [87, 247]. 
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3 The biofilm lifestyle affects the evolution of bacteria 

3.1 Biofilm formation increases the resilience of bacteria 

Biofilm formation is a widespread survival strategy that facilitate the survival and 

persistence of bacteria under challenging conditions [71, 254]. Because of this, biofilms 

are common in aquatic and terrestrial environments (e.g. V. cholerae form biofilms on 

chitinous surface) and also occur in the human body [71, 254, 255]. Biofilms can be 

defined as bacterial aggregates covered in a self-produced extracellular matrix, which 

either adhere to each other and/or to surfaces [71, 184]. The biofilm matrix functions 

as a protective layer for the bacteria and fill in the space between the individual biofilm-

embedded bacterial cells. It consists of multiple components, including extracellular 

polymeric substances (EPS), matrix proteins, and extracellular DNA (eDNA). EPS is 

often the most abundant and most important component of biofilms since they are 

crucial for the formation and maturation of the biofilm architecture [71, 203].  

One of the hallmarks of biofilms is increased resilience against external stressor [23, 

71, 254]. This includes threats often encountered in aquatic and terrestrial 

environments (e.g. predation, osmotic stress, and salinity and temperature shifts) as 

mentioned in section 1 [23, 71]. Worryingly, biofilm formation also increases resilience 

towards antimicrobials though multiple different mechanisms [71, 254]. Firstly, the 

biofilm matrix itself can function as a fortress that impairs the diffusion of certain 

antimicrobial drugs, thereby reducing the amount of antimicrobial drug that the biofilm-

embedded cells are exposed to [71, 254]. Secondly, the biofilm lifestyle can affect the 

metabolic activity of the biofilm-embedded cells and increase the number of dormant 

cells or cells with low metabolic activity [71, 256]. This in turn can promote tolerance, 

a phenomenon where bacteria temporarily survive lethal concentrations of 

antimicrobials [254, 256–258]. Finally, biofilm formation can also promote AMR, which 

is permanent, in contrast to tolerance [256]. Increased AMR in biofilm is the result of a 

complex interplay between several phenomena that can occur in biofilms, including 

tolerance as a steppingstone to resistance, increased mutation rate, specific selective 

niches within the biofilm (further discussed in section 3.2) and increased frequency of 

HGT [35, 254, 258]. Because of the protective effects of the biofilm matrix and inherent 

properties of biofilm-embedded bacteria cells, biofilm-associated infections are often 
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more difficult to treat and often require higher doses of antimicrobials and prolonged 

treatment [259]. Therefore, biofilms can be troublesome in the setting of clinical 

infections as they can both promote tolerance and resistance development and 

increase the risk of treatment failure [254, 255, 259].  

Biofilm formation is central to the life cycle of V. cholerae. The pathogen is an adept 

biofilm producer and form biofilms both in its aquatic environment and the human host. 

Because of this, V. cholerae is a commonly used model organism for biofilm research 

[23, 66, 69]. The main component of V. cholerae biofilms is VPS, which make up 

roughly 50% percent of the biofilm matrix [203, 260, 261]. The genes involved in the 

synthesis of VPS are located in two operons (vps-1 and vps-2) and deletions of these 

genes impair biofilm formation significantly [203, 261]. In addition to VPS, V. cholerae 

produce the matrix proteins RbmA, RbmC and Bap1, which are essential for the 

structural integrity and maturation of V. cholerae biofilms [203, 262, 263]. Current 

available evidence suggests that RbmA is involved in cell-cell adhesion, Bap1 facilitate 

surface adhesion and pellicle strength, while RbmC accumulate around cell clusters 

together with Bap1 in mature biofilms [203, 262, 263]. Other matrix components 

include the MSHA pili [264, 265], which is abundant throughout V. cholerae biofilms as 

well as eDNA and outer membrane vesicles (OMVs) [69, 203]. To summarize, a 

mature V. cholerae biofilm consists of organized cluster of V. cholerae cells, 

encapsulated in VPS, matrix proteins (RbmA, Bap1 and RbmC), eDNA and OMVs [69, 

203].  

While V. cholerae commonly form smooth colonies when growing on culture plates, 

certain V. cholerae strains can assume a rugose phenotype due to phase variation [74, 

76, 77]. This variant exhibits a hyper-biofilm phenotype and form hyper-wrinkly 

colonies and biofilm pellicles. Furthermore, it exhibits increased biofilm formation 

compared to smooth variants [75, 76]. The rugose variation depends on the expression 

of VPS and biofilm matrix proteins [75–77, 266]. In line with the current biofilm 

paradigm, rugosity is believed to be an environmental adaptive strategy employed by 

V. cholerae to facilitate environmental persistence and survival. Indeed, rugose V. 

cholerae showcase multiple traits consistent with increased tolerance to environmental 

stress, including increased resilience against oxidative and osmotic stress, predation 

and bacteriophages [75–77, 266]. Many of these traits have been directly linked to the 
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increased biofilm forming capacity of the rugose variant, underlining how biofilm 

formation facilitates adaptation and survival in challenging environments. 
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3.2 Microbial evolution in biofilms 

The matrix-imposed spatial structure of biofilms, can create a heterogenous 

environment and induce establishment of gradients throughout the biofilm (e.g. 

nutrients, oxygen, pH, antimicrobials, etc.) [71]. This leads to the development of 

distinct microenvironments within the biofilm [71]. Furthermore, the spatial structure of 

the biofilm results in different levels of interactions between the biofilm-embedded 

cells, where neighboring cells will interact closely, and cells further apart to a lesser 

degree. Consequently, it can foster various social interactions, including both 

cooperation, cheating and competition that can vary throughout the biofilm [71]. 

Combined, this produces several distinct ecological niches within the biofilm that 

bacteria can exploit and adapt towards [71, 267]. This is in stark contrast to 

homogenous planktonic cultures where the entire bacterial population compete against 

each other. Because of this, living in biofilms can open up new evolutionary trajectories 

not commonly available to planktonic bacteria [267].  

Experimental evolution is a commonly used laboratory-based method to study the 

evolution of various living organisms [268, 269]. It can be defined as the study of 

evolutionary processes occurring in experimental populations in response to specific 

selective conditions [268, 269]. This makes it possible to explore evolutionary 

dynamics and observe natural selection in real time. The short generation time of 

microbes makes them ideal for experimental evolution as you can quickly evolve 

populations for hundreds of generations. Researchers have successfully employed 

experimental evolution to study a multitude of different topics (e.g. antimicrobial 

resistance development, adaptation to new environments, multicellularity, biofilm 

adaptation and metabolic adaptation) [267–269]. The most prominent example is 

perhaps the long-term evolution experiment (LTEE) initiated by Richard Lenski, which 

have evolved populations of E. coli for >80 000 generations [270–273]. Coupled with 

next-generation sequencing, experimental evolution can also be employed as a 

powerful screening method to identify adaptive mutations in genes linked to functions 

of interest (e.g. antibiotic resistance, biofilm formation and motility) [274]. Although not 

suited to systematic screen entire genomes, this method can also be leveraged to link 

genotypes to phenotype without the same bias towards gene disruption that some 

commonly used screening methods have [275].  
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Traditionally, experimental evolution of bacteria was based on propagation of liquid 

culture (an unstructured environment) [268, 269]. In the 1990s, a few seminal papers 

demonstrated how spatial structures and heterogenous environments strongly affected 

the evolution of bacteria and led to development of novel phenotypes and greater 

phenotypic diversity compared to unstructured environments [276, 277]. In the last two 

decades, this work has been expanded greatly as researchers started to serially 

propagate different types of biofilms [256, 267, 278]. This has facilitated the study of 

how bacteria evolve within biofilms and led to the development of multiple biofilm 

evolution models with varying levels of complexity (Table 4) [256, 267, 278]. These 

models follow the same principles: Inoculate cultures with planktonic bacteria, allow 

biofilms to form, transfer or harvest biofilms and use biofilm-derived bacterial cells to 

seed a new biofilm [256, 267]. The perhaps most important distinctions between 

different biofilm evolution models are the type of biofilms grown (e.g., surface-attached, 

floccule, and pellicle), presence/absence of flow, dynamic versus static systems and 

type of growth medium. The simplest models are based on static cultured with rich 

medium, while more complex models are dynamic, incorporate flow and use growth 

medium that mimics in vivo conditions. Finally, real in vivo- or patient-derived biofilms 

can also be employed to study the evolutionary processes in biofilms [256, 267].  
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Table 4. In vitro biofilm models 

Model Description References 

Static 

microcosm 

Static cultures where a biofilm pellicle is allowed to form at 

the air-liquid interface. The biofilm pellicle can be harvested 

and subsequently used to seed a new biofilm pellicle. 

[276] 

Bead-based 

model 

Biofilms are formed on glass or plastic beads in test tubes 

under shaking. The shaking generates flow stress that can 

affect the biofilm growing on the beads. Upon transfer, beads 

with biofilms are transferred to a new culture with a new bead. 

The bacteria must then disperse from the old bead and 

colonize the new bead to be propagated.  

[279] 

Colonies on 

solid agar 

plates 

Bacterial cultures are spotted onto solid agar plates or on 

filters placed upon solid agar plates 

[277] 

Non-shaking 

microtiter 

plate 

Biofilms are grown in static culture in microtiter plates and 

allowed to form biofilms at the bottom of the plate 

[280, 281] 

Peg-based 

models 

Biofilm are grown in special 96-well microtiter plates with a 

special lid with pegs. The pegs are submerged into the growth 

medium so that biofilms can form at the pegs. The pegs can 

then be transferred to fresh medium. Alternatively, peg-based 

biofilms can also be harvested and used to inoculate a new 

culture with a new peg. 

[282] 

Flow models

  

Biofilms grown under flow conditions, which ensures that 

nutrients can be continuously provided, and waste products 

removed.  

[283] 
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When experimentally evolved in in vitro biofilms, many bacterial species (e.g. P. 

aeruginosa, K. pneumoniae, Burkholderia cenocepacia) undergo adaptive changes 

and acquire novel traits not commonly acquired during planktonic growth [256, 267, 

279, 284–288]. A commonly acquired trait in these studies is a hyper-biofilm phenotype 

with altered c-di-GMP signaling. Interestingly, the same tendency has been observed 

during in vivo evolution and within-patient evolution [129–131, 289, 290]. Prior studies 

have also used biofilm models to understand how biofilm-embedded cells evolve 

towards specific phenotypes (e.g., antimicrobial resistance) relative to planktonic 

bacteria. This has revealed that planktonic and biofilm-embedded bacteria can follow 

distinct evolutionary trajectories, although this not always the case [256, 291–295]. 

Consequently, living in biofilms can have broader evolutionary implications and affect 

other important traits in addition to biofilm adaptation.   

Mutations in the c-di-GMP signaling system that drive biofilm adaptation can occur in 

the entire c-di-GMP control module. This includes sensory domains regulating c-di-

GMP-metabolizing enzymes, enzymatic domains of c-di-GMP-metabolizing enzymes 

and c-di-GMP effectors [279, 284–288]. In several of these studies, c-di-GMP 

measurements have demonstrated elevated levels of c-di-GMP in evolved clones  

[129–131, 289, 290]. Therefore, in line with the current c-di-GMP paradigm, acquired 

mutations in the c-di-GMP signaling system seems to increase biofilm formation via 

mutations that increase c-di-GMP levels. So far, these mutations are poorly studied on 

a molecular level and the underlying molecular mechanisms that alter the activity of 

specific c-di-GMP-metabolizing enzymes remains elusive. Future studies focusing on 

how these mutations alter the activity of c-di-GMP-metabolizing enzymes are needed. 

In general, the c-di-GMP signaling system seems to be a potent evolutionary target to 

facilitate biofilm adaptation in bacteria.  

Even though V. cholerae is a model organism to study biofilm formation, no one has 

experimentally evolved V. cholerae biofilms yet. V. cholerae can rapidly attain a hyper-

biofilm phenotype (rugose phase variation) during specific conditions [76, 77, 296]. 

Furthermore, V. cholerae has a complex c-di-GMP signaling system and specific 

mutations in it can induce increase biofilm formation [77]. Therefore, V. cholerae 

should be a suitable model organism to study biofilm adaptation during experimental 
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evolution. This could shed new light on the regulatory mechanisms governing biofilm 

formation and how the biofilm lifestyle affects the evolution of V. cholerae. 
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3.3 Antimicrobial resistance determinants can inhibit biofilm 
formation 

Many MGEs and enzymes (e.g., β-lactamases) can induce pleiotropic effects in the 

bacteria harboring them, such as reduced growth rate, altered biofilm forming capacity 

or collateral responses to antimicrobials [297–299]. Strikingly, some studies have 

already demonstrated that certain plasmid-borne β-lactamases inhibit biofilm formation 

[300, 301]. In addition, certain plasmids have also been demonstrated to influence 

biofilm formation, although many plasmids have a neutral effect on biofilm formation 

as well [300–306]. Since evolution in biofilm can alter the evolutionary path of bacteria, 

it seems plausible that biofilm growth could affect the evolution of specific MGEs and 

enzymes, especially if they influence biofilm forming capacity to begin with. In support 

of this, pioneering studies have already demonstrated that plasmids can evolve 

differently in biofilms compared to planktonic cultures [307, 308]. However, it remains 

to be seen how generalizable this effect is and if this is limited to certain classes of 

MGEs (e.g., solely plasmids).    

A limited number of studies have investigated how the biofilm growth mode affects the 

evolution of AMR determinants [256]. Many pathogens associated with AMR and 

opportunistic nosocomial infections (e.g., K. pneumoniae, Serratia marcescens 

complex and P. aeruginosa) colonize either humans or hospital environments [309–

312]. Since biofilm formation is known to facilitate colonization and survival in 

inhospitable environments, this seems like a more relevant lifestyle than unstructured 

planktonic cultures, to study the evolution of AMR determinants. Indeed, a previous 

biofilm evolution study in K. pneumoniae demonstrated mutational overlap between 

clinical outbreak isolates and isolates evolved in an in vitro biofilm model [288]. 

Therefore, evolving AMR determinants within biofilms could help us better understand 

how these enzymes evolve and spread. Even though V. cholerae is not a nosocomial 

pathogen, it is an environmental pathogen of global significance [1]. Furthermore, V. 

cholerae harbor multiple MGEs that are suitable for studying how clinically relevant 

MGEs evolve in biofilms (e.g. SXT-element and MDR IncC plasmids from cholera 

outbreaks in Yemen and Zimbabwe) [7, 8, 33].  
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4 Aims 

This PhD thesis aimed to fill multiple knowledge gaps in the biology of V. cholerae. 

First, we aimed to assemble an improved version of the current reference genome for 

V. cholerae C6706. Next, we wanted to leverage this strain and the accompanying 

reference genome to study how living in biofilms affect the evolution of V. cholerae. 

The following research aims were pursued: 

- Project 1: Genetic and phenotypic comparison of V. cholerae C6706 and 

N16961. 

1. Establish a reference genome for the V. cholerae model strain (V. 

cholerae C6706) and compare its genome with the current reference 

genome from V. cholerae strain N16961.  

2. Conduct a phenotypic comparison between V. cholerae C6706 and 

N16961.  

 

- Project 2: Experimental evolution of V. cholerae C6706 biofilms. 

1. Experimentally evolve V. cholerae C6706 biofilms. 

2. Characterize genetic and phenotypic changes that arise in V. 

cholerae C6706 during evolution in biofilms. 

 

- Project 3: Evolution of β-lactamases in biofilms. 

1. Characterize how the expression of β-lactamases affects biofilm 

formation in V. cholerae. 

2. Investigate how selection for biofilm formation affects the evolution of 

β-lactamases. 
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5 Summary of papers 

5.1 Paper I (Manuscript, accepted in Microbiology) 

“A comparative genomic and phenotypic study of vibrio cholerae model strains using 

hybrid sequencing” 

Øyvind M. Lorentzen, Christina Bleis and Sören Abel. 

In this work, we employ hybrid sequencing technology to assemble and annotate a 

closed genome of V. cholerae C6706. To improve upon the previous version of the 

genome we employed hybrid sequencing, manually curated the genome annotation, 

and linked every open reading frame (ORF) to the corresponding ORF in the reference 

strain V. cholerae N16961 [28, 313]. This genome was then employed to conduct a 

genetic comparison of V. cholerae C6706 with N16961. This revealed a total of 76 

mutations in V. cholerae C6706. In addition, V. cholerae C6706 also contained the 

WASA-1 prophage, which is specific to the West African–South American (WASA) 

clade of V. cholerae isolates, a different variant of VSP-2 and an inversion in 

chromosome 1 [18, 314, 315].  Interestingly, several of the identified mutations in V. 

cholerae C6706 were located in genes previously linked to important biological 

functions such as biofilm formation, motility, quorum sensing, genome stability and 

repair and acid tolerance.  

To understand if these mutations led to phenotypic differences in V. cholerae C6706, 

we conducted a selection of assays to quantify phenotypes relevant to the life cycle of 

V. cholerae. This included mutation rate, acid tolerance, biofilm formation and motility. 

Quantification of mutation rate demonstrated that V. cholerae C6706 have an 

increased mutation rate, possibly related to a point mutation in RecA. No differences 

in acid tolerance were observed. The most strikingly differences between the two 

strains were the differences in biofilm formation and motility. To account for a point 

mutation in LuxO in our stock of V. cholerae C6706, which locked it in LCD, we also 

included a strain of V. cholerae C6706 with wild-type LuxO. Depending on the quorum 

sensing state, V. cholerae C6706 had either decreased or increased biofilm formation 

compared to N16961. Specifically, QS-deficient C6706 had a 53% increase in biofilm 

formation, while QS-proficient C6706 had a 17% decrease in biofilm formation 

compared to N16961. V. cholerae N16961 demonstrated increased motility compared 
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to C6706 regardless of QS-state and had a 13% and 30% increase in motility 

compared to QS-deficient and QS-proficient C6706, respectively. Thus, demonstrating 

that QS inhibits both biofilm formation and motility.  

The difference in biofilm formation and motility between QS-deficient V. cholerae 

C6706 and N16961, which is also QS-deficient, indicated that QS was not the sole 

cause of the observed phenotypic differences. Indeed, V. cholerae C6706 contains 

multiple mutations in its c-di-GMP signaling system, including a frameshift mutation in 

an active c-di-GMP-degrading enzyme (VC1295). Further investigations demonstrated 

that VC1295 was expressed in V. cholerae and restoration of VC1295 in V. cholerae 

C6706 reversed the previously observed differences in biofilm formation and motility. 

Thus, indicating that the combined effects of altered QS and c-di-GMP signaling lead 

to differences in biofilm formation and motility between V. cholerae C6706 and 

N16961. 
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5.2 Paper II (Manuscript, not published) 

“Biofilm adaptation selects for mutations in the bifunctional enzyme MbaA leading to 

constitutive synthesis of c-di-GMP  

Øyvind M. Lorentzen, Sören Abel, Pål J. Johnsen and Christopher Frøhlich. 

To better understand how biofilm evolution affects the regulatory systems governing 

biofilm formation in V. cholerae, we serially passaged populations of V. cholerae 

C6706 as either planktonic cultures (n = 2) or biofilm pellicles (n = 6). This 

demonstrated that serial passage of biofilm pellicles readily selected for a hyper-biofilm 

phenotype. Strikingly, all of the biofilm-evolved populations accumulated mutations in 

the polyamine-regulated c-di-GMP-metabolizing enzyme MbaA. We uncovered a total 

of 10 mutations in MbaA with a frequency ranging from 1.1% – 82.8%, including 

mutations in both the HAMP- (R316W), GGDEF- (E483K) and EAL-domain (E576K, 

L618V, S620P, T648A).  

Assessment of biofilm formation in selected single mutants (E483K, E576K, L618V) 

recapitulated the observed hyper-biofilm phenotype. In vivo mutagenesis studies 

demonstrated that removal of MbaA or the EAL-domain failed to reproduce the hyper-

biofilm phenotype. In addition, mutating the active site of the GGDEF-domain in a 

hyper-biofilm variant (G425A/E576K) also led to loss of the phenotype. Therefore, the 

hyper-biofilm phenotype seemed to depend on the function of the GGDEF-domain. 

In vitro enzyme kinetics demonstrated that specific mutations in both the GGDEF- 

(E483K and EAL-domain (E576K, L618V) of MbaA increased the DGC-activity of the 

GGDEF-domain, while simultaneously reducing the PDE-activity of the EAL-domain. 

Finally, the selected mutations (E483K, E576K, L618V) also decoupled MbaA from 

polyamine-mediated post-translational regulation by NspS. Summarized, in vivo 

mutagenesis and in vitro enzyme kinetics suggests that the selected mutations 

(E483K, E576K, L618V) convert the enzymatic activity of MbaA from degradation to 

constitutive synthesis of c-di-GMP.   
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5.3 Paper III 

“The biofilm lifestyle shapes the evolution of -lactamases” 

Øyvind M Lorentzen, Anne Sofie B Haukefer, Pål J Johnsen, Christopher Frøhlich. 

Genome Biology and Evolution, Volume 16, Issue 3, March 2024, 

evae030, https://doi.org/10.1093/gbe/evae030  

In this paper, we investigated how β-lactamases affect biofilm formation and how 

selection for biofilm formation affects the evolution of -lactamases in V. cholerae. 

Firstly, we examined how the expression of a broad panel of -lactamases spanning 

all Ambler classes affected biofilm formation in V. cholerae. This demonstrated that the 

majority of -lactamases mediated a strong inhibitory effect on biofilm formation 

ranging from 43% to 61%.  

Next, we used directed evolution to create a mutational library of KPC-2, one of the -

lactamases with the biggest inhibitory effect, and transformed it into V. cholerae. 

Expression of the gene library in V. cholerae significantly improved biofilm formation 

compared to wild-type KPC-2, indicating that the library contained mutants with 

compensated biofilm inhibition. To identify variants with compensated biofilm inhibition, 

we harvested biofilm pellicles formed by V. cholerae expressing the KPC-2 mutant 

library (n = 2) and isolated 12 random clones. Sanger sequencing revealed that 33% 

of the selected clones contained mutations within KPC-2 at position 136 (N136K or 

Δ1-48/N136D/M152I/L167P). 

Quantification of biofilm formation demonstrated that N136K and Δ1-

48/N136D/M152I/L167P exhibited a 68% and 107% increase in biofilm formation 

compared to ancestral KPC-2. Thus, demonstrating that evolution in biofilms can 

shape the evolution of -lactamases. Reconstruction of single mutants (N136D, L167P 

and Δ1-48) demonstrated that Δ1-48 was not able to compensate biofilm formation 

alone. In contrast, N136D and L167P increased biofilm formation significantly, 

suggesting that biofilm compensation relates to functional effects in KPC-2. In general, 

there was as trend between increased biofilm formation and lower ampicillin 

resistance. However, the L167P mutant maintained ampicillin susceptibility similar to 

https://doi.org/10.1093/gbe/evae030
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wild-type KPC-2, while compensating for biofilm formation. Thus, demonstrating that 

biofilm compensation can occur without compromising antimicrobial resistance.  

Finally, to better understand whether the enzymatic activity of wild-type KPC-2 and 

evolved variants was linked to biofilm formation, we introduced S70A in wild-type KPC-

2, N136K and Δ1-48/N136D/M152I/L167P variants. This creates variants that are 

unable to covalently bind and hydrolyze β-lactams. Introduction of S70A in wild-type 

KPC-2 and the Δ1-48/N136D/M152I/L167P variant caused a 45% and 73% reduction 

in biofilm formation, respectively. In contrast, S70A/N136K displayed only a slight 

reduction in biofilm formation compared to the evolved N136K variant. The exact 

molecular mechanisms of biofilm antagonization and compensation remain elusive. 

Based on our data, we hypothesize that the evolved variants compensate for biofilm 

inhibition either independently of enzymatic activity (N136K) or by employing its 

enzymatic activity (Δ1-48/N136D/M152I/L167P).  
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6 Methodological consideration 

6.1 Vibrio cholerae C6706 as a model strain  

Since this thesis focus on the evolution of V. cholerae in biofilms, we naturally 

employed V. cholerae as a model strain. The chosen strain was V. cholerae C6706, a 

clinical isolate from the 1st wave of the 7th cholera pandemic, which was isolated in 

Peru in 1991. This particular strain is one of the clinical strains of V. cholerae most 

frequently used in research [29]. In paper 1, we whole-genome sequenced our 

laboratory stock of V. cholerae C6706 and compared it genetically and phenotypically 

to the current genetic reference strain V. cholerae N16961 [28]. This revealed that our 

frozen stock of V. cholerae C6706 contained a previously described point mutation in 

LuxO, which impairs quorum sensing (QS-deficient) and locks it in a low-density cell 

state [316]. Since, biofilm formation and motility are affected by quorum sensing state, 

we also included a QS-proficient version of V. cholerae C6706 in paper 1.  

In paper 2, we wanted to serially propagate V. cholerae biofilm pellicles. To ensure 

that we could grow robust biofilms with dense bacterial populations (to ensure 

adequate mutational supply during biofilm evolution), which could easily be 

propagated, we wanted to work with a V. cholerae strain with a high baseline level of 

biofilm formation. At the start of working on paper 2, there was no publicly available 

genomes of V. cholerae C6706. Therefore, we used our strain of V. cholerae C6706, 

which we had recently sequenced for internal use, which also formed robust biofilms.  
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6.2 Biofilm evolution method 

In this thesis, we employed a biofilm pellicle-based propagation regime to evolve V. 

cholerae biofilms. There are multiple established methods to evolve biofilms, but none 

have been used with V. cholerae before [267]. Our chosen strain of V. cholerae 

(C6706) forms smooth biofilm pellicles at the air-liquid interface of static cultures. 

Evolution of biofilm pellicles was conducted by growing V. cholerae C6706 in static 

cultures at 30 ℃ for 24 hours until biofilm pellicles formed. These biofilm pellicles were 

then harvested, dissolved in PBS, vortexed to disintegrate the biofilms, filtered to 

remove biofilm aggregates and used to inoculate a new static culture. 

This method was chosen due to the ease of biofilm propagation compared to other 

biofilm evolution models (e.g., bead- or peg-based models) and the possibility to 

visually inspect the biofilm pellicle phenotype during evolution. The downside of this 

evolution method is the difficulty to accurately calculate generation time. Although this 

is not so easily determined in other biofilm evolution models either, as the initial 

founding population of the biofilms are unknown. Because of this, we used the number 

of biofilm transfers to describe the duration of the experiment.  

During transfer of the biofilm populations, the PBS-suspension with harvested biofilm 

populations was filtered through a 5 µm filter to remove larger biofilm clumps. This was 

done to ensure that the transferred bacterial populations had to reproduce as much of 

the biofilm matrix as possible after each transfer. However, how the filtration step 

affects the selective conditions of the experiment remains unknown. It is possible that 

the filtration step creates an upper limit to biofilm-forming capacity due to the removal 

of bacterial cells with a highly aggregative phenotype. This could potentially also 

reduce the overall diversity of the biofilm-evolved populations.  
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Figure 8 Evolution of biofilm pellicles 

Summary of experimental workflow for evolution of V. cholerae biofilm pellicles. V. cholerae 
C6706 was grown in 2 ml (24-well plate) static cultures for 24 hours. After 24 hours, the 
bacterial cultures contained biofilm pellicles at the air-liquid interface. These biofilm pellicles 
were harvested and transferred with a sterile loop into 1 ml of sterile PBS. The biofilm pellicle 
was then broken up by vortexing to dislodge biofilm-embedded cells. After vortexing, the 
bacterial PBS-suspension was filter through a Whatman® Puradisc 5 μm sterile filter to remove 
any unbroken biofilm particles and used to inoculate a new static culture to grow a new biofilm 
pellicle. Six biofilm populations were evolved in parallel. In addition, two planktonic-evolved 
populations were passaged in parallel with a standard 1:100 dilution. All populations were 
propagated for a total of eight days.   
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6.3 Directed evolution 

In paper 3, directed evolution by error-prone PCR coupled with biofilm evolution was 

employed to evolve the β-lactamase KPC-2. Random mutagenesis with a single round 

of error-prone PCR with an estimated mutagenesis rate of 1-2 amino acid changes 

was conducted to create a mutational library of KPC-2 [317]. To sample the whole 

sequence of KPC-2, the mutant library was constructed with >5000 mutants. Directed 

evolution of KPC-2 coupled with selection for biofilm formation was employed to reduce 

the number of confounding mutations that compensate biofilm inhibition independently 

of KPC-2. In this setup, random mutagenesis with error-prone PCR generates the 

genetic diversity within KPC-2, while selection for biofilm pellicles enriches for KPC-2 

mutants with increased biofilm formation. To limit the amount of confounding 

chromosomal mutations. biofilm evolution was conducted for one single round. 

Additionally, to exclude unwanted mutations outside of KPC-2, isolated KPC-2 variants 

were subcloned into an isogenic vector backbone and transformed back into wild-type 

V. cholerae C6706.  

6.4 Quantification of biofilm formation and motility 

There are multiple ways of quantifying biofilm formation and motility in bacteria [318–

322]. In paper 1-3, biofilm formation was quantified using a crystal violet assay. Crystal 

violet (CV) rapidly stains biotic biomass purple. It can be exploited to stain attached 

biofilms, which are subsequently dissolved in solvents, such as acetic acid or ethanol. 

The amount of biomass can then be quantified by measuring the absorbance of the 

dissolved biomass at 595 nm in a microplate spectrophotometer [323]. While it does 

not give detailed qualitative information like more complex imaging-based methods 

(e.g. Comstat or BiofilmQ) it allows for rapid quantification of biofilm formation [318, 

322]. One must bear in mind that quantification of biofilm formation with CV relies on 

multiple phenotypes, including growth rate, production of extracellular matrix and 

attachment. Therefore, changes in any of these phenotypes will also affect the output 

of the assay.  

Due to the staining and subsequent dissolving of biofilms, the CV assay only generate 

a single measurement. This represents a limitation, as biofilms are dynamic structured 

communities. Because of this, single measurements do not capture the dynamics of 
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biofilm formation and dispersal over time, which can potentially vary between different 

strains and mutants. This issue can be mitigated by advanced imaging techniques that 

can monitor and quantify biofilm development over time, but this requires a costly 

specialized microscopy system [146, 147, 318, 324] . Alternatively, one can conducting 

time-resolved or dilution-resolved CV assays, but this comes at the cost of less 

scalability [325]. Since we were working with a very distinct and easily recognizable 

hyper-biofilm phenotype in paper 2, we opted for measurements of a single endpoints. 

In paper 1 and 3, due to the high interexperiment variation of the CV assay we opted 

for measurements of single timepoints to ensure scalability. Measurement of biofilm 

formation at multiple time points or with dilution-resolved CV assays, could yield more 

detailed insights into biofilm dynamics and potentially highlight phenotypic differences 

not captured by single endpoint measurements.  

In addition, we also conducted qualitative assessment of biofilm pellicle morphology in 

paper 2 and 3. This was done by imaging biofilm pellicles with a stereomicroscope.  

Assessment of pellicle morphology was done by eye and not with specialized software, 

which some research groups have employed in recent years [251, 252]. Therefore, we 

did no obtain quantitative measurements of differences in pellicle morphology. 

Nevertheless, this method can still capture large phenotypic differences reliably (e.g. 

smooth versus hyper-wrinkly biofilm pellicle). 

In paper 1 we also quantified motility, as motility is often inversely regulated with 

biofilm formation. To quantify motility, we employed semi-solid agar plates with 0.3% 

agar. This is a plate-based method to measure swimming motility, which is a unicellular 

flagellum-dependent type of movement [326–328]. Swimming motility is measured by 

inoculating a semi-solid agar plate (0.3% agar) and incubating the plates for a set 

amount of time. After incubation, motility is measured by measuring the size of the 

bacterial swarm. Thus, swarm size is employed as a proxy for motility. The method 

represents an easy and scalable way of measuring swimming motility. Similar to the 

CV assay, this method depends on multiple phenotypes, including growth rate, 

chemotaxis and swimming motility. Therefore, growth defects or defects in chemotaxis 

can affect the interpretation of the assay. Other measures of quantifying bacterial 

swimming include measuring the actual swim speed with direct microscopy. This assay 

represents a more direct measurement of motility but require specialized equipment 
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and is technically much more difficult. Because of this, we opted for measuring 

swimming motility with semi-solid agar plates. 
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6.5 DNA sequencing approaches 

In all the projects we employed various methods of DNA sequencing to characterize 

the genotypes of ancestral and evolved strains and/or genes. In paper 1, we employed 

next-generation sequencing (NGS) to establish a closed, circular genome for our 

laboratory stock of V. cholerae C6706. In order to create a closed genome of high 

quality, we utilized a hybrid sequencing approach combining long- and short-read 

sequencing technology [329, 330]. Although short-read sequencing represents a cost-

effective and accurate technique for whole genome sequencing of microbial genomes, 

it has certain caveats [330, 331]. The short read length makes it difficult to assess 

certain aspects of the sequenced genome, especially structure, rearrangements, 

repetitive regions and MGEs. Therefore, de novo assembling closed circular microbial 

genome based solely on short-read sequencing propose a challenge [331]. The 

increased read length of long-read sequencing makes it easier to fully resolve genome 

structure and create closed, circular genomes, although at the cost of increased 

sequencing error rates [331, 332]. By employing hybrid sequencing, the long reads 

can function as scaffolds and provide information regarding the genome structure, 

while the short reads are employed to call individual bases at a local scale [329, 331, 

333, 334]. Consequently, hybrid assemblies with both short and long sequencing 

technology are well-suited to generate fully resolved, closed microbial genomes. For 

this reason, we employed both short- and long-read sequencing technologies to whole 

genome sequence our isolate of V. cholerae C6706. 

The genome established in paper 1 was later employed in paper 2 as reference for 

the ancestral strain of V. cholerae C6706. To genetically characterize the evolved 

populations as comprehensively as possible, we opted for deep sequencing of the 

evolved populations. Deep sequencing refers to massive parallel sequencing with high 

coverage, which allows for detection of mutations at low frequencies in heterogenous 

populations [335–337]. Thus, employing this method makes it possible to capture the 

genetic diversity within the evolved populations. The main drawback of deep 

sequencing is the high cost due to the need of high sequencing coverage. In addition, 

since all populations are pooled, single colonies needs to be isolated afterwards and 

then re-sequenced to confirm their genotype. Depending on the genetic diversity of the 

populations, identifying mutations driving adaptation and linking genotypes to 
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phenotypes, can vary in difficulty. If working with a population with high diversity and 

multiple mutations at low frequencies, linking genotypes to phenotypes can be 

cumbersome and demand isolation, resequencing and phenotypic characterization of 

multiple isolates.  

In paper 3 since we were working with a single gene, we sanger sequenced a random 

selection of evolved KPC-2 variants [338]. Obviously, this limits our ability to assess 

the genetic diversity within the KPC-2 mutant library after selection and measure the 

frequency of individual mutations. However, it provided a fast and cheap way to 

characterize the genotype of individual KPC-2 variants, which we subsequently 

characterized phenotypically.  
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6.6 Measurement of DGC- and PDE-activity 

In paper 2, we expressed and purified wild-type MbaA and various MbaA mutants to 

measure diguanylate cyclase (DGC) and phosphodiesterase (PDE) activity. To 

successfully purify MbaA, which is a membrane-bound protein, we purified a non-

membrane-bound version of MbaA (GGDEF-EAL-domain, L328 – R791) linked to a 

maltose-binding protein (MBP). To measure the enzymatic activity of MbaA under 

conditions that mimic in vivo conditions as closely as possible, purification of the entire 

protein followed by cleaving of the MBP-tag would be ideal. Alas, this was deemed too 

difficult technically as this would require establishing a lipophilic environment for the 

enzyme kinetics. Furthermore, MbaA has very poor solubility and it is challenging to 

keep the protein soluble without the MBP-tag [339]. Therefore, the enzyme kinetics 

was determined with the non-membrane-bound MBP-tagged versions of MbaA. The 

presence of the MBP-tag could potentially affect the activity of the GGDEF- and EAL-

domains of MbaA. Importantly, in previous studies with MbaA, the non-membrane-

bound MBP-tagged versions of MbaA remained enzymatically active [339].  

Measurement of DGC-activity was based on the measurement of pyrophosphate (Pi), 

which is released upon formation of c-di-GMP from GTP [152, 340–342]. DGC-activity 

was measured with a EnzCheck pyrophosphate kit (Invitrogen). This kit detects the 

production of Pi through a chemical reaction between Pi and 2-Amino-6-mercapto-7-

methylpurine riboside (MESG), which is catalyzed by the purine nucleoside 

phosphorylase (PNP) enzyme. The conversion of MESG induces a change in 

absorbance maximum from 330 to 360 nm, which can be measured by a 

spectrophotometer. We first determined the extinction coefficient for the reaction of Pi 

with MESG and then used this to conduct Michaelis Menten kinetics on the DGC-

activity of wild-type MbaA and the corresponding mutants. 

Measurement of PDE-activity was conducted with the fluorescent c-di-GMP derivate 

2'-O-(N'-methylanthraniloyl)-cyclic diguanylate (MANT-c-di-GMP) [342]. We employed 

fluorescence spectroscopy to measure emitted fluorescence before and after 

incubation of MANT-c-di-GMP with wild-type MbaA and MbaA variants. Conversion of 

MANT-c-di-GMP into MANT-pGpG leads to a reduction in fluorescence that can be 

monitored as a function of time [342]. The change in fluorescence was used to 



62 

 

calculate the extinction coefficient, which was subsequently used to calculate 

Michaelis Menten kinetics for the PDE-activity of wild-type MbaA and the 

corresponding mutants. 

Although indirect, these methods are well established for the measurement of DGC- 

and PDE-activity and enable determination of enzyme kinetics. The in vitro enzymatic 

activity of wild-type MbaA has already been determined, demonstrating that wild-type 

MbaA only possess PDE-activity in vitro [339]. When measuring PDE-activity, we 

employed wild-type MbaA as a positive control, while MbaA with an inactivating 

mutation in its active site (E553A) served as a negative control [157, 159–162]. Since 

wild-type MbaA lack DGC-activity in vitro, we employed wild-type MbaA as a negative 

control for measurement of DGC-activity. Similar to previous studies, we did not detect 

any in vitro DGC-activity in wild-type MbaA. 
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7 Results and discussion 

7.1 Genetic and phenotypic differences between 7th pandemic 
V. cholerae strains 

V. cholerae possess a complex life cycle and cycle between its aquatic niche and the 

human host. Due to the continuous spread of V. cholerae over several hundred years, 

the pathogen has also been under adaptive evolution for an extended time. The prime 

example of this is the emergence of the El Tor biotype, which outcompeted the 

classical biotype due to increased fitness [1–3, 21]. 

The introduction of next generation sequencing technologies enabled researchers to 

develop powerful new tools to link genotypes to phenotypes [28, 84, 343–346]. Thus, 

enabling the discovery of genes and cellular processes that were essential to the life 

cycle of V. cholerae [107, 112, 114, 115, 345, 347–351]. Many of these methods rely 

on the availability of a reference genome to function. In paper 1, we de novo 

assembled the genome of V. cholerae C6706 using short- and long-read next-

generation sequencing technologies. To improve upon the previous version of the 

genome we employed hybrid sequencing, manually curated the genome annotation, 

and linked every open reading frame (ORF) to the corresponding ORF in the current 

reference strain V. cholerae N16961 [28, 313].  

Our work in paper 1 showcases the potential dangers of employing a single strain as 

reference for all 7th pandemic V. cholerae strains. Although the strains were genetically 

similar overall, V. cholerae C6706 contained 76 genetic changes from V. cholerae 

N16961. In addition, C6706 harbored an additional prophage, a different variant of 

VSP-2 and a large inversion in chromosome 1 [18, 314, 315]. Many of these genetic 

changes were in genes linked to important biological functions such as biofilm 

formation, motility, chemotaxis, quorum sensing and genome stability. This also 

included a previously described laboratory-acquired mutation in the quorum sensing 

regulator LuxO, which locks V. cholerae C6706 in a low-cell density QS-state. QS is a 

key regulator of bacterial behavior and affect multiple phenotypes including biofilm 

formation, motility, T6SS, and natural competence [231, 352]. Paper 1 highlights how 

the genotype of 7th pandemic V. cholerae strains can differ, which can be a potential 
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source of error in genetic studies of V. cholerae, if researchers do not use the 

appropriate genome as reference. 

Phenotypic assays demonstrated that our stock of QS- V. cholerae C6706 had altered 

biofilm formation, motility, and mutation rate compared to V. cholerae N16961. This is 

despite the fact that V. cholerae N16961 is also locked in a low-cell density QS-state 

due to a frameshift mutation in hapR. Comparison of QS- V. cholerae C6706 and V. 

cholerae N16961 with QS+ V. cholerae C6706 (wild-type LuxO) demonstrated that all 

three strains differed from each other in both biofilm formation and motility. This once 

again underlines the potential dangers of a single reference strain for the 7th pandemic 

as seemingly small genetic changes can have large effects on important bacterial 

phenotypes. 

Even though these strains belong to the same transmission wave (wave 1) of the 7th 

pandemic, they exhibit important phenotypic differences. It seems plausible that other 

strains from wave 1 also differ phenotypically and that clinical strains from other 

transmission waves could differ even more [31]. This could have important implications 

as findings in one given strain might not be applicable to other 7th pandemic V. cholerae 

strains. Indeed, this has to some degree already been demonstrated between classical 

and El Tor biotype strains [137, 241, 243–245]. Furthermore, it stresses the importance 

of knowing the genotype of the strain one is working with as unknown laboratory-

acquired mutations can have significant phenotypic effects that potentially confound 

experimental results. In support of this, Stutzmann et al. [316] have already described 

the point mutation in LuxO in certain V. cholerae C6706 strains and demonstrated how 

the mutation induces a defect in natural competence and T6SS.  

The difference in biofilm formation and motility between QS-deficient V. cholerae 

C6706 and N16961, which is also QS-deficient, indicated that QS was not the sole 

cause of the observed differences. Indeed V. cholerae C6706 contained mutations in 

several c-di-GMP-metabolizing enzymes, including a frameshift mutation in a known 

c-di-GMP-degrading enzyme (VC1295) [164]. Fluorescent microscopy demonstrated 

that VC1295 is expressed in V. cholerae and overexpression of it reversed the 

previously observed differences in biofilm formation and motility. Altogether, this 

suggests that the combined effects of altered QS and c-di-GMP turnover are 
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responsible for the observed differences in biofilm formation and motility between V. 

cholerae C6706 and N16961. This stresses the adaptive potential of both c-di-GMP 

and QS as genetic changes within these systems can significantly alter the physiology 

of V. cholerae.  

As described in section 1, environmental V. cholerae strains convert into toxigenic 

strains through the acquisition of MGEs [3]. The acquisition of MGEs is also believed 

to be the driving force of adaptation in V. cholerae [3, 18, 51]. Although this seems 

true, our work in paper 1 exemplifies how 7th pandemic V. cholerae strains also 

accumulate chromosomal mutations that affect central biological functions. In support 

of this, previous studies have demonstrated how a single SNP dramatically alters the 

activity of T6SS in V. cholerae [353–355]. Therefore, these mutations seemingly also 

drive adaptation in 7th pandemic V. cholerae strains. Broader phenotypic comparisons 

of V. cholerae 2010EL-1786 (2010, Haiti) with several commonly used strains of 7th 

pandemic V. cholerae (e.g. E7946, A1552 and N16961) displayed multiple important 

phenotypic differences between the strains [31]. This included differences in c-di-GMP 

levels, motility, biofilm formation, transformation, and virulence. V. cholerae 2010EL-

1786 contains additional MGEs as well as genetic changes within previously acquired 

MGEs (SXT-element and CTXφ). Despite this, several of the described phenotypic 

differences (e.g., motility, biofilm formation and virulence) were also linked to 

chromosomal mutations, including altered c-di-GMP signaling [31]. Additionally, in 

regional outbreaks, adaptive evolution via acquisition of novel MGEs, mutations in 

already acquired MGEs and chromosomal mutations have been observed [6–8, 31, 

356, 357]. Thus, chromosomal mutations seem to be an underappreciated, but 

important driver of adaptation in 7th pandemic V. cholerae.  
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7.2 Evolution of V. cholerae biofilms 

7.2.1 Biofilm evolution induces a hyper-biofilm phenotype in V. cholerae 

Although biofilm formation is viewed as an essential part of the life cycle of V. cholerae, 

the evolutionary effects of living in biofilms remain understudied [66, 69]. There are 

very few experimental studies on the evolution of V. cholerae and paper 2 is to our 

knowledge the only existing study on the evolution of V. cholerae biofilms [358–362]. 

Similar to previous studies in other bacterial species, our study demonstrated that 

evolution in biofilms strongly selected for biofilm formation and induced a hyper-biofilm 

phenotype [267]. After propagation of biofilm pellicles over eight days, the populations 

exhibited a distinct hyper-biofilm phenotype with a >8-fold increase in biofilm formation 

and formation of hyper-wrinkly biofilm pellicles. The rapid increase in biofilm formation 

suggests that few mutations are needed to attain this. In support of this, previous 

studies have demonstrated that single mutations within the c-di-GMP signaling system 

can induce hyper-biofilm phenotypes in V. cholerae [77].  

The most striking difference compared with previous biofilm evolution studies is the 

lack of phenotypic and genetic diversification [267]. In previous studies, evolution in 

biofilms quickly generate phenotypic and genetic heterogeneity. This can often be 

witnessed as the emergence of different morphotypes in the evolving bacterial 

populations [267, 276, 278, 279, 284–286, 363, 364]. In contrast, the biofilm-evolved 

populations in paper 2 exhibited clear signs of convergent evolution with very high 

frequency of mutations in the bi-functional c-di-GMP-metabolizing enzyme MbaA. 

Although the phenotypic diversity of the biofilm-evolved populations was not 

exhaustively characterized, we observed limited phenotypic diversity within the 

populations. The reason for this remains elusive, but multiple factors could potentially 

contribute to this. Firstly, the chosen method for biofilm evolution and could contribute 

to convergent evolution. Many of the previous studies evolved attached biofilms in 

more dynamic models (e.g. bead-based biofilm model), which could generate more 

diversity than evolution of static biofilm pellicles. For instance, the bead-based model 

popularized by Poltak et al. [279] employs a cycle of colonization and dispersal. In this 

model, the evolving populations needs to colonize one bead which is then transferred 

into a new tube where the bead population must disperse and colonize a new bead. 
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The increased complexity of this model with selective conditions favoring colonization 

followed by dispersion could potentially select for increased genetic diversity. 

Nevertheless, previous studies with biofilm pellicles have demonstrated that 

diversification can occur in biofilm pellicles [278]. This includes the landmark study by 

Rainey et al. which demonstrated that evolution of static microcosms generated and 

sustained a high degree of diversity [276]. Unlike us, this study sampled the entire 

static culture. Therefore, the difference in diversity compared to this study most likely 

comes from differences in sampling. Secondly, we filtered the harvested biofilm 

populations through a 5 µm sterile filter to remove larger biofilm aggregates. This 

filtration step could represent a selective condition that limits diversity and function as 

an upper threshold for biofilm-forming capacity. The length of our biofilm evolution 

study was also limited and shorter than most previous studies [267, 276, 278, 279, 

284–286, 363, 364]. It is possible that the diversity within the biofilm-evolved 

populations could increase if we increased the duration of the experiment. 

Alternatively, strong convergent evolution and limited diversification could be a 

hallmark of V. cholerae biofilm evolution. As our study represents the only conducted 

biofilm evolution study with V. cholerae this remains to be investigated in future studies.   

7.2.2 The c-di-GMP-signaling system represent an adaptive target in 
bacteria 

In paper 2, biofilm-evolved populations demonstrated strong signs of convergent 

evolution in the bi-functional c-di-GMP-metabolizing enzyme MbaA. Thus, indicating 

that MbaA and the c-di-GMP-signaling system are under strong selection during biofilm 

evolution. In support of this, multiple in vitro biofilm evolution studies have 

demonstrated that evolution in biofilms can select for adaptive mutations in the c-di-

GMP signaling system [267, 279, 284–288]. Paper 1 also linked mutations in c-di-

GMP-metabolizing enzymes to differences in biofilm formation between clinical V. 

cholerae strains. As a key regulator of biofilm formation, c-di-GMP-associated genes 

seems to represent potent evolutionary targets to facilitate biofilm adaptation.  

Biofilm formation is an important bacterial lifestyle that increase resilience and facilitate 

colonization of inhospitable niches. In support of this, c-di-GMP-associated proteins 

have been implicated in the infection cycle of multiple pathogens, including V. cholerae 

[23, 117, 118, 137, 365, 366]. Therefore, accumulation of mutations in the c-di-GMP 
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signaling system occur not only upon selection for increased biofilm formation, but can 

also occur in patients and during in vivo evolution [129–131, 289]. Taken together, it 

seems evident that the c-di-GMP signaling system is an evolutionary target that 

facilitate bacterial adaptation.  

7.2.3 Domain crosstalk could regulate the enzymatic activity of bi-
functional c-di-GMP-metabolizing enzymes 

Paper 2 demonstrated that single mutations in the GGDEF- (E483K) or EAL-domain 

(E576K and L618V) of the bi-functional c-di-GMP-metabolizing enzyme MbaA 

increased the DGC-activity, decreased the PDE-activity and decoupled MbaA from 

polyamine-mediated regulation by NspS. The observation that single mutations in the 

GGDEF- or EAL-domain affect the enzymatic activity of the opposing domain suggests 

that interactions between these domains modulate the enzymatic output of MbaA. In 

support of this, Bridges et al. (15) demonstrated that polyamine-mediated regulation of 

MbaA depends on the presence of both enzyme domains. Furthermore, a study on the 

bi-functional c-di-GMP-metabolizing enzyme DcpA from Mycobacterium smegmatis, 

demonstrated that mutations in the EAL-domain could negatively affect both DGC- and 

PDE-activity [170, 171]. Homology modelling of MbaA demonstrated that the selected 

mutations were located at the interface between the GGDEF- and EAL-domain, 

thereby supporting the notion of interdomain interactions.  

The molecular mechanism regulating the shift in the enzymatic activity of MbaA 

remains elusive. Regulation of GGDEF-EAL proteins have primarily been studied in 

monofunctional GGDEF-EAL proteins were one of the enzyme domains (often the 

GGDEF-domain) have evolved into a sensor domain that regulate the activity of the 

opposing enzyme domain. Regulatory crosstalk between the GGDEF- and EAL-

domain have already been observed in multiple mono-functional GGDEF-EAL proteins 

[118, 143, 161, 165, 167]. For instance, several studies have described monofunctional 

GGDEF-EAL proteins, were the degenerated GGDEF-domain can induce 

conformational changes that increases the enzymatic output of the EAL-domain [143, 

161, 165, 166, 174, 175]. A limited amount of bi-functional c-di-GMP-metabolizing 

enzymes have been characterized so far. However, the characterized ones can yield 

insights into how domain crosstalk potentially affects the enzymatic activity of MbaA. 
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Two of the best characterized bi-functional c-di-GMP-metabolizing enzymes are MorA 

and RbdA from P. aeruginosa [172, 367]. While they primarily function as PDEs in vivo, 

in vitro they exhibit a conformation that can support both synthesis and degradation of 

c-di-GMP. This conformation is supported by salt bridges that span between the 

GGDEF- and EAL-domain. Interestingly, this interaction involves regions of the 

GGDEF- and EAL-domains that acquired mutations in our study. MorA contains a salt 

bridge between K1076 and E1213, that corresponds to D440 and Q577 in MbaA, while 

RbdA harbors a salt bridge between D518 and R609 that corresponds to D490 and 

Q577 in MbaA [172, 367]. Furthermore, in the model protein LapD, a degenerate 

GGDEF-EAL protein that functions as a c-di-GMP receptor, the same regions 

participate in recruiting the DGC GcbC [177, 368, 369]. This is done via an interaction 

between the α2-helix (GRFLPWLER462-470, which corresponds to EEFIPIAEQ469-

577 in MbaA) of the EAL-domain of LapD and the α5-helix (EQLLFAADK477-485, 

which corresponds to EKLLLNADT483-491 in MbaA) of the GGDEF-domain of GcbC 

[177, 368, 369]. Consequently, the regions of MbaA that accumulate mutations during 

biofilm evolution participate in interdomain interactions in GGDEF-EAL protein 

homologs (Phippen et al. 2014; Dahlstrom et al. 2015; Chong et al. 2018; David et al. 

2018).  

Interestingly, a study on bidirectional evolution in P. fluorescens, showcased how 

mutations (E1081A and E1082K which corresponds to E576 and Q577 in MbaA) in the 

EAL-domain of a MorA homolog induced a phenotype associated with increased levels 

of c-di-GMP [287]. This phenotype was later lost due to frameshift mutations in MorA, 

suggesting that the initial mutations stimulate the DGC-activity of MorA [287]. 

Summarized, these studies and our findings on MbaA suggest that there could be 

interdomain interactions that regulate the enzymatic activity of MbaA. The enzymatic 

activity of c-di-GMP-metabolizing enzymes are tightly linked to protein conformation. 

An example of this is the bi-functional c-di-GMP-metabolizing enzyme DcpG, where 

changes in the protein conformation affects its enzymatic activity [136]. Taken 

together, we hypothesize that the identified mutations in MbaA could potentially perturb 

interdomain interactions, thereby leading to conformational changes that alter the 

enzymatic output of MbaA. The presence of both intra- and interprotein interactions in 

multiple c-di-GMP-metabolizing enzymes could suggest that the underlying molecular 
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mechanism is evolutionary conserved [172, 287, 367, 368, 370]. However, further 

structural studies are required to confirm these findings. 

7.2.4 β-lactamases evolve along different evolutionary trajectories in 
biofilms 

It seems evident that the biofilm lifestyle can alter the evolutionary trajectories of 

bacteria. This holds true not only for bacteria, but also MGEs [35, 307, 308]. In Gram-

negative bacteria, β-lactamases are among the most frequently carried AMR 

determinants and represent a major cause of AMR [35, 58, 64]. AMR determinants 

and plasmids frequently have pleiotropic effects, meaning that they can affect multiple 

phenotypic traits, such as biofilm formation and growth rate. Indeed, certain classes of 

β-lactamases antagonize biofilm formation in E. coli and P. aeruginosa [300, 301]. 

Paper 3 demonstrated that a broad range of β-lactamases antagonize biofilm 

formation in V. cholerae. Furthermore, this inhibition could be compensated by specific 

mutations (N136K and Δ1-48/N136D/M152I/L167P in KPC-2) selected for during 

growth in biofilm pellicles, thereby indicating that the biofilm lifestyle can affect the 

evolution of β-lactamases.   

Testing of constructed single mutants (Δ1-48, N136D and L167P demonstrated that 

loss of the signal peptide alone (Δ1-48) did not improve biofilm formation. In contrast, 

both N136D and L167P increased biofilm formation. The Δ1-48 KPC-2 mutant lacks 

the signal peptide, which should hinder translocation into the periplasm. Thus, 

suggesting that KPC-2’s effect on biofilm formation is mediated by processes in the 

cytosol and related to functional effects in KPC-2. Class A β-lactamases have been 

shown to fold into functional enzymes prior to translocation and this could potentially 

be the case for KPC-2 [371]. Introduction of S70A, which hinders covalent binding and 

hydrolysis of β-lactams by KPC-2, had divergent effects on biofilm formation. In wild-

type KPC-2 and Δ1-48/N136D/M152I/L167P, introducing S70A led to a strong 

reduction in biofilm formation. In contrast, S70A/N136K only exhibited a slight 

reduction in biofilm forming capacity. This stands in contrast with findings from a 

previous study where mutating S70 either rescued (TEM-1) or had no effect (OXA-3) 

on biofilm formation [300]. Consequently, it seems that enzyme functionality affects 

biofilm formation differently among different β-lactamases. The differing effects of 
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S70A in different KPC-2 variants could indicate that these variants compensate biofilm 

formation through different molecular mechanisms.  

The molecular mechanism of biofilm antagonization and compensation remains 

elusive. Prior studies have suggested that inhibition of biofilm formation is related to 

remodeling of peptidoglycans in the bacterial cell wall [300]. Although, one study has 

demonstrated that expression of β-lactamases can affect the peptidoglycan 

composition of E. coli, no direct evidence for this hypothesis exists [301]. KPC-2 

primarily accumulated mutations within the A-site. For instance, position 136 and 167 

resides within the A-site and in close proximity to the conserved residues S70 and 

E166, which are vital for the enzymatic activity of SBLs [60, 61, 65, 372, 373]. β-

lactamases can exhibit promiscuous enzymatic activity [374–376]. Therefore, biofilm 

inhibition could potentially be mediated by promiscuous enzymatic activity towards 

other substrates than β-lactams. However, these are speculations and should be 

further investigated in future studies.  

The generalizability of our findings still remains unclear. Paper 3 combined with 

previous studies have demonstrated that multiple β-lactamases from different Ambler 

classes inhibit biofilm formation in P. aeruginosa, E. coli and V. cholerae [300, 301]. 

All of these studies employed artificial laboratory vectors with a medium to high copy 

number. Prior studies have demonstrated that certain multidrug resistance plasmids 

can negatively influence biofilm formation, although some plasmids also have a neutral 

or positive effect on biofilm formation [300–306]. Importantly, no studies have isolated 

the effect of plasmid-harbored β-lactamases, but rather investigated the effect of the 

entire plasmid. Natural conjugative and clinical MDR plasmids are often large (>40 kb) 

and can encode genes known to affect biofilm formation (e.g., c-di-GMP-metabolizing 

enzymes) [377–379]. Therefore, rigorous studies controlling for confounding effects 

from other plasmid-encoded genes are needed.  
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8 Conclusions 

In paper 1, we established an improved version of the genome of V. cholerae C6706, 

which was linked to the current reference strain N16961. This should represent a 

valuable resource for the research community as V. cholerae C6706 is a commonly 

used model strain, but have lacked a reference genome with established linkages to 

N16961. The genome was leveraged to identify important genetic differences between 

V. cholerae C6706 and N16961 in genes related to c-di-GMP signaling and quorum 

sensing. These genetic changes alter the physiology of V. cholerae and induce 

changes in biofilm formation and motility between V. cholerae C6706 and N16961. 

Biofilm formation is a hallmark of the life cycle of V. cholerae. Despite this, the evolution 

of V. cholerae in biofilms remains an understudied research topic. Paper 2 

demonstrates that evolution in biofilms strongly selects for increased biofilm formation. 

Increases in biofilm formation is mediated by single point mutations in the bi-functional 

c-di-GMP-metabolizing enzyme MbaA. These mutations seem to reduce PDE-activity, 

increase c-di-GMP synthesis and decouple MbaA from polyamine-mediated regulation 

by NspS. Taken together, our findings suggests that the increase in biofilm formation 

is mediated by a shift in the enzymatic output of MbaA from degradation to constitutive 

synthesis of c-di-GMP. Ultimately, paper 2 sheds light on the evolution of V. cholerae 

in biofilms, and the function and evolutionary potential of bi-functional c-di-GMP-

metabolizing enzymes. It also underlines how changes in the c-di-GMP turnover can 

facilitate biofilm adaptation. This is also supported by paper 1, which linked difference 

in motility and biofilm formation between V. cholerae C6706 and N16961, to mutations 

in c-di-GMP-metabolizing enzymes. So far, the molecular mechanism mediating the 

shift in the enzymatic output of MbaA remains unknown. Our findings so far suggest 

that regulatory crosstalk between the GGDEF- and EAL-domain could be involved.   

In paper 3, we demonstrated how β-lactamases inhibit biofilm formation in V. cholerae. 

Using KPC-2 as model enzyme, we showcased how evolution in biofilm can reverse 

this inhibition through seemingly functional mutations in KPC-2. Thus, showcasing how 

living in biofilms can alter the evolutionary trajectories of AMR-enzymes of great clinical 

importance. Worryingly, reversal of biofilm inhibition, did not necessarily induce 
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functional trade-offs as some KPC-2 variants exhibited increased biofilm formation 

without any increase in susceptibility against β-lactams.  

Collectively, this thesis expands our insight into the biology and evolution of V. 

cholerae. It demonstrates the feasibility of evolving V. cholerae in biofilms and 

demonstrates that living in biofilms can alter the evolution of V. cholerae and important 

AMR-enzymes. Furthermore, it showcases how the c-di-GMP signaling system is a 

potent evolutionary target for bacterial adaptation. Thus, this thesis also underlines the 

importance of studying the evolution of V. cholerae in more complex environments to 

better understand the biology of this pathogen. 

  



74 

 

9 Perspectives 

This thesis lays the foundation for future studies on V. cholerae. Paper 2 demonstrated 

how mutations in the bi-functional c-di-GMP-metabolizing enzyme MbaA can alter the 

enzymatic output of MbaA. So far, the molecular mechanism behind the change of 

activity in MbaA remains elusive. Future studies should strive to uncover the molecular 

mechanisms behind this and investigate if it’s conserved across multiple bi-functional 

c-di-GMP-metabolizing enzymes. Doing so, would yield essential insights into the 

function and regulation of this enzyme class.  

In addition, the work in this thesis enabled the characterization of novel traits acquired 

by V. cholerae or β-lactamases during biofilm evolution. However, the biofilm evolution 

model leveraged in this work is simplistic compared to the life cycle and aquatic 

environment of V. cholerae¸ which could limit the generalizability of these findings. The 

specific selective pressures imposed by the natural aquatic environment of V. cholerae 

still remain elusive. This is a major knowledge gap, which if closed, could improve our 

understanding of V. cholerae evolution and how it can persist in its aquatic niche and 

resurface to trigger new outbreaks. Future studies should build upon this thesis to 

develop more complex systems to study the evolution of V. cholerae under natural 

conditions. Furthermore, the current circulating strains of V. cholerae harbor multiple 

clinically relevant MGEs (e.g. SXT-element and MDR-plasmids). These represents 

suitable candidates to study the evolution of clinically relevant MGEs in complex 

structured environments. This thesis primarily employed biofilm evolution as a genetic 

screen to identify and characterize mutations that facilitate biofilm adaptation. It did not 

investigate the ecology and population biology of V. cholerae biofilms. Future studies 

should aim to investigate both evolutionary and ecological aspects, to attain a more 

comprehensive understanding of V. cholerae biofilms.   
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Abstract 17 

Next-generation sequencing methods have become essential for studying bacterial biology and 18 

pathogenesis, often depending on high-quality, closed genomes. In this study, we utilized a hybrid 19 

sequencing approach to assemble the genome of C6706, a widely used Vibrio cholerae model strain. 20 

We present a manually curated annotation of the genome, enhancing user accessibility by linking each 21 

coding sequence to its counterpart in N16961, the first sequenced V. cholerae isolate and a commonly 22 

used reference genome. Comparative genomic analysis between V. cholerae C6706 and N16961 23 

uncovered multiple genetic differences in genes associated with key biological functions. To determine 24 

whether these genetic variations result in phenotypic differences, we compared several phenotypes 25 

relevant to V. cholerae pathogenicity like genetic stability, acid sensitivity, biofilm formation, and 26 

motility. Notably, V. cholerae N16961 exhibited greater motility and reduced biofilm formation 27 

compared to V. cholerae C6706. These phenotypic differences appear to be mediated by variations in 28 

quorum sensing and cyclic di-GMP signaling pathways between the strains. This study provides 29 

valuable insights into the regulation of biofilm formation and motility in V. cholerae. 30 

 31 

Impact Statement 32 

This study utilizes hybrid sequencing and manually curated annotation to provide a high-quality 33 

genome of V. cholerae C6706 that serves as a user-friendly tool to study this commonly used model 34 

strain. We uncover genotypic and phenotypic variance compared to V. cholerae N16961, which is 35 

widely used as reference genome. Notably, distinct biofilm formation and motility patterns between 36 

the strains appear linked to differences in quorum sensing and c-di-GMP signaling pathways. 37 

  38 
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Introduction 39 

Vibrio cholerae is the enteric pathogen that causes cholera, an acute diarrheal disease that can spread 40 

explosively and cause devastating outbreaks [1]. Annually, approximately 3 million people are infected, 41 

and 95 000 deaths are associated with the disease [2], making this pathogen a serious global health 42 

threat. 43 

So far, the world has experienced seven cholera pandemics, spreading the pathogen globally 44 

[1, 3]. The most commonly studied strains today, all originate from the 7th pandemic and belong to the 45 

O1 serotype, biotype El Tor. The El Tor biotype is the currently dominating V. cholerae variant, 46 

responsible for the ongoing 7th pandemic [1, 4].  Among them are V. cholerae N16961, C6706, E7946, 47 

A1552 and 2010EL-1786 [5–9]. Even though they belong to the 7th pandemic, they differ in origin and 48 

belong to different transmission waves within the 7th pandemic [4]. V. cholerae C6706 and A1552 were 49 

isolated from an outbreak in the South America in the 1990s, while V. cholerae 2010EL-1786 stems 50 

from the 2010 Haiti cholera outbreak [5–9].  N16961 and E7946 were isolated in Asia in the 1970s. 51 

N16961 was the first sequenced V. cholerae isolate and has been used as reference genome for 7th 52 

pandemic V. cholerae El Tor strains [7]. While other V. cholerae variants have been sequenced more 53 

recently [9–12], including a V. cholerae C6706 strain [9–12], the original N16961 annotation is still 54 

widely used [13–19]. 55 

 V. cholerae survives in the aquatic environment year-round in endemic regions and infects 56 

humans through contaminated water and food [1, 20]. Throughout its life cycle, the pathogen 57 

alternates between the aquatic environment and the human host.  To successfully survive these 58 

transitions, V. cholerae depends on multiple cellular processes [1, 20, 21]. Biofilm formation plays an 59 

important role in the life cycle of V. cholerae. Growth in biofilms facilitates survival in the aquatic 60 

environment and increases the acid tolerance and infectivity of V. cholerae [21–25]. Two of the key 61 

regulators of biofilm formation in V. cholerae are quorum sensing (QS) and the cyclic diguanylate (c-62 

di-GMP) signaling system. Quorum sensing is a key bacterial cell-cell communication system that 63 

governs collective behavior in bacteria in response to cell-population density and composition [19, 26]. 64 
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Low cell-density (LCD) induces biofilm formation through phosphorylation of the response regulator 65 

LuxO, which in turn simultaneously represses HapR and activates AphA, which are high-cell- and low-66 

cell-density master QS regulators [19, 27–29]. HapR and AphA repress and stimulate expression of 67 

biofilm genes, respectively. In contrast, high cell-density (HCD) leads to dephosphorylation of LuxO, 68 

which results in repression of AphA and expression of HapR, thereby, inhibiting biofilm formation [19, 69 

27–29]. QS-states can differ between different 7th pandemic V. cholerae  strains. For instance, the 70 

N16961 carries a frameshift mutation in HapR, which disrupts the QS signaling pathway and locks the 71 

strain into the state it assumes under low cell density conditions [7, 30, 31]. One of the mechanisms 72 

through which QS represses biofilm formation in V. cholerae involves regulation of c-di-GMP-73 

metabolizing enzymes [28, 32–34]. C-di-GMP is a conserved nucleotide-based second messenger that 74 

regulates biofilm formation and motility in bacteria [35–37]. In short, c-di-GMP upregulates biofilm 75 

formation and inhibits motility. C-di-GMP regulates biofilm formation and motility through multiple 76 

regulatory mechanisms, which include flagellum synthesis and function, production of pilis and 77 

adhesins and secretion of extracellular polymeric substances (EPS)[35–37]. Strikingly, many Gram-78 

negative pathogens with complex life cycles also boast complex c-di-GMP signaling systems [37]. In 79 

particular, V. cholerae possess more than 60 putative c-di-GMP-metabolizing proteins [35, 36].  80 

One of the first barriers V. cholerae encounters in the human host is the acidic environment of 81 

the stomach [20, 38]. To overcome acidic conditions, V. cholerae employs a response called the “acid 82 

tolerance response” (ATR) [39]. This is a cascade of physiological responses that enable the bacterium 83 

to counteract the damaging effects of acid stress. One extensively studied component of ATR is the 84 

Cad system (CadABC), which maintains the intracellular pH balance by converting H+ and lysine to 85 

cadaverine [20, 39–41]. After passage through the stomach, the pathogen enters and colonizes the 86 

small intestine to cause the characteristic symptoms of the disease [1, 20]. To summarize, the 87 

pathogenicity of V. cholerae depends on multiple physiological processes including acid tolerance, 88 

motility, chemotaxis, biofilm formation, and QS [1, 19–21].     89 
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In this study, we de novo assembled the genome of V. cholerae C6706 using short- and long-90 

read next-generation sequencing technologies. As an effort to improve upon the prior version of the 91 

C6706 genome, we also manually curated the genome annotation and linked all open reading frames 92 

(ORF) with the corresponding ORF in the N16961 genome. We thereby created an accessible genome 93 

with a link to the N16961 reference genome. Finally, we conducted a genetic and phenotypic 94 

comparison of V. cholerae C6706 and N16961 to reveal differences between the two strains, thus 95 

contributing to the understanding of V. cholerae biology.  96 
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Material and methods 97 

Strains, growth media and oligonucleotides 98 

All bacterial strains used in this work are listed in table 1. Unless otherwise noted, cultures were grown 99 

from single colonies in Lysogeny-Broth-Miller (LB) media (10 g/L of tryptone, 10 g/L of sodium chloride 100 

and 5 g/L of yeast extract) at 37 °C with shaking at 700 rpm. Media were supplemented with 101 

carbenicillin (50 μg/mL) when V. cholerae strains carrying plasmids were grown to maintain the 102 

plasmid. For the acid killing assay the pH of the medium was adjusted to pH 4.6 with a 0.1 M solution 103 

of HCl. All oligonucleotides were synthetized by Sigma Aldrich and purified to remove salts. 104 

Table 1: Strains and plasmids used in this study. 105 

Strain 

no. 

Strain  

background 

Vector Insert  References 

3479 V. cholerae C6706 QS-deficient None None [6] 
1810 V. cholerae N16961 None None [7] 
3802 V. cholerae C6706 QS-proficient None None [30] 
2832 V. cholerae C6706 QS-deficient pANG01 None This study 
3002 V. cholerae C6706 QS-deficient pOML27 VC1295-mRuby2 This study 
3867 V. cholerae N16961 pOML27 VC1295-mRuby2 This study 
3868 V. cholerae N16961 pANG01 None This study 
2844 E. coli DH5αpir None None [42] 
2988 E. coli DH5αpir pOML27 VC1295-mRuby2 This study 
2831 E. coli DH5αpir pANG01 None This study 

 
     
  106 
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Genomic DNA extraction 107 

1 mL of liquid culture of V. cholerae in exponential phase was pelleted by centrifugation and 108 

resuspended in 50 μL of double-distilled sterile H2O. Afterwards, 600 μL of lysis buffer (SDS 2% and 0.1 109 

M EDTA) was added and the solution was incubated for 5 minutes at 80 °C to lyse the cells. After 110 

incubation, the solution was left to cool down to room temperature. 3 μL RNaseA was then added, and 111 

the solution was incubated for 60 minutes at 37 °C. Afterwards, the solution was cooled down to room 112 

temperature again, before 200 μL protein precipitation solution (7.5 M ammonium acetate) was 113 

added. The solution was incubated on ice for 5 minutes followed by centrifugation to precipitate 114 

proteins. The DNA-containing supernatant was recovered while the remaining pellet was discarded. 115 

Genomic DNA (gDNA) was then precipitated by adding 600 μL of isopropanol and gentle mixing. The 116 

precipitated gDNA was isolated from the tube with a glass pipette and washed in 600 μL of 70% EtOH. 117 

Lastly the DNA was centrifuged one more time and the supernatant discarded. The remaining DNA-118 

pellet was carefully dried at room temperature for 30 min and dissolved overnight in Milli-Q filtered 119 

water. 120 

Whole-genome data acquisition, assembly, and annotation 121 

The sequencing service was provided by the Norwegian Sequencing Centre (www.sequencing.uio.no), 122 

a Norwegian national technology platform hosted by the University of Oslo and supported by the 123 

"Functional Genomics" and "Infrastructure" programs of the Research Council of Norway and the 124 

Southeastern Regional Health Authorities. 125 

To create the paired-end fragment libraries for Illumina NGS genomic DNA was sheared on a Covaris 126 

E220 instrument aiming for a 350 bp fragment size. After fragmentation, the sample was transferred 127 

to a 96 plate for a half-volume Kapa Hyper library preparation kit (Roche). Unique dual indexing 128 

(Illumina UD adaptor plate, Illumina) was used in the ligation reaction, followed by a clean-up and one 129 

round of PCR (4- cycles) to boost library amount. The final library was cleaned twice to get rid of any 130 

leftover adapters/dimers. Quality was checked on a Fragment Analyzer instrument using a standard 131 
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NGS kit (AATI). Library was sequenced on an Hiseq4000 instrument (150bp PE), and quantified using 132 

qPCR (Kapa Library quantification kit, Kapa/Roche). 133 

To conduct PacBio SMRT sequencing, genomic DNA was sheared to 12 kb fragments using g-tubes from 134 

Covaris. The library was prepared using Pacific Biosciences protocol for SMRTbell™ with PacBio® 135 

Barcoded Adapters for Multiplex SMRT® Sequencing. The sample was pooled together with ten other 136 

samples in roughly equimolar ratios. Final library was size selected using 0.45x Ampure PB beads. The 137 

library was sequenced on a Pacific Biosciences Sequel instrument using Sequel Polymerase v3.0, SMRT 138 

cells v3 LR and Sequencing chemistry v3.0. Loading was performed by diffusion. Sequencing was 139 

performed on one SMRT cell. Following sequencing, reads were demultiplexed using the barcoding 140 

pipeline on SMRT Link with 26 as minimum barcode score. Finally, HGAP4 assembly was performed 141 

using the Assembly (HGAP 4) pipeline on SMRT Link. Assembly was run using 4 Mb as expected genome 142 

size. 143 

The final genome was assembled with the hybrid assembler Unicycler with both short and long reads 144 

as input sequence [43]. The genome was automatically annotated with the Rapid Annotation and 145 

Subsystem Technology (RAST) web tool hosted on PATRIC [44, 45]. Gene annotations in strain C6706 146 

were linked to previously described V. cholerae strains by conducting a BLAST-search with every 147 

identified coding sequence (CDS) in C6706 against known genomic features in a selection of V. cholerae 148 

strains [46]. To improve upon the automated annotation of the C6706 genome, all CDS annotated as 149 

hypothetical proteins by RAST, were subjected to an additional proteinBLAST-search to identify gene 150 

function through comparison with homologs with an E-value <0.05 in other bacterial strains. 151 

Attachment assay 152 

Attachment was used as a proxy for biofilm formation and determined using a crystal violet attachment 153 

assay as described before, but in 24-well plates instead of 96-well plates [47]. Briefly, 2 mL LB-medium 154 

was inoculated 1:100 with an overnight-culture of V. cholerae and grown statically for 24 hours. After 155 

24 hours, the bacterial culture was removed, and the plate was gently submerged in filtered water 156 

thrice to remove non-adherent cells. Afterwards, plates were dried for 1 h at 55 °C. To quantify biofilm 157 
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formation, wells were stained with 2 mL of 0.1% crystal violet (CV) for 10 minutes. After staining, the 158 

crystal violet solution was removed, and the plates were again submerged in filtered water to remove 159 

non-adherent dye and left to dry at room temperature. The CV was dissolved from the stained biomass 160 

with 70% ethanol. Finally, the dissolved dye concentration was quantified by measuring absorbance at 161 

595 nm in a Spark® multimode plate reader (Tecan). 162 

Motility on semi-solid agar plates 163 

Colony size on semi-solid agar plates was used as a proxy for motility and was assessed as previously 164 

described [48]. Briefly, semi-solid agar plates were made with 60 mL of LB-media containing 0.3% 165 

agarose in 140 mm diameter petri dishes. 1 μL of cells grown to exponential phase in LB medium was 166 

stabbed into the surface of the swarmer plates with a sterile inoculation loop. The plates were 167 

incubated at 37 °C for 12 hours. Afterwards plates were imaged. To quantify the motility, images was 168 

imported into FIJI and the diameter of each individual swarm was measured in FIJI with the line and 169 

measure function [49]. 170 

Variation analysis and genome comparison 171 

Variation analysis was performed with the variation analysis tool hosted by PATRIC [45]. Mutations 172 

were called using standard settings with BWA-mem-strict and FreeBayes as aligner and snpcaller, 173 

respectively. Mutations called in homopolymeric regions and when comparing the hybrid sequencing 174 

assembled genome from this study (BioProject accession PRJNA1109855) to the paired read library of 175 

Illumina short read sequences also from this study (Table S1) were omitted. Genome comparison was 176 

conducted with progressivMauve [50]. 177 

Fluctuation assays 178 

Wild-type V. cholerae C6706 and N16961 were grown overnight. A dilution series of the overnight 179 

cultures were created and plated onto LB-plate with or without 50 μg/mL rifampicin. After overnight 180 

growth at 37 °C, the rifampicin resistant and the total number (resistant and susceptible) of colonies 181 

were counted. Mutation rate was calculated with the FALCOR web application using the Ma-Sandri-182 

Sarkar Maximum Likelihood Estimator (MSS-MLE) method [51]. The Student 183 
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's t-test was used to determine the significance between observed number of mutational events in 184 

C6706 and N16961 based on 9 biological replicates [52]. 185 

Acid killing assay 186 

Survival in acidic media was determined as previously described [39]. Briefly, two 100 mL LB cultures 187 

were inoculated 1:100 with a starter culture of V. cholerae C6706 and N16961, respectively. The two 188 

cultures were grown to exponential phase and subsequently diluted to OD600 0.0125. These were used 189 

as inoculum into acidic media (LB adjusted to pH 4.6 with 0.1 M HCl). Samples were taken out at time 190 

points 0 min, 25 min, 40 min, and 60 min and CFUs was enumerated by plating on LB agar. Experiment 191 

was performed in biological triplicates. 192 

Bacterial Fitness Measurements 193 

To start the growth curve experiments, overnight cultures were diluted 1:100 into 300 µL LB-medium 194 

and pipetted into a 100-well honeycomb plates (Oy Growth Curves Ab Ltd, Finland). Growth curves 195 

were recorded by measuring optical density at 600 nm (OD600) every four minutes for 24 h at 37 °C 196 

with continuous shaking in a Bioscreen C instrument (Oy Growth Curves Ab Ltd, Finland). Bacterial 197 

fitness was quantified as the area under the curve (AUC) in the growth curves with the flux package in 198 

R [53]. Each biological replicate is always based on three technical replicates. 199 

Cloning of VC1295 for expression and fluorescent microscopy 200 

All primers used in this study are listed in table 2. VC1295 was amplified by PCR with its native promotor 201 

from genomic DNA extracted from V. cholerae N16961 using primer #153 and #154. The PCR was 202 

conducted with Phusion polymerase (New England Biolabs). Afterwards, VC1295 with its native 203 

promotor was cloned onto the pENTRY vector pMaRo1 through a Gibson assembly reaction, which was 204 

conducted at 50 °C for 60 min [54]. The correct sequence was confirmed by Sanger sequencing by 205 

Macrogen Europe using primer #3 and #4 .  206 
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Table 2: Primers used in this study. 207 

No. Name Sequence (5’ to 3’) Ref. 

3 P0003_pEntry_F gatctcgggccccaaataat 

 

[55] 

4 P0004_pEntry_R gcagctggatggcaaataat 

 

[55] 

 

This study 

 

153 P0153_VC1295_F 

 

TTTTATAATGCCAACTTTGTACAAAAAAGCAGGCTgtatcttaacagtattccttgataca 

 

This study 

154 P0154_VC1295_R 

 

TCTTATAATGCCAACTTTGTACAAGAAAGCTGGGTtgcggcatctttaaagtgtgct 

 

This study 

159 P0159_pANG_Ins_F cagtgccaacatagtaagccag This study 

160 P0160_pANG_Ins_R gaagcatttatcagggttattgtctc This study 

 208 

The final vector construct carrying VC1295-mRuby2 under the control of its native promotor was 209 

assembled by a Gateway cloning reaction between the pENTRY vector containing VC1295 and a 210 

pDESTINATION vector carrying mRuby2 [55, 56]. The correct assembly was confirmed by PCR using 211 

primer #159 and #160. This vector was then conjugated into V. cholerae via the intermediate strain 212 

Escherichia coli SM10(λpir) [57].  213 

V. cholerae strain carrying a plasmid expressing VC1295-mRuby2 was grown to exponential phase. 214 

Upon reaching exponential phase, 2 μL of the suspension was spotted on a 1% agarose patched and 215 

imaged with an Deltavision Elite (GE Healthcare) inverted microscope with a Deltavision CMOS camera 216 

and a UPlanFLN 100× PH NA 1.30 phase contrast objective (Olympus). Images were processed with 217 

softWoRx (GE Healthcare), FIJI, and Photoshop CS6 (Adobe) to find focused slide, crop the area of 218 

interest and adjust levels [49]. 219 

  220 
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Results 221 

Building a circularized V. cholerae C6706 genome 222 

We created a closed circularized genome for V. cholerae C6706 with a hybrid sequencing approach 223 

that combines both long- and short-read sequencing technology [43]. Long-read sequencing with 224 

PacBio sequencing yielded 504,131 subreads with a mean length of 6,801 base pairs generating a total 225 

of 1.89x10^9 bases. The assembly yielded two contigs totaling 4,090,295 bp, with an average read 226 

depth of 444x. Short-read sequencing using Illumina technology generated a total of 15,841,698 reads, 227 

with an average length of 151 base pairs, resulting in an average read depth of 585x. The resulting 228 

genome consists of two closed, circular chromosomes of 3,019,923 and 1,070,364 base pairs, 229 

respectively. Genome quality evaluation hosted by PATRIC [45] confirmed the assembled genome’s 230 

completeness at 100%, with a minimal contamination of 0.6 %. Additionally, the genome sequence is 231 

of high quality, with coarse and fine consistency values reaching 99.9% and 99.5 %, respectively (Table 232 

3) [58]. Automatic annotation with the Rapid Annotation and Subsystem Technology (RAST), hosted 233 

by PATRIC, yielded 3,788 coding sequences (CDS) [44, 45]. To increase usability, every CDS in the C6706 234 

genome has also been linked to the corresponding CDS in V. cholerae N16961 by searching for 235 

homologues by BLAST (Table S2).   236 
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Table 3: Sequencing and genome assembly metrics and genome quality control. 237 

 238 

  239 

Table 3. Sequencing and genome assembly metrics and genome quality control 

PacBio sequencing   

Subreads 504,131 

Subreads mean length (bp) 6,801 

Total reads (bp) 1.89 x 109 

Assembly   

2 contigs total (bp) 4,090,295 

Average read depth 444x 

Illumina sequencing   

Reads total  15,841,698 

Mean length (bp) 151 

Average read depth 585x 

RAST   

Completeness (%) 100 

Coarse consistency (%) 99.9 

Fine consistency (%) 99.5 

Contamination (%) 0.6 
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 240 

Figure 1: Genetic maps of chromosome 1 and 2 of V. cholerae C6706. 241 

Maps of chromosome 1 and 2 of V. cholerae C6706. Each grey bar represents a coding sequence (CDS), 242 

pink bar represents tRNAs, green bars represent rRNAs and orange bars represent repeat regions. 243 

Important mobile genetic elements (“regions”) are underlined in blue. Maps were created with 244 

CGView [59, 60].   245 
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V. cholerae C6706 carries multiple genetic changes compared to N16961 246 

The V. cholerae El Tor variant C6706 is a commonly used strain by researchers and represents the wild-247 

type in many studies [13, 17, 18, 61, 62]. For a long time, only the genome of V. cholerae N16961, 248 

another El Tor isolate, was available [7] and researchers have used and are still using it as the de facto 249 

reference genome [13–18] despite potential differences between the El Tor variants [4, 9, 10]. To 250 

identify the genetic differences between V. cholerae C6706 and N16961, we conducted a genome 251 

comparison and a variant analysis. The paired read library of Illumina short read sequences from our 252 

hybrid sequencing of V. cholerae C6706 was used as input. The updated closed genome of V. cholerae 253 

N16961 (GenBank accession numbers: LT906614, LT906615; PATRIC Genome ID: 243277.254) was 254 

used as reference genome. This identified 76 differences, which included 6 deletions, 3 insertions and 255 

67 point mutations. Of the 67 point mutations, there were 44 nonsynonymous mutations and 23 256 

synonymous mutations (Table S3). A genome comparison of V. cholerae C6706 and N16961, 257 

showcased that C6706 also contained the WASA-1 prophage specific to the West African–South 258 

American (WASA) clade of V. cholerae isolates, which is not present in N16961 [4, 63]. Similar to what 259 

has been observed in other V. cholerae strains, chromosome 1 contained a large inversion (Fig. S1) [64, 260 

65]. Comparison to previously sequenced V. cholerae C6706 showcased that the inversion varied 261 

between assemblies (Fig. S2).  Finally, C6706 contained a different variant of the Vibrio seventh 262 

pandemic island II (VSP-2), which differs from N16961 in the region encompassing VC0511-VC0515 [4, 263 

66, 67]. Overall, the genomes of C6706 and N16961 are very similar except for the two 264 

abovementioned mobile genetic elements and inversion in chromosome 1.  265 

 Several of the identified mutations in C6706 were located in genes previously linked to 266 

important biological functions, such as biofilm formation, motility, quorum sensing, genome stability 267 

and repair, and acid tolerance (Table 4). Among the mutated genes was the previously published point 268 

mutation (Gly333Ser) in LuxO, which induces a deficiency in quorum sensing (QS) that locks V. cholerae 269 

into the same state it assumes under low cell density conditions [30]. We also found multiple mutations 270 

in c-di-GMP-metabolizing genes, potentially affecting the c-di-GMP turnover of V. cholerae C6706 271 
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relative to N16961. This included a frameshift mutation in VC1295, a HD-GYP-domain protein predicted 272 

to degrade c-di-GMP [68]. In addition, we identified mutations in genes coding for proteins important 273 

for flagellar function and chemotaxis. Lastly, we identified mutations in CadB, an enzyme crucial for 274 

acid adaptation in several enteric pathogens and RecA, which is essential for the SOS response, DNA 275 

repair, and mutagenicity in bacteria [39, 41, 69–71].  276 

Our genetic comparison of V. cholerae C6706 and N16961 identified a selection of mutations 277 

likely affecting the physiology and adaptability of these strains. To understand the role of these 278 

mutations, we employed phenotypic assays to accurately quantify differences in key bacterial 279 

phenotypes between V. cholerae C6706 and N16961.   280 



17 
 

Table 4: Selected genes with changes from N16961 to C6706. 281 

Gene 
accession 
number 
N16961 

Gene 
accession 
number 
C6706 

Nucleotide 
change 

Amino acid 
change 

Gene 
name 

Function Cellular process 

VC0280 VCC2568 C686T Thr229Ile cadB Lysine/cadaverine 
antiporter 
membrane protein 
CadB 

Acid adaptation 

VC0543 VCC2308 A914G Tyr305Cys recA RecA protein Stress response 

VC0543 VCC2271 217_218insT* Val74fs# hapR Quorum-sensing 
regulator of 
virulence 

Quorum sensing 

VC0653 VCC2204 T1664C Val555Ala rocS Diguanylate cyclase / 
phosphodiesterase  

c-di-GMP 
signaling 

VC1021 VCC1859 G997A Gly333Ser luxO LuxO global quorum 
sensing regulator 

Quorum sensing 

VC1295 VCC1597 
/1598 

1153delT$ Phe385fs n/a c-di-GMP 
phosphodiesterase 
(HD-GYP domain) 

c-di-GMP 
signaling 

VC1399 VCC1499 837_838insA Gly279_ 
Lys280fs 

cheR Chemotaxis protein 
methyltransferase 
CheR 

Motility/ 
chemotaxis 

VC1653 VCC1185 C1675T His559Tyr vieS Response regulator  
VieS 

c-di-GMP 
signaling 

VC1967 VCC0880 A277G Thr93Ala n/a Methyl-accepting 
chemotaxis 
sensor/transducer 
protein 

Motility/ 
chemotaxis 

VC2191 VCC0672 C863T Pro288Leu flgK Flagellar hook-
associated protein 
FlgK 

Motility/ 
chemotaxis 

VC2208 VCC0655 G283A Ala95Thr flgT Flagellar protein FlgT Motility/ 
chemotaxis 

VC2338 VCC0536 C1237T Leu413Phe lacZ Beta-galactosidase Metabolism 

VCA0557 VCCA0844 A926G Asp309Gly n/a Diguanylate cyclase c-di-GMP 
signaling 

VCA0931 VCCA0133 G1207A Ala403Thr n/a c-di-GMP 
phosphodiesterase  
(HD-GYP domain) 

c-di-GMP 
signaling 

VCA1084 VCCA0275 G339A Met113Ile lapB Type I secretion 
system ATPase, LssB 
family LapB 

Type II secretion 
systems 

* “ins” indicates an insertion between the two given positions within a gene. 282 
# “fs” indicates a frame shift after the first amino acid that is affected by the change. 283 
$ “del” indicates a deletion of the indicated base at the indicated position. 284 

  285 
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Mutation rate is increased in V. cholerae C6706 286 

The recA gene codes for a protein essential for DNA repair and has been shown to affect the 287 

mutagenicity of bacteria [69, 70, 72]. The A914G substitution identified in C6706 is a missense 288 

mutation that results in a tyrosine-to-cysteine change at position 305 in the C-terminal domain of RecA 289 

[73]. To assess whether this mutation affects the mutation rate in V. cholerae C6706, we quantified 290 

the mutation rate and number of mutations per culture (m) with a rifampicin fluctuation assay [74]. 291 

The mutation rate and m were calculated using the FALCOR web application, employing the Ma-Sandri-292 

Sarkar Maximum Likelihood Estimator (MSS-MLE) method [50]. The mutation rate was higher in V. 293 

cholerae C6706 (7.85x10-9) compared to N16961 (5.65x10-9) (Fig. 2A) and we observed a significant 294 

increase in mutations per culture (m) in V. cholerae C6706 (39.3) compared to N16961 (18.2) (p = 295 

0.0236 in two-tailed t-test comparing the natural logarithm of m of C6706 and N1691) (Fig. 2B). We 296 

did not identify any additional mutations in genes predicted to be involved in genome stability and 297 

repair. This suggests that the observed difference in mutation rates could stem from functional 298 

differences in the RecA variants. 299 

  300 
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  301 

Figure 2: V. cholerae C6706 has a higher mutation rate than N16961. 302 

Comparison of mutation rate and the natural logarithm of number of mutations per culture [ln(m)] of 303 

V. cholerae C6706 and N16961 measured with a rifampicin fluctuation assay [51][51](A) Mutation rate 304 

of V. cholerae C6706 and N16961. (B) Ln(m) of V. cholerae C6706 and N16961. Bars depict the means 305 

based on nine biological replicates. Error bars represent the 95% confidence intervals. Statistical 306 

significance was tested using an unpaired two-tailed T-test, *, p<0.05.  307 

308 
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V. cholerae C6706 and N16961 have similar tolerance to acidic conditions  309 

To understand the impact of the point mutation in cadB (Thr229Ile), we compared the acid tolerance 310 

of V. cholerae C6706 and N16961. Both strains were exposed to a pH of 4.6 in LB medium and CFUs 311 

were enumerated over time (Fig. 3). The two strains did not grow in pH 4.6. Instead, CFUs declined 312 

over time, indicating cell death. There was no significant survival difference between V. cholerae C6706 313 

and N16961 in acid at any time point (p = 0.4-0.9, two-tailed T-test), indicating that the observed 314 

mutation in cadB does not significantly affect the acid tolerance of V. cholerae C6706.  315 

 316 

Figure 3. Both V. cholerae strains, C6706 and N16961, are equally sensitive to acid. 317 

CFU per mL measurements over time of V. cholerae C6706 and N16961 exposed to pH 4.6 in LB 318 

medium. The dots represent the mean of three biologically independent replicates and error bars 319 

indicate the standard deviation. Statistical significance was tested using a two-tailed T-test for each 320 

individual time point; non-significant (ns), p>0.05.  321 
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Biofilm formation and motility differ between V. cholerae C6706 and N16961 322 

V. cholerae C6706 harbored multiple genetic changes in genes predicted to regulate biofilm formation 323 

and motility, including several c-di-GMP-associated genes, luxO, and multiple proteins involved in 324 

flagellar function and chemotaxis (Table 4). In bacteria, biofilm formation and motility are often 325 

inversely regulated, where increasing biofilm formation leads to decreased motility and vice versa [35, 326 

36, 75, 76]. To investigate if the sum of these genetic changes affected biofilm formation and motility 327 

in V. cholerae C6706 and N16961, we quantified these phenotypes. As already stated, N16961 contains 328 

a non-functional hapR due to a frameshift mutation that locks it in a low cell density QS-state, 329 

independent of the actual cell density [7, 30, 31]. This defective QS is known to affect biofilm formation 330 

and motility [22, 28]. The strain of V. cholerae C6706 sequenced in this study is locked in the same QS-331 

state, but due to a different mutation in luxO [30]. To compare N16961 to the naïve, QS-proficient 332 

C6706 we also included a variant with harboring wild-type luxO [22]. We conducted a variant analysis 333 

to identify genetic differences between QS-proficient C6706 (GenBank accession numbers: CP064350, 334 

CP064351; PATRIC Genome ID: 948564.8) sequenced by Weng et al. [11] and QS-deficient C6706 335 

(BioProject accession PRJNA1109855) strains, which did not reveal any additional mutations other than 336 

the expected G997A in luxO (Table S4). 337 

The QS-deficient variant of V. cholerae C6706 formed 85% and 53% more biofilm compared to 338 

QS-proficient variant of V. cholerae C6706 and QS-deficient N16961, respectively (Fig. 4A, one-way 339 

ANOVA, p<0.0001). In addition, N16961 formed 20% more biofilm compared to the QS-proficient 340 

variant of C6706 (Fig. 4A, one-way ANOVA, p<0.01). The QS-deficient V. cholerae C6706 exhibited 14% 341 

lower motility compared to V. cholerae N16961 (Fig. 4B, one-way ANOVA, p<0.0001). In contrast, QS-342 

deficient C6706 exhibited a 12% increase in motility compared to QS-proficient C6706 (Fig. 4B, one-343 

way ANOVA, p<0.0001). To ensure that the differences in biofilm formation and motility were not due 344 

to large variations in bacterial fitness, we recorded growth curves. Comparisons of these curves 345 

revealed small differences in the area under the curve. Although these differences were statistically 346 

significant, the resulting minor changes in relative fitness (QS-deficient C6706: 1.00, N16961: 0.96, QS-347 
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proficient C6706: 1.03) are unlikely to account for the substantial differences observed in biofilm 348 

formation and motility (Fig. 4C, Table S5). 349 

QS-deficient C6706 and N16961 had inverse behavior when comparing biofilm formation and 350 

motility, where the strain with the highest level of biofilm formation had the lowest motility. In 351 

contrast, QS-proficient V. cholerae C6706 did not exhibit this pattern and had both the lowest biofilm 352 

formation and the lowest motility out of the three strains. The observed differences in biofilm 353 

formation and motility between the QS-proficient and QS-deficient variants of V. cholerae C6706 are 354 

likely due to differences in QS-state, as QS is known to impact biofilm formation and motility [22, 28]. 355 

The same explanation could explain the differences between QS-proficient and N16961. However, the 356 

QS-deficient variant of V. cholerae C6706 and N16961 are locked in the same low cell density state. 357 

Therefore, the difference in biofilm formation and motility between these two strains is likely not 358 

mediated by differences in QS-state, but caused by additional mutations (e.g., mutations in the c-di-359 

GMP signaling system or flagellar protein).  360 
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 361 

 362 

Figure 4: V. cholerae biofilm formation and motility. 363 

Comparison of the capacity to form biofilms, motility on semi-solid agar plates, and growth of the 364 

naturally QS-deficient N16961, a laboratory acquired QS deficient C6706 (QS- C6706), and a naturally 365 

QS proficient C6706 (QS+ C6706). (A) Relative biofilm formation normalized to QS- C6706 after static 366 

growth at 37 °C for 24 hours in 24-well plates. The bars represent the mean of eight (QS- C6706 and 367 

N16961) or seven (QS+ C6706) biological replicates and the error bars indicate the 95% confidence 368 

interval. Statistical significance was tested using a one-way ANOVA followed by Tukey’s multiple 369 

comparisons tests. **, p<0.01; ****, p<0.0001. (B) Relative motility normalized to QS- C6706 after 370 

growth on semi-solid agar for 12 hours. The bars represent the mean of four biological replicates and 371 

the error bars indicate the 95% confidence interval. Statistical significance was tested using a one-way 372 

ANOVA followed by Tukey’s multiple comparisons tests. ****, p<0.0001. (C) Growth curves of N16961, 373 

QS-deficient V. cholerae C6706, and QS-proficient C6706 measured as OD600 over time.  374 
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Altered c-di-GMP signaling and QS shape biofilm and motility in V. cholerae strains C6706 vs. 375 

N16961 376 

Comparison of N16961, QS-deficient V. cholerae C6706, and QS-proficient C6706 indicated that QS was 377 

not the sole cause of the observed differences in biofilm formation and motility. We therefore wanted 378 

to investigate whether variations in the c-di-GMP signaling system, particularly the frameshift 379 

mutation in the putative c-di-GMP-degrading protein VC1295, contributed to the observed phenotypic 380 

differences. First, we investigated the expression of VC1295 under the control of its native promotor. 381 

In agreement with Koestler et al. [77] and McKee et al. [68] fluorescence microscopy demonstrated 382 

that VC1295 was expressed and translated in V. cholerae C6706 (Fig. 5A). Furthermore, the protein 383 

was correctly translocated to its expected subcellular compartment in the cell membrane.  384 

V. cholerae N16961 contains a functional copy of VC1295 and is naturally QS deficient. 385 

Therefore, we next investigated biofilm formation and motility in N16961 harboring an empty control 386 

vector (N16961 pCTRL) and QS-deficient V. cholerae C6706 expressing either a plasmid-born VC1295 387 

(QS- C6706 pVC1295) or an empty control vector (QS- C6706 pCTRL). Comparing QS-deficient V. 388 

cholerae C6706 harboring pVC1295 with N16961 harboring pCTRL, the two strains displayed identical 389 

biofilm formation (Fig. 5B), while QS- C6706 pVC1295 demonstrated a 12% increase in motility 390 

compared to N16961 pCTRL (Fig. 5C). This indicates that the plasmid-borne VC1295 can complement 391 

the frameshifted genomic VC1295. Therefore, VC1295 seemed to be expressed and enzymatically 392 

active under the tested biofilm and motility assay conditions, and the frameshift mutation in VC1295 393 

in V. cholerae C6706 seems to contribute to the differences in biofilm formation and motility between 394 

C6706 and N16961.  395 

 396 



25 
 

 397 

Figure 5: VC1295 is expressed in V. cholerae C6706, inhibits biofilm formation, and increases motility. 398 

(A) Fluorescent images of V. cholerae C6706 expressing VC1295 fused to a C-terminal mRuby2 on a 399 

medium-copy number plasmid under control of its native promoters in exponential growth phase (QS- 400 

C6706 pVC1295). A phase contrast (PC), a corresponding fluorescence (mRuby2) image, and an overlay 401 

of both images (merged) are shown. (B) Biofilm formation of QS- C6706 pCTRL, N16961 pCTRL and QS- 402 

C6706 pVC1295 normalized to QS- C6706 pCTRL after static growth at 37 °C for 24 hours in 24-well 403 

plates (n = 12). (C) Motility of the same strains test in (B) after growth on semi-solid agar at 37 °C for 404 

12 hours (n ≥ 6). The bars represent the mean and the error bars represent the 95% confidence interval. 405 

Statistical significance was tested using a one-way ANOVA- followed by Dunnet multiple comparison 406 

correction . *, p<0.05, ****, p<0.0001.  407 
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Discussion 408 

In this study, we have assembled a high-quality, carefully annotated genome of V. cholerae C6706 and 409 

employed it to conduct a genetic and phenotypic comparison of V. cholerae C6706 and N16961. 410 

Assessment of genome quality in our assembled genome, aligned well with the criteria suggested by 411 

Parello et al. [58] for defining a high-quality genome with low contamination score (0.6%), fine 412 

consistency score of 99.5% and a completeness score of 100%. A genetic comparison demonstrates 413 

how these strains, isolated from different outbreaks in the 7th pandemic, carry mutations that alter 414 

their physiology. Indeed, when comparing our assembled C6706 genome with the genome of N16961, 415 

we identified multiple mutations in genes with potential to affect V. cholerae biology (Table 4). One 416 

set of striking differences were the multiple mutations in enzymes metabolizing c-di-GMP, a well-417 

known regulator of biofilm and motility in bacteria [35–37]. In addition, we observed mutations in 418 

genes involved in acid stress, stress response and genome stability, flagellum biosynthesis, and 419 

chemotaxis. Comparison of our genome to previously assembled genomes of V. cholerae C6706 only 420 

identified the known laboratory-acquired mutation in luxO [11, 30]. However, a large inversion in 421 

chromosome 1 had occurred (Fig. S1-2), which seems to occur intermittently in V. cholerae 7th 422 

pandemic strains, as this has occurred in multiple V. cholerae model strains [10, 64, 65]. Importantly, 423 

a previous study did not find any fitness costs associated with large inversions in chromosome 1 [64].  424 

To better understand if these mutations really affect the biology of V. cholerae C6706, we 425 

quantified selected phenotypes. Firstly, this revealed a difference in mutation rate between the two 426 

strains (Fig 1), which could potentially be attributed to a point mutation (C305Y) in RecA. This is a 427 

ubiquitous recombinase conserved throughout the bacterial kingdom, which evolves with a slow speed 428 

[73, 78, 79]. The protein is involved in multiple important cellular processes including the SOS-429 

response, genome stability and repair, and homologous recombination [69–72]. An increased 430 

mutation rate can be beneficial in some circumstances as it has been shown to accelerate evolution 431 

and increases the rate of adaptation [80–82]. 432 
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The most striking phenotypic differences between the strains were differences in biofilm 433 

formation and motility (Fig 4A-B). QS-deficient V. cholerae C6706 formed increased biofilms and larger 434 

colonies on semi-solid agar plates compared to the QS-proficient C6706. These findings are in line with 435 

the current literature that QS inhibits both motility and biofilm formation [22, 28]. Prior studies have 436 

demonstrated that QS regulates biofilm formation through control of multiple c-di-GMP-metabolizing 437 

genes [27, 28, 32–34, 83]. Typically, c-di-GMP regulates motility and biofilm formation inversely, i.e., 438 

high c-di-GMP concentrations increase biofilms and decrease motility, while low c-di-GMP 439 

concentrations do the opposite [35–37]. How QS inhibits both biofilm formation and motility at the 440 

same time in V. cholerae remains unclear. In certain cases, specific c-di-GMP-metabolizing enzymes 441 

asymmetrically regulate both biofilm formation and motility [35, 84]. Consequently, quorum sensing 442 

might influence c-di-GMP-degrading enzymes that primarily inhibit biofilm formation without 443 

necessarily promoting increased motility. Alternatively, additional signaling pathways could also be 444 

involved, thereby modulating biofilm formation or motility independently of c-di-GMP.  445 

V. cholerae N16961 exhibited higher motility than both variants of C6706 (Fig. 4B). This is in 446 

agreement with a previous study that showed that V. cholerae N16961 had increased motility 447 

compared to South-American V. cholerae isolates closely related to C6706 [85]. In addition to increased 448 

motility due to QS-deficiency, this could come from an altered c-di-GMP metabolism with decreased 449 

levels of c-di-GMP in V. cholerae N16961, e.g., due to the presence of a functional copy of the putative 450 

c-di-GMP-degrading enzyme VC1295. Alternatively, the genetic differences in multiple flagellar and 451 

chemotaxis-related proteins could also contribute to the observed difference in motility.  452 

Interestingly, QS-deficient V. cholerae C6706 formed more biofilm and had lower motility 453 

compared to N16961 even though they should both be locked in the same QS-state (Fig. 4)[30]. This 454 

indicates that additional signaling pathways other than QS are mediating the observed phenotypic 455 

differences. The inverse effect on biofilm formation and motility resembles the effect of increased 456 

levels of c-di-GMP [35–37]. While some c-di-GMP-metabolizing enzymes in V. cholerae are known to 457 

be regulated by QS, many of them are seemingly regulated independently of QS [32, 83, 86]. Therefore, 458 
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we hypothesized that the differences between QS-deficient C6706 and N16961 could be due to 459 

differences in the strains’ QS-independent c-di-GMP signaling systems. Indeed, V. cholerae C6706 460 

contains multiple mutations in putative c-di-GMP-metabolizing enzymes (Table 4). This includes a 461 

frameshift mutation in VC1295, a functional c-di-GMP-degrading enzyme [68]. Indeed, expression of a 462 

functional copy of VC1295 in QS-deficient C6706 reversed the observed differences in biofilm 463 

formation and motility (Fig. 5B-C), indicating that the observed differences were at least partly due to 464 

differences in c-di-GMP-metabolism between the strains. Although, the difference could also be due 465 

to additional QS-related signaling pathways as V. cholerae C6706 and N16961 contain different 466 

mutations, LuxO and HapR, respectively, in the quorum sensing signaling pathway. Even though the 467 

mutations lead to the same QS-state, we cannot exclude that they have additional confounding 468 

downstream effects. Altogether, the results of this work are consistent with a model where the 469 

observed differences in biofilm formation and motility are due to a combination of effects from QS and 470 

c-di-GMP signaling.  471 

V. cholerae N16961 and QS-proficient V. cholerae C6706 exhibited differences in biofilm 472 

formation and motility, and the difference in motility exceeded biofilm formation (Fig. 4A-B). In QS-473 

proficient V. cholerae C6706, this might be attributed to QS-mediated repression of biofilm formation 474 

[28, 32, 34, 83]. In addition, it harbors a frameshift mutation in the active c-di-GMP-degrading enzyme 475 

VC1295 (Table 4) [68]. This leads to putatively increased c-di-GMP levels and increased biofilm 476 

formation, which could partially balance out the QS-mediated biofilm repression (Fig. 4A). N16961 477 

lacks QS-mediated biofilm repression, but also lacks the frameshift mutation in VC1295. For motility, 478 

the QS-state and c-di-GMP levels of QS-proficient V. cholerae C6706 would both act to repress motility 479 

(Fig. 4B) [22, 36, 87]. In contrast, the QS-state and putatively lower c-di-GMP levels of V. cholerae 480 

N16961 would both promote motility (Fig. 4B) [22, 36, 87]. Therefore, the observed differences in 481 

biofilm formation and motility are consistent with the identified genetic changes between V. cholerae 482 

C6706 and N16961 (Table 4). 483 
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In conclusion, our study offers a genomic analysis of V. cholerae C6706, utilizing a hybrid 484 

sequencing approach. This yielded a high-quality genome of V. cholerae C6706, which we carefully 485 

annotated and cross referenced to N16961. We believe that this will be a valuable resource for the 486 

scientific community and represents an improvement of the previous version of the V. cholerae C6706 487 

genome [11]. By characterizing genotypic and phenotypic differences between V. cholerae C6706 and 488 

N16961, we have uncovered potential targets of adaptive evolution in the 7th cholera pandemic. 489 

Furthermore, the comparison of biofilm formation and motility between V. cholerae C6706 and 490 

N16961, sheds further light on the complex interplay of factors regulating biofilm formation and 491 

motility in V. cholerae 7th pandemic strains.   492 
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Abstract

The evolutionary relationship between the biofilm lifestyle and antibiotic resistance enzymes remains a subject of limited un
derstanding. Here, we investigate how β-lactamases affect biofilm formation in Vibrio cholerae and how selection for a bio
film lifestyle impacts the evolution of these enzymes. Genetically diverse β-lactamases expressed in V. cholerae displayed a strong 
inhibitory effect on biofilm production. To understand how natural evolution affects this antagonistic pleiotropy, we randomly 
mutagenized a β-lactamase and selected for elevated biofilm formation. Our results revealed that biofilm evolution selects for β- 
lactamase variants able to hydrolyze β-lactams without inhibiting biofilms. Mutational analysis of evolved variants demonstrated 
that restoration of biofilm development was achieved either independently of enzymatic function or by actively leveraging en
zymatic activity. Taken together, the biofilm lifestyle can impose a profound selective pressure on antimicrobial resistance en
zymes. Shedding light on such evolutionary interplays is of importance to understand the factors driving antimicrobial resistance.
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Significance
β-Lactamases inhibit biofilm formation, and the selection for increased biofilm production can mitigate this antagonistic 
pleiotropic effect. The emergence of β-lactamase variants avoiding biofilm inhibition suggests that the biofilm lifestyle 
affects the evolutionary fate of these enzymes.

Key words: Vibrio cholerae, β-lactamases, evolution, AMR, biofilm.

Introduction
Biofilms, which are structured bacterial communities cov
ered in a protective extracellular matrix, represent one of 
the most prevalent bacterial lifestyles (Flemming et al. 
2016; Ciofu et al. 2022). Biofilm-embedded bacteria dem
onstrate a remarkable ability to endure harsh conditions 
and exhibit increased tolerance toward external stressors, 
including antimicrobials (Flemming et al. 2016; Ciofu 
et al. 2022). These structured communities further serve 
as hotspots that facilitate the dissemination of mobile gen
etic elements harboring antimicrobial resistance genes 
(Madsen et al. 2012; Abe et al. 2020; Castañeda-Barba 
et al. 2023). It has been shown that a biofilm lifestyle can 
select for distinct evolutionary trajectories and profoundly 
influences the evolution of both bacteria and mobile genet
ic elements, when compared to bacteria evolving in un
structured environments (Steenackers et al. 2016; Kovács 
and Dragoš 2019; Coenye et al. 2022; Castañeda-Barba 
et al. 2023). However, our current understanding of how 
biofilms influence the evolution of antimicrobial resistance 
enzymes is limited.

Upon acquisition, plasmid-harbored genes can induce 
pleiotropy, resulting in unpredictable effects on multiple 
cellular traits such as reduced basal bacterial growth or col
lateral responses to antimicrobials (Baltrus et al. 2021; 
Billane et al. 2021; Roemhild et al. 2022). Consequently, 
pleiotropy plays a pivotal role in shaping natural selection 
in a given environment, potentially requiring compensatory 
mutations to counteract these adverse effects.

Among Gram-negative pathogens, the most prominent 
cause of β-lactam resistance is the production of 
β-lactamases (Cassini et al. 2019). These enzymes display 
significant sequence- and functional-variability and are of
ten encoded on mobile genetic elements, which facilitates 
horizontal transmission to closely and more distantly re
lated bacteria (Castañeda-Barba et al. 2023). They can be 
classified into Ambler classes A to D based on sequence di
versity or grouped into 2 major functional categories: 
serine-type (classes A, C, and D) and metallo-β-lactamases 
(class B) (Bush 2018). Enzymes grouped into classes A and 
D have been shown to antagonize biofilm formation in 
Escherichia coli and Pseudomonas aeruginosa (Gallant 
et al. 2005; Fernández et al. 2012). We hypothesize that 
the occurrence of such pleiotropic effects can significantly 

alter the evolutionary trajectory of the pleiotropy-inducing 
resistance enzymes.

In this study, we utilize Vibrio cholerae as a model organ
ism, due to the importance of biofilm in its life cycle, to 
study the impact of β-lactamases on biofilm formation 
(Teschler et al. 2015; Conner et al. 2016; Silva and 
Benitez 2016; Teschler et al. 2022). We employed a com
bination of directed and experimental evolution techniques 
(Fig. 1a) to evaluate how selection for pellicle production, a 
specific type of biofilm formed at the air-liquid interface, in
fluences the evolutionary trajectories of β-lactamases 
(Kovács and Dragoš 2019; Qin et al. 2021; Qin and 
Bassler 2022). Gaining insights into these intricate evolu
tionary relationships is essential for comprehending the dis
semination and evolution of antimicrobial resistance 
enzymes.

Results and Discussion

β-Lactamases From All Ambler Classes Inhibit Biofilm 
Formation

To determine the inhibitory effect of β-lactamases on 
biofilm formation, we quantified biomass produced by 
V. cholerae strains harboring a medium copy number vec
tor with or without β-lactamase genes (Fig. 1a and b). 
Crystal violet staining of adherent biomass after 24 h of sta
tic growth was used as a proxy for biofilm development. 
Compared to the control vector, 7 out of 8 tested 
β-lactamase-producing strains exhibited a significant re
duction in biomass ranging from 43% to 61% (Table 1
and Fig. 1b, one-way analysis of variance [ANOVA], P <  
0.0001). Notably, NDM-1 was the only exception, showing 
a statistically nonsignificant reduction of 17% (Table 1 and 
Fig. 1b, one-way ANOVA, P > 0.05). While it has been pre
viously suggested that biofilm inhibition is mainly attributed 
to class A and D β-lactamases, due to their evolutionary re
lationship to low-molecular-weight penicillin-binding pro
teins (Gallant et al. 2005; Fernández et al. 2012), our 
data demonstrate that this antagonistic pleiotropy can be 
more general across the different classes of β-lactamases.

To ensure that the expressed β-lactamases were func
tional, we determined the ampicillin resistance and bacter
ial fitness of the β-lactamase-producing strains. Our data 
show that the β-lactamases conferred a 6- to 64-fold 
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decrease in ampicillin susceptibility compared to our vector 
control, confirming the functional activity of the enzymes 
(Table 1). Evaluation of the area under the growth curve, 
used as a proxy for bacterial fitness, uncovered that 7 out 
of 8 β-lactamase-producing strains did not suffer a 

detrimental effect on fitness (Table 1, supplementary fig. 
S1, Supplementary Material online, and supplementary 
table S1, Supplementary Material online). Unexpectedly, 
the TEM-1-producing strain demonstrated reduced fitness 
(20%) compared to the empty vector control strain. The 

FIG. 1.—Biofilm lifestyle shapes the evolution of β-lactamases in V. cholerae. a. We first explored the influence of β-lactamase gene expression on the 
V. cholerae biofilm phenotype (left). Second, by subjecting a mutant library of KPC-2 to experimental evolution, we revealed how the biofilm lifestyle affects 
β-lactamase evolution (right). b. The expression of β-lactamase genes from Ambler classes A to D (top) significantly hindered biofilm formation in V. cholerae 
compared to the control vector. c. Our mutational library of KPC-2 (>5,000 mutants) exhibited significantly enhanced biofilm formation compared to wild- 
type KPC-2 (wtKPC-2) (****; one-way ANOVA, P < 0.0001), although it remained less than the vector control (**; one-way ANOVA, P = 0.001). 
d. Differences in biomass production related to V. cholerae’s ability to form pellicles. While our control displayed signs of pellicle formation after 24 h incu
bation, the presence of KPC-2 completely suppressed biofilm pellicle development. In contrast, the presence of our KPC-2 mutational library resulted in a 
well-structured biofilm pellicle. e. While wtKPC-2 led to reduced biofilm capacity, N136K and Δ1-48/N136D/M152I/L167P, which were selected from and 
were enriched in the pellicle, demonstrated significant improvement in biofilm formation (P values reported in Table 2). β-Lactam binding-deficient 
(serine-to-alanine at position 70) variants of wtKPC-2 and Δ1-48/N136D/M152I/L167P strongly reduced the biofilm phenotype. On the contrary, S70A/ 
N136K maintained high levels of biofilm formation compared to the evolved variant N136K. Deconvolution of mutations within Δ1-48/N136D/M152I/ 
L167P displayed that, in contrast to N136D and L167P, the deletion Δ1-48 did not significantly increase biofilm formation compared to wtKPC-2 (P values 
reported in Table 2). f. Location of mutational sites compared to the key active site residues S70 and E166. g. Pearson correlation (R² = 0.63, P = 0.059) be
tween ampicillin resistance and biofilm formation for wtKPC-2 (black), control (gray), and evolved mutants Δ1-48/N136D/M152I/L167P, N136K, N136D, and 
L167P (blue). Each datapoint in b, c, and e represents a biological replicate, and error bars display 95% confidence intervals.
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same strain conferred only a 6-fold increase in ampicillin 
minimal inhibitory concentration (MIC), despite the overall 
high catalytic activity of TEM-1 (kcat/KM ∼107 M−1 s−1) 
(Brown et al. 2009). Therefore, in the case of TEM-1, it 
cannot be excluded that the observed mediated biofilm 
inhibition was unrelated to the intracellular enzyme pro
duction. However, correlation analysis of the relationship 
bacterial fitness of all β-lactamase-producing strains and 
their ability to produce biofilms did not reveal any signifi
cant correlation (Pearson correlation, R² = 0.15, P = 0.31; 
supplementary fig. S1, Supplementary Material online). 
Thus, the overall antagonization of biofilms mediated by 
β-lactamases was likely not attributable to nonfunctional 
proteins or detrimental effects on bacterial fitness but ap
peared to be connected to their enzymatic activity.

The Biofilm Lifestyle Shapes the Evolution of 
β-Lactamases

To understand whether genetic changes within 
β-lactamases could modulate biofilm formation, we fo
cused on the contemporary β-lactamase KPC-2 (wtKPC-2), 
as it conferred a strong biofilm inhibitory effect, and 
employed random mutagenesis as a mean to generate gen
etic diversity (Fig. 1a). Expression of the gene library in 
V. cholerae significantly improved biofilm formation, result
ing in higher biomass (OD595) compared to the wtKPC-2 
(Fig. 1c, one-way ANOVA, P < 0.0001). Improvements 
were also evident in the strains’ ability to form biofilm pelli
cles (Fig. 1d). The presence of wtKPC-2 completely sup
pressed pellicle formation, while both the control and 
mutant library formed visible biofilm pellicles at the air-liquid 
interface. Thus, our results indicate that the library harbors 

blaKPC-2 mutants able to compensate for the initial biofilm 
antagonization.

To identify potential variants displaying compensatory 
behavior, we harvested the biofilm pellicles formed by the 
library population-mix (n = 2) and isolated 12 random 
clones. Sanger sequencing revealed that 33% of the se
lected clones contained mutations within KPC-2 at position 
136 (N136K and N136D), indicating strong selection for 
pellicle production and parallel evolution. The clone 
displaying N136D also exhibited additional amino acid sub
stitutions (M152I/L167P) and a deletion which led to a 
frameshift mutation (supplementary fig. S2, Supplementary 
Material online). This frameshift resulted in the loss of the 
first 48 amino acids, including the signal peptide, and the re
cruitment of an alternative methionine start codon at pos
ition 49 (Δ1-48/N136D/M152I/L167P) (supplementary fig. 
S2, Supplementary Material online).

To remove the effect of potential confounding mutations 
on the vector backbone and chromosome, we subcloned 
N136K and Δ1-48/N136D/M152I/L167P into an isogenic 
vector backbone and assayed biofilm formation. N136K 
and Δ1-48/N136D/M152I/L167P displayed 68% and 
107% higher biomass relative to wtKPC-2, respectively 
(one-way ANOVA, P < 0.0001 and P = 0.0008; Table 2
and Fig. 1e). To deconvolute the contributions from the dif
ferent mutations in the Δ1-48/N136D/M152I/L167P vari
ant, we selected and constructed variants displaying either 
loss of the signal peptide (Δ1-48) or mutations around the 
active site (N136D and L167P; Table 2 and Fig. 1e). While 
Δ1-48 alone did not significantly (one-way ANOVA, P =  
0.79) improve biofilm formation relative to wtKPC-2, 
N136D and L167P increased biofilm formation by 33% 
(one-way ANOVA, P = 0.0003) and 67% (one-way 

Table 1 
Biofilm inhibitory effect of β-lactamases from all Ambler classes

Strain no. β-Lactamases Ambler class Biomass at OD595
a P valuesb Nc Relative fitnessd Ampicillin MICs (mg/L)

30-73 wtVCe — 0.800 ± 0.021 <0.0001 10 1.48 ± 0.01 4
30-71 Controlf — 0.483 ± 0.019 — 77 1 4
30-70 KPC-2 A 0.191 ± 0.011 <0.0001 56 1.34 ± 0.01 >256
32-56 TEM-1 A 0.238 ± 0.028 0.0002 12 0.80 ± 0.01 24
32-57 CTX-M-15 A 0.220 ± 0.034 0.0036 8 1.22 ± 0.01 >256
32-58 NDM-1 B 0.399 ± 0.012 0.1397 4 1.07 ± 0.1 >256
32-59 VIM-2 B 0.189 ± 0.008 <0.0001 8 1.26 ± 0.01 >256
32-53 CMY-2 C 0.211 ± 0.008 <0.0001 8 0.94 ± 0.03 32
32-54 OXA-48 D 0.225 ± 0.016 <0.0001 16 1.32 ± 0.01 >256
32-55 OXA-163 D 0.259 ± 0.030 0.0008 12 0.97 ± 0.03 >256

Errors are reported as the standard error of the mean. 
MIC, minimal inhibitory concentration; OD, opitcal density. 
aOD measurements were performed in a 96-well plate. 
bBrown–Forsythe one-way ANOVA to test for differences in biomass formation compared to the vector control (α = 0.05) and followed by Dunnett test to correct for 

multiple testing; F (DFn, DFd) = 48.50 (8, 77); overall P < 0.0001. 
cSample size (biological replicates) tested to determine the biomass at OD595. 
dDetermined as area under the growth curve compared to control (see supplementary fig. S1, Supplementary Material online for bacterial growth curves and 

supplementary table S1, Supplementary Material online for areas under curve). 
eWild-type V. cholerae C6706. Parental strain for all downstream strain constructs. 
fV. cholerae harboring the pA15 vector without β-lactamase gene.
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ANOVA, P < 0.0001), respectively (Table 2 and Fig. 1e). 
Translocation of β-lactamases into the periplasmic space de
pends on the presence of a signal peptide, and the loss of a 
signal peptide (e.g. Δ1-48/N136D/M152I/L167P) prevents 
this. Thus, KPC-2 variants without this signal peptide are 
likely retained in the cytoplasm. Our data demonstrate 
that these mutants still exert a detrimental effect on biofilm 
formation. In addition, β-lactamases bearing a signal pep
tide (e.g. N136D/K and L167P) can be enzymatically active 
within the cytosol before the translocation (Paunola et al. 
1998). This observation suggests that the mechanistic inter
action by which they interfere with biofilm formation likely 
occurs in the cytoplasm. Taken together, our result shows 
that a biofilm lifestyle can select for mutations in 
β-lactamases that reverse their initial antagonistic pleiotrop
ic effect on biofilm formation. Thus, evolution in biofilms 
shapes the evolution of antimicrobial resistance enzymes.

Functional Mutations in KPC-2 Reverse Biofilm Inhibition

Next, we investigated the functional and structural role of 
mutations acquired during evolution. To study the func
tionality of selected and constructed mutants, we investi
gated their ability to confer ampicillin resistance (Table 2). 
As expected, all mutants lacking the signal peptide exhib
ited ampicillin susceptibility similar to the vector control 
(Table 2). Other mutations, such as N136D/K and L167P, 
clustered around the active site of KPC-2 (Fig. 1f) main
tained ampicillin MICs 6- to >64-fold higher than the con
trol strain. Generally, increased biofilm formation coincided 
with lower ampicillin resistance (Pearson correlation, R² =  
0.63, P = 0.059). However, our L167P mutant maintained 
ampicillin susceptibility similar to KPC-2 while compensat
ing for biofilm formation. L167P exemplifies that biofilm 

compensation can occur without compromising the en
zyme’s ability to confer ampicillin resistance (Fig. 1g). 
Furthermore, the fitness effect of these mutants did not sig
nificantly correlate with biofilm formation (Pearson correl
ation, R2 = 0.004 and P = 0.89, supplementary fig. S3, 
Supplementary Material online). Altogether, our combined 
findings on bacterial growth and biofilm formation indicate 
that the reversal of biofilm inhibition was not related to 
changes in bacterial fitness.

Our mutant analysis (Fig. 1e) suggests that the compen
satory effects of the evolved mutants may be linked to cyto
solic processes, where they could be either permanently 
active due to loss of the signal peptide (Δ1-48/N136D/ 
M152I/L167P) or temporarily (N136D/K and L167P) 
prior to translocation (Paunola et al. 1998). To investigate 
whether the enzymatic activity of wtKPC-2 and evolved var
iants was linked to biofilm formation, we constructed 
serine-to-alanine mutants at position 70 which are unable 
to covalently bind and efficiently hydrolyze β-lactam sub
strates (Table 2 and Fig. 1e) (Stojanoski et al. 2016). As ex
pected, introducing S70A in the wtKPC-2, N136K, and 
Δ1-48/N136D/M152I/L167P backgrounds resulted in 
MICs similar to the vector control (Table 2). Introducing 
S70A in wtKPC-2 led to a 45% reduction in biofilm forma
tion compared to the wtKPC-2. Similarly, the introduction 
of S70A in the evolved Δ1-48/N136D/M152I/L167P variant 
caused a 73% decrease in biofilm formation compared to 
the evolved variant, resulting in biofilm levels similar to 
KPC-2:S70A (Fig. 1e). On the contrary, S70A/N136K dis
played only a 21% reduction in biofilm formation com
pared to the evolved N136K variant and maintained a 
strong biofilm phenotype relative to the other 
serine-to-alanine mutants. Our findings stand in contrast 
to a previous study where the removal of the active site 

Table 2 
KPC-2 variants resulting in improved biofilm development

Strain no. Inserts Biomass at OD595
a P valuesb Nc Relative fitnessd Ampicillin MICs (mg/L)

30-70 wtKPC-2 0.417 ± 0.020 — 81 1 >256
30-71 Controle 0.889 ± 0.032 <0.0001 61 0.75 ± 0.01 4
30-65 S70A 0.229 ± 0.014 <0.0001 27 ND 4
30-77 Δ1-48/N136D/M152I/L167Pe 0.862 ± 0.063 <0.0001 15 0.78 ± 0.04 2
30-67 Δ1-/S70A/N136D/M152I/L167Pe 0.235 ± 0.021 0.0008 11 ND 4
32-13 Δ1-48 0.341 ± 0.019 0.7914 24 0.79 ± 0.03 2
32-07 N136D 0.553 ± 0.037 0.0003 16 0.97 ± 0.02 32
30-75 N136K 0.698 ± 0.028 <0.0001 24 1.00 ± 0.01 24
30-69 S70A/N136K 0.547 ± 0.019 <0.0001 39 ND 2
32-06 L167P 0.696 ± 0.061 <0.0001 16 0.99 ± 0.01 >256

MIC, minimal inhibitory concentration; ND, not determined; OD, opitcal density. 
aOD measurement was performed in 24-well plates. 
bBrown–Forsythe one-way ANOVA to test for differences in biomass formation compared to wtKPC-2 (α = 0.05) and followed by Dunnett test to correct for multiple 

testing; F (DFn, DFd) = 62 (15, 293); overall P value < 0.0001. 
cSample size (biological replicates) tested to determine the biomass at OD595. 
dDetermined as area under the growth curve compared to wtKPC-2 (see supplementary fig. S3, Supplementary Material online for bacterial growth curves and 

supplementary table S1, Supplementary Material online for area under curves). 
eV. cholerae harboring the pA15 vector without β-lactamase gene. 
Errors are reported as the standard error of the mean.
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serine either rescued (TEM-1) or had no effect (OXA-3) on 
biofilm formation (Gallant et al. 2005). Therefore, how en
zyme functionality affects biofilm inhibition seems to vary 
greatly between different β-lactamases. While the exact 
molecular mechanisms of biofilm antagonization and com
pensation remain elusive, informed by our data, we hy
pothesize that the evolved variants compensate for 
biofilm inhibition either independently of enzymatic activity 
(N136K) or by employing its enzymatic activity (Δ1-48/ 
N136D/M152I/L167P). For Δ1-48/N136D/M152I/L167P, 
the reversal of biofilm inhibition seemingly relies on the in
dispensable active site serine (S70), since introducing S70A 
into Δ1-48/N136D/M152I/L167P nullifies the reversal. This 
indicates that Δ1-48/N136D/M152I/L167P relies on the en
zymatic activity of KPC-2 (Fig. 1e) to increase biofilm forma
tion. Alternatively, observed differences in biofilm 
formation between mutants may be related to differences 
in structural integrity and/or stability of the evolved var
iants. However, this seems unlikely since S70A usually 
does not compromise the stability of β-lactamases (Brown 
et al. 2009).

Taken together, our findings demonstrate that a broad 
range of highly diverse β-lactamases inhibits biofilm forma
tion in V. cholerae, and that selection for a biofilm lifestyle 
significantly affects the evolution of these enzymes. Such 
pleiotropy, where genes can affect a multitude of bacterial 
phenotypes, has been observed in multiple model systems 
(Andersson and Hughes 2010; Noda-García et al. 2019; 
Burmeister et al. 2020). We argue that the selection pres
sure generated through pleiotropic effects represents a 
substantial selective force, which influences the genetic 
adaption and evolution of antimicrobial resistance 
enzymes.

Methods and Material

Growth Media and Chemicals

All strains and primers used and constructed within this 
study are shown in supplementary tables S2 and S3, 
Supplementary Material online. Strains were grown in 
Lysogeny-Broth (LB) media supplemented with chloram
phenicol (5 or 25 mg/L for V. cholerae and E. coli strains, re
spectively). LB media and chloramphenicol were purchased 
from Sigma-Aldrich (USA). Restriction enzymes and T4 lig
ase were supplied by ThermoFisher (USA).

Strain Construction

The gene sequences of blaTEM-1, blaCMY-2, blaCTX-M-15, and 
blaNDM-1 were previously synthesized by Genewiz 
(Germany) and subcloned in a medium copy number vector 
(p15A origin) according to the gene sequences 
NG_050145.1, NG_048935.1, NG_048814.1, and 
NG_049326.1, respectively (Fröhlich et al. 2022). In 

addition, blaVIM-2 (NG_050347.1), blaOXA-48 (CP033880), 
and blaKPC-2 (KU665642) were subcloned from E. coli 
50579417 and Klebsiella pneumoniae K47-25, respectively, 
into the same vector backbone (Samuelsen et al. 2013; Di 
Luca et al. 2017; Taiaroa et al. 2018; Fröhlich et al. 2022). 
All β-lactamases carried an additional glycine after their start 
codon, allowing us to use a XhoI restriction site at the 
N-terminus. Amplification was performed with Phusion 
polymerase (NEB). PCR products were digested using 
DpnI, XhoI, and NcoI and ligated with the backbone using 
T4 ligase. Ligated vectors were transformed into the E. coli 
E. cloni (MP21-5) and then subsequently transformed into 
V. cholerae C6706.

OXA-163 was constructed by site-directed mutagenesis 
and whole vector amplification using Phusion polymerase 
(NEB, USA), primers P54F/R, and blaOXA-48 (CP033880) as 
a template (Fröhlich et al. 2019). The PCR product was di
gested for 1 h at 37 °C using DpnI and LguI. The digested 
product was ligated for 1 h at room temperature using T4 
ligase and transformed into E. coli E. cloni (MP21-5). Cells 
were selected on chloramphenicol 25 mg/L, and mutations 
were confirmed with Sanger sequencing.

To subclone mutant blaKPC-2 alleles, the target genes and 
vector backbone were amplified using primers P7/P8 and 
P3/P4, respectively (supplementary table S3, Supplementary 
Material online), and Phusion polymerase (NEB). PCR pro
ducts were digested using DpnI, XhoI, and NcoI and ligated 
with the backbone using T4 ligase. Ligated vectors were 
transformed into the MP21-5 and then subsequently trans
formed into V. cholerae C6706.

Active site serine of KPC-2 was mutated to alanine (S70A) 
using whole vector site-directed mutagenesis with primers 
P108/P115 containing LguI cutting sites. The blaKPC-2 genes 
were amplified using primers P108/P115 and Phusion poly
merase (NEB). The PCR products were digested with LguI 
and DpnI for 1 h at 37 °C following self-ligation using T4 lig
ase. Ligated vectors were transformed into MP21-5 and 
then subsequently transformed into V. cholerae C6706.

Bacterial Fitness Measurements

Single colonies were grown overnight at 37 °C with shak
ing at 700 rpm and subsequently diluted 1:100 into LB me
dium supplemented with 5 µg/L chloramphenicol to a final 
volume of 300 μL. Growth curve experiments were con
ducted in 100-well honeycomb plates in a Bioscreen C in
strument (Oy Growth Curves Ab Ltd, Finland). Briefly, 
growth curves were recorded by measuring optical density 
at 600 nm (OD600) in 4 min intervals for 18 h at 37 °C with 
continuous shaking. The relative bacterial fitness was calcu
lated as the area under the curve of the individual growth 
curves using the flux package in R (Jurasinski et al. 2014) 
and normalized to either V. cholerae harboring an empty 
control vector (Table 1) or wtKPC-2 (Table 2). Fitness was 
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calculated based on a minimum of 3 biological replicates 
each based on 3 technical replicates per biological replicate.

Biomass Determining Using Crystal Violet

Overnight cultures were grown in 2 mL LB medium supple
mented with 5 µg/L chloramphenicol and incubated over
night at 37 °C with shaking (700 rpm). The following day, 
the cultures were diluted 1:100 in 2 mL LB medium in a 
24-well plate (Corning, USA) and incubated statically at 
37 °C for 24 h. Pellicle formation was imaged with a 
NexiusZoom stereo microscope (Euromex, Netherlands) at 
6.7× magnification. Next, the bacterial cultures were re
moved from the 24-well plate, and the plate was gently 
washed in distilled water to remove non-adherent bacterial 
cells. Biofilms were fixed by incubation for 1 h at 55 °C. To 
quantify the attached biomass, cells were stained with 2 mL 
of 0.1% crystal violet (Sigma-Aldrich) for 10 min. The crys
tal violet solution was then removed, and the plates were 
washed in filtered water and dried at room temperature. 
Crystal violet-stained biofilms were dissolved in 2.25 mL 
70% ethanol (Sigma-Aldrich). Afterwards, biofilm forma
tion was quantified by directly measuring optical density 
at 595 nm (OD595) in a Spark multimode plate reader 
(Tecan, Switzerland) in the 24-well plates or by transferring 
200 µL of the dissolved crystal violet into a 96-well plate 
and then measure OD595 in an Epoch 2 plate reader 
(Biotek). Datasets were tested for normality using a 
Shapiro–Wilk test (α = 0.05). The log transformed datasets 
were analyzed using a Brown–Forsythe one-way analysis of 
variance (ANOVA, α = 0.05) followed by a Dunnett test to 
correct for multiple comparisons tests. All statistical ana
lyses were performed using Prism v. 9 (GraphPad, USA).

MIC Determination

To assess the functionality of the constructed β-lactamases 
in V. cholerae (Tables 1 and 2), antimicrobial susceptibility 
against ampicillin was determined using MIC Test Strips 
(Liofilchem, Italy). Briefly, a bacterial suspension with an op
tical density of 0.5 McFarland (1.5 × 108 CFU/mL) units was 
prepared in 0.9% saline (Sigma-Aldrich). This suspension 
was then plated on LB agar supplemented with 5 mg/L 
chloramphenicol before the ampicillin MIC test strip was 
added. The ampicillin MIC was visually determined after in
cubation for 20 h at 37 °C.

Mutagenesis of KPC-2

The KPC-2 mutant library used in this study was con
structed using error-prone PCR to introduce mutations in 
the blaKPC-2 gene as previously described (Fröhlich et al. 
2022). Briefly, the mutational library was constructed by 
error-prone PCR using 10 ng vector DNA, GoTag DNA poly
merase (Promega, USA), 25 mM MgCl2 (Promega), 10 μM 
of primers P7/P8, and either 50 μM oxo-dGTP or 1 μM 

dPTP. PCR products were DpnI digested for 1 h at 37 °C. 
Five nanograms of each product was used for a second 
PCR, which was performed as described above, but without 
mutagenic nucleotides. The PCR product from the 2nd PCR 
was digested using NcoI and XhoI and ligated into the di
gested and purified vector backbone. The resulting ligation 
reaction was transformed into MP21-5 (E. coli E. cloni). To 
ensure that the entire sequence space was sampled, 
>5,000 mutants were harvested. The mutational library 
was isolated from E. coli E. cloni and transformed into V. 
cholerae C6706 (resulting in MP30-72), and selected on 
LB plates containing 5 mg/L chloramphenicol. Once again, 
>5,000 colonies were harvested to ensure that the entire 
sequence space of KPC-2 was sampled.

Biofilm Selection and Isolation of Novel KPC-2 Variants

Overnight cultures of MP30-72 were prepared in 3 mL LB me
dium (n = 2) supplemented with 5 mg/L chloramphenicol and 
incubated overnight at 37 °C with shaking (700 rpm). 
Cultures were diluted 1:100 in 2 mL LB supplemented with 
5 mg/L chloramphenicol in a 24-well plate and incubated stat
ically at 37 °C for 48 h. After 48 h, biofilm pellicles were har
vested and transferred into 1 mL phosphate saline buffer 
(Fisher Bioreagents, USA, 0.137 M NaCl, 0.0027 M KCl, and 
0.01 M phosphate, pH 7.4) using a sterile inoculation loop. 
Afterwards, the suspension was vortexed for 120 s to disinte
grate the biofilm and dislodge biofilm-embedded bacterial 
cells. To isolate single biofilm-evolved clones, 1 μL of the bac
terial suspension was spread onto LB agar supplemented with 
5 mg/L chloramphenicol and incubated overnight at 37 °C. 
Single clones were randomly harvested and subsequently 
Sanger sequenced (Genewiz) to identify genetic changes in 
KPC-2. Finally, isolated mutants harboring mutations in 
KPC-2 were subcloned into the original isogenic 
backgrounds.
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